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Cellulose is only one of the components of biomass, although being the most abundant. 
To make useful chemicals or materials from cellulose requires as the first step the 
separation of cellulose from biomass. Various issues of cellulose extraction and its 
conversion are discussed in the chapters of this book on cellulose, the third and 
last one of a series of books on cellulose. This conversion of cellulose is an integral 
part of the biorefinery concept, an effort to derive optimum value from all biomass 
components, and as such compulsory reading for students and researchers in this area.
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1. Introduction 
Many efforts have been made to convert various cellulosic materials into glucose for bio-
ethanol production via enzymatic and acid hydrolysis [1-4]. Compared to common 
polysaccharides such as starch [5-7], guar gum [8], and pectin [9], cellulose is difficult to 
depolymerize because of the presence of inter- and intra-molecular hydrogen bonding. This 
bonding results in relatively longer reaction times for enzymatic hydrolysis, and lower 
yields of glucose from acid hydrolysis due to further decomposition of the products. In 
addition to these conventional methods, Adschiri et al. [10] and coworkers [11] employed 
supercritical water without any additives to hydrolyze cellulose in extremely short contact 
times. In this process, use of fine particles of the cellulosic material may be beneficial 
because accurate regulation of the contact times is needed. Unfortunately, because 
lignocelluloses include fibers, textiles, wood, and grass plants, which have widely varying 
compositions and structures, pulverizing and crushing are neither easy nor economical. 
From a practical point of view, with such cellulosic materials, relatively longer contact times, 
(i.e., on the order of several minutes) and mild temperatures (e.g., hydrothermal conditions) 
are attractive so that the conversion can be carried out in conventional reactors. Cellulose is 
in fact slowly degraded in water alone under hydrothermal conditions. Furthermore, the 
reaction temperature can be decreased to suppress decomposition of the desired products, 
and acid can be added to accelerate the reaction. 
Many kinds of biomass, including wood, corn stover, and cotton fiber, have been pre-treated 
in dilute or concentrated acid solutions to moderately accelerate the hydrolysis of the 
samples [1-4, 12-26]. The most commonly used acid is sulfuric acid [12-22]. Organic acids 
such as formic acid and acetic acid are produced during the thermal treatment of 
© 2013 Funazukuri, licensee InTech. This is a p per distributed under the erms of the C eative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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lignocellulosic samples, making these potential pre-treatment candidates as well. However, 
hydrolysis of lignocellulosic samples in an organic acid solution has been limited [23-26].  
In this chapter, the effectiveness of dilute acid solution is demonstrated in hydrothermal 
saccharification of cellulose based on the experimental results described in our previous 
study [27], and the formation step of each product was studied by examining the 
relationship between product yields. 
2. Experimental 
A schematic diagram of the semi-batch reactor set-up used in this study is shown in Figure 
1. The set-up is similar to that employed for the hydrolysis of starch or poly(galacturonic 
acid) under hydrothermal conditions [6, 7, 9]. The reactor, which was made of stainless-steel 
tubing 6.7 mm I.D., 8 cm long), was connected to a preheating column (1/8-inch stainless-
steel tubing of 2.17 mm I.D., 2 m long). Stainless-steel tubings of 0.5 mm I.D. served as the 
reactor outlet (11 cm long) and cold water supply for quenching the eluted product solution. 
These tubes were joined with a T-union, and then the line was further connected to tubing 
(0.5 mm I.D., 44 cm long) equipped with a cooling jacket to quench the solution, followed by 
a back pressure regulator (Model 880-81, JASCO, Tokyo, Japan) capable of adjusting 
pressure fluctuations within ±0.1 MPa using an electromagnetic high-frequency open-shut 
valve. The preheating column and the reactor were immersed in a molten salt bath whose 
temperature was maintained within ± 2 K. The cellulosic samples tested were cotton 
cellulose (dewaxed, standard sanitary cotton, Pharmacopoeia of Japan, Tokyo), filter paper 
(ashless, No. 7, Advantec, Tokyo, Japan) and microcrystalline cellulose powder (Avicel, 
Merck Japan). 
 
Figure 1. Experimental set-up. 
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A 0.5 g room-temperature cellulose sample wrapped softly with quartz wool (0.05 g) was 
placed in the reactor. A frit disk (2-µm pore size) was placed at the exit of the reactor to fix 
the quartz wool and cellulose sample, and the reactor and all of the lines were filled with 
ultrapure, degassed water supplied mainly at a constant flow velocity of 15 ml/min by two 
HPLC pumps. The reactor was then immersed in a molten salt bath maintained at a 
prescribed temperature. Reaction time was determined from the moment the reactor was 
immersed in the molten salt bath. It was found by measuring the inside reactor temperature 
with a thermocouple that the reactor temperature reached the prescribed value within two 
minutes. Room temperature ultrapure water provided at a flow rate of 5 ml/min and a 
pressure of 10 MPa by an HPLC pump at a constant flow mode was used to quench the 
eluted reaction solution. The product solution eluted from the back pressure regulator was 
collected at intervals from 1 to 10 min. The residence time of the fluid between the reactor 
inlet and the exit of the back pressure regulator was about 15 seconds [9]. Monogalacturonic 
acid as a tracer was pulse-injected by an HPLC injector (Rehodyne 7520, U.S.A.) with a 5 µL 
sample loop, installed in the line upstream the preheating column only when the residence 
time measurements were carried out, to determine the residence time of fluid in the reactor.  
Glucose monomer, fructose, oligomers with degree of polymerization (DP) up to 9, and 1,6-
anhydroglucose (levoglucosan) were quantitatively measured using high-performance 
anion-exchange chromatography (HPAEC, LC30, Dionex, Tokyo, Japan) with an 
electrochemical detector using a CarboPac PA column (Dionex Tokyo, Tokyo Japan). 
Oligomer yields (DP <6) were calibrated using the ratio of glucose to cellopentaose (Sigma, 
Tokyo, Japan) as a standard, and the yields of oligomers with DPs higher than 6 with 
cellobiose (Sigma, Tokyo, Japan) and cellotriose (Sigma, Tokyo, Japan). Secondary 
decomposition products were also measured by HPLC. The recovered solution was 
analyzed for total organic carbon (TOC) content using a total carbon analyzer (Model 5000A, 
Shimadzu, Kyoto, Japan). Oligomers having various DP values were identified using a 
MALDI-TOF mass spectrometer (AXIMA-CFR, Shimadzu, Kyoto, Japan).  
Product yield and the amount of TOC in the solutions were defined as: 
     
Carbon of product component g
Product yield % 100
Carbon of initial cellulose sample g
    (1) 
     
Carbon of soluble component g
TOC % 100
Carbon of initial cellulose sample g
   (2) 
    
Yield % of glucose or total sugar
Conversion
100
x          (3) 
Total sugar yield (%) was defined as the sum of yields of glucose, fructose, and 
cellooligosaccharides with DP = 2 to 9. Note that cellulose samples, cotton cellulose, filter 
paper, and microcrystalline cellulose powder, were assumed to be pure cellulose. 
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3. Results and discussion 
3.1. Comparison of cellulose types with pure water 
Figure 2 compares yields of TOC and total sugar, which includes glucose, oligomers with 
DPs up to 9, and fructose, for cotton cellulose (CC), filter paper (FP) and cellulose powder 
(CP) at 543 K and 10 MPa in pure water. The formation rates in TOC and total sugar 
yields increase in order for CC to FP to CP. The three celluloses were almost completely 
solubilized and the total sugar yields reached about 60 % for CP and FP, and 48 % for CC. 
Note that almost no residual solids were left for all celluloses in the reactor after reaction 
completion. Although the TOC yields over time for FP and CC were not very different, 
the increase rates of total sugar yields for FP were much faster than those for CC. The 
difference between TOC and total sugar yields could be ascribed to be oligomers with DPs 
higher than 10. After 24 h, white fine particles precipitated were observed in the product 
solution although the solution was transparent and no precipitation when it was 
recovered soon after reaction completion.  
Figure 3 shows yields of glucose and oligomers with DPs = 2 to 9 for three celulloses in pure 
water at pressure of 10 MPa, and 543 K for 30 min and 523 K for 60 min. The yields of 
glucose and oligomers substantially decreased with increasing DP for three celluloses, but 
the yields depended on the cellulose types. Except for glucose the yields from CP were the 
highest, and those from CC were the lowest. Each glucose yield from filter paper at 523 K 
and 543 K was the highest among the three types of cellulose, as compared with yields of 
oligomers having DP higher than 2. The reason is not known, and further studies are 
required. 
 
Figure 2. Comparison of cellulose types for TOC and total sugar yield at 543 K in water. 
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Figure 3. Comparison of cellulose types: cotton cellulose (CC), filter paper (FP), and cellulose powder 
(CP) for yields of monomer and oligomers with DP=2 to 9 at 543 K for 30 min and at 523 K for 60 min in 
water. 
 
Table 1. Product yields from cotton cellulose with aqueous formic acid and acetic acid solutions, 
together with water alone at 523 K and 60 min [27]. 
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filter paper
DP DP
 543 K for 30 min
 523 K for 60 min
0 2 4 6 8 10
cellulose powder
DP
 543 K for 30 min
 523 K for 60 min
Acid    Formic Acetic None 
Conc (wt%)   0.10 0.13 - 
Temperature (K)   523 523 523 
Time (min)   60  60  60 
Yield (100×gC/gC of initial sample)     
    Glucose  36.62 18.98 6.65 
    DP = 2  16.07 10.96 5.24 
              3  14.26 10.95 4.22 
              4  8.26  5.94 2.13  
              5   4.21  3.57 1.32 
              6   2.34  1.99 0.90 
              7   1.40  1.49 0.55 
              8   0.48  0.61 0.38 
              9   0.17  0.33 0.22 
Fructose  0.21 0.21 0.36 
Total sugar 84.0 55.0 22.0 
         1,6-Anhydroglucose 2.79 1.45 0.24 
          5-HMF  1.31 1.56 0.07 
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Fructose  0.21 0.21 0.36 
Total sugar 84.0 55.0 22.0 
         1,6-Anhydroglucose 2.79 1.45 0.24 
          5-HMF  1.31 1.56 0.07 
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3.2. The presence of formic acid 
Product yields for the hydrolysis of cotton cellulose at 523 K for 60 min in 0.1 wt% aqueous 
formic acid, 0.13 wt% acetic acid solution, and water alone are listed in Table 1. The addition 
of the acids was effective for significantly increasing the yields of glucose and oligomers 
with lower degrees of polymerization. The yield of total sugar, defined as glucose, fructose 
and oligomers with a DP up to 9, reached 84.0 % with formic acid and 55.0 % with acetic 
acid, and significantly improved compared to the 22.0 % obtained in the absence of acid. 
Yields of fructose, which is believed to be generated via isomerization of glucose under 
hydrothermal conditions [28], are low. Yields of 1,6-anhydroglucose (levoglucosan), 
obtained from the dehydroration of glucose, were slightly higher with formic acid than with 
acetic acid and water. 5-Hydroxymethylfurfural (5-HMF), a further undesirable 
decomposition product of glucose produced via dehydration [29] that acts as an inhibitor of 
the subsequent fermentation process [30,31], was found in 1 to 2 % yield with added acid, 
but only in a trace amount with water due to the lower conversion level. The results indicate 
that addition of formic acid is preferable to acetic acid because it provides higher yields of 
sugars and lower yields of decomposition products. 
Figures 4 to 6 show yields of total sugar, glucose and cellobiose, respectively, over reaction 
time for CC in 0.1 wt% aqueous formic acid solution at 503 to 543 K and 10 MPa. The yields 
of the three components increased with increasing time and temperature. The maximum 
yield of 88 % for total sugar was attained after 20 min at the highest temperature (543 K). 
Above 523 K the total sugar yields seemed to reach almost 90 %, glucose and cellobiose 
yields did 40 % and 15 %, respectively, and both yields showed higher rates at higher 
reaction temperatures. 
 
Figure 4.  Total sugar yield over reaction time at temperatures from 503 to 543 K for cotton cellulose in 
0.1 wt% aqueous formic acid solution [27]. 
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Figure 5. Glucose yield over reaction time at temperatures from 503 to 543 K for cotton cellulose in 0.1 
wt% aqueous formic acid solution [27]. 
 
Figure 6.  Cellobiose yield over reaction time at temperatures from 503 to 543 K for cotton cellulose in 
0.1 wt% aqueous formic acid solution. 
Figure 7 shows (1-x) over reaction time in the semi-logarithmic plot, where x is the 
conversion based on total sugar yield or glucose yield, and the data are the same as in Figs 4 
and 5. As depicted, over the main conversion, (1-x) ranges higher than 0.2, the data based on 
total sugar yield and glucose (not shown in figure) were well represented by each straight 
line at each temperature, and those can be expressed by the first order reaction kinetics in 
eq(4). 
   1dx k xdt     (4) 
where x is the overall first order reaction rate constant. 
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Figure 5. Glucose yield over reaction time at temperatures from 503 to 543 K for cotton cellulose in 0.1 
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Figure 7. (1-x) over reaction time for data shown in Figure 4. x is conversion based on total sugar yield 
[27]. 
Figure 8 shows Arrhenius plots for first order rate constants for conversions based on yields 
of total sugar and glucose. The pre-exponential factor and the activation energy are 4.157 × 
1014 1/min and 161.6 kJ/mol for total sugar, and 9.656 × 1013 1/min and 159.6 kJ/mol for 
glucose, respectively. The activation energies are almost the same, and the pre-exponential 
factors for total sugar were about three times higher than those for glucose.  
 
Figure 8. Arrhenius plots of rate constants k for conversions based on total sugar yield and glucose, 
respectively, in 0.1 wt% aqueous formic acid solution [27]. 
Figure 9 shows the differences in (k - kwater) vs square root of formic acid concentration for 
total sugar and glucose. Since cellulose was hydrolytically decomposed under hydrothermal 
conditions without any additives, the contribution of formic acid on the rate may be 
expressed by the difference. Cellulose degradation reaction can be considered to be two 
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parallel reaction pathways: degradation in pure water with rate constant kwater and 
hydrolysis in an aqueous dilute acid solution with k. Up to formic acid concentration of 1 
wt%, the maximum concentration studied, the difference rates (k - kwater) for conversions 
based on both total sugar and glucose yields were proportional to the square root of the 
concentration. This relationship may result from the fact that the concentration of [H+] is 
proportional to the square root of the acid concentration in a dilute solution. 
 
Figure 9. Rate constant difference (k – kwater) vs. square root of formic acid concentration at 523 K for 
conversions based on glucose and total sugar, respectively [27]. 
 
Figure 10. Ratio of yield to total sugar yield over degree of polymerization of cellooligosaccharides at 
various temperatures from 503 to 543 K for cotton cellulose in 0.1 wt% aqueous formic acid solution [27]. 
The yield ratio of product component to total sugar vs. degree of polymerization of 
cellooligosaccharide at temperatures from 503 to 543 K for various reaction times in a 0.1 
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wt% aqueous formic acid solution can be seen in Figure 10. Yield ratios as a function of 
formic acid concentration (0 to 1 wt%) for reactions run at 523 K are also shown in Figure 11. 
It is interesting that in a semi-logarithmic plot, most of the data points at various reaction 
times are almost overlapped at each temperature and formic acid concentration, and those 
are represented by straight lines with a slope of – 0.57. Only the ratios for oligomers with DP 
>7 at the lowest temperature of 503 K and at the highest acid concentration of 1 wt% at 523 K 
deviate from the line. The former could be due to lower conversion, whereas the latter may 
result from higher reaction rate at higher acid concentration. The fact that the ratios are 
expressed by a single straight line at various temperatures and concentrations, except under 
these two conditions, indicates that the hydrolytic depolymerization reaction could be 
controlled by the same reaction path or the same reaction stage in each case. 
 
Figure 11. Ratio of yield to total sugar yield over degree of polymerization of monomer and oligomers 
at various acid concentrations at 523 K for cotton cellulose in aqueous formic acid solution [27]. 
The time change of the yield ratio of product components with a DP = 1 to 9 is plotted in 
Figure 12. After the first 10 min, the yield ratios for components with different DPs are 
nearly independent of reaction time, indicating that the formation rate of each component is 
constant. Furthermore, the values decrease with DP, presumably because of the differing 
solubilities of the components. 
In Figures 13 and 14 the time changes of 5-hydroxymethylfurfural (5-HMF) yields are 
shown at temperatures from 503 to 543 K and formic acid concentrations from 0 to 1 wt%, 
respectively. Because 5-HMF can be produced from dehydration of the monosaccharide, it 
acts as an indicator of the further decomposition of the glucose produced in the reaction 
[6,7]. It is also undesirable because of its inhibitor effects on the proceeding fermentation 
process [30,31]. The yield of 5-HMF increased with increasing reaction time at most 
temperatures, but plateaued at 1 %, probably because of its further decomposition at the 
highest temperature. Acid concentration was also observed to have an effect on 5-HMF 
yield, which appeared to level off at 1.5 % at the highest acid concentration of 1 wt%. 
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Figure 12. Ratio of each product yield to total sugar yield over reaction time for DP = 1 to 9 at 523 K in 
0.1 wt% aqueous formic acid solution for cotton cellulose [27]. 
 
Figure 13. 5-HMF yield over reaction time at temperatures from 503 to 543 K in 0.1 wt% aqueous 
formic acid solution for cotton cellulose [27]. 
 
Figure 14. 5-Hydroxymethylfurfural yield over reaction time at 523 K and various formic acid 
concentrations up to 1 wt% for cotton cellulose [27]. 
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Figure 12. Ratio of each product yield to total sugar yield over reaction time for DP = 1 to 9 at 523 K in 
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Figure 13. 5-HMF yield over reaction time at temperatures from 503 to 543 K in 0.1 wt% aqueous 
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Figure 14. 5-Hydroxymethylfurfural yield over reaction time at 523 K and various formic acid 
concentrations up to 1 wt% for cotton cellulose [27]. 
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Figure 15. Fructose yield over reaction time at temperatures from 503 to 543 K in 0.1 wt% aqueous 
formic acid solution for cotton cellulose. 
 
Figure 16. Fructose yield over reaction time at 523 K and various formic acid concentrations up to 1 
wt% for cotton cellulose. 
 
Figure 17. 1,6-Anhydroglucose yield over reaction time at temperatures from 503 to 543 K in 0.1 wt% 
aqueous formic acid solution for cotton cellulose. 
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Figure 18. 1,6-Anhydroglucose yield over reaction time at 523 K and various formic acid concentrations 
up to 1 wt% for cotton cellulose. 
Figures 15 and 16 show the effect of temperature at 0.1 wt% formic acid concentration and 
that of formic acid concentration at 523 K, respectively, on fructose yields over reaction time. 
Fructose yields were lower than 1 % at all conditions, and the yields did not increase with 
temperature and formic acid concentration. This may result from the formation via 
isomerisation, not direct hydrolysis of cellulose and/or its oligomers.  
Figures 17 and 18 show the effects of temperature and formic acid concentration, 
respectively, on yield of 1,6-anhydroglucose, which is formed from dehydration of glucose. 
Differently from the time change in fructose yields, the yields at the highest temperature of 
543 K and the highest formic acid concentration of 1 wt% simply increased with time, and 
then levelled off at each reaction condition. The yields also increased with temperature and 
formic acid concentration, as has been seen for glucose.  
Figure 19 shows product yield vs. glucose yield at 503 to 543 K for various reaction times 
and 0.1 wt% formic acid concentration for oligomers with DP = 2 to 9. Although the yields of 
oligomers having different DPs were different, the yields were increasingly proportional to 
glucose yields, apparently, irrespective of reaction temperature and time. This may imply 
that the formation of each oligomer could be controlled by the same reaction step, not 
independently.  
Figure 20 also shows cross yield plots of 5-hydroxymethylfurfural and 1,6-anhydroglucose. 
The yield of 5-HMF almost linearly increased with increasing 1,6-anhydroglucose yield 
except at higher yields of 1,6-anhydroglucose, and the slope was affected inversely by 
temperature. Both compounds were considered to be produced via dehydration reaction of 
glucose, and the yields of both compounds were dependent. 
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Figure 19. Oligomer yield vs. glucose yield at temperatures from 503 to 534 K for various reaction times 
at 0.1 wt% aqueous formic acid solution for cotton cellulose. 
 
Figure 20. 5-HMF yield vs. 1,6-anhydroglucose yield at temperatures from 503 to 534 K for various 
reaction times at 0.1 wt% aqueous formic acid solution for cotton cellulose. 
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4. Conclusions 
In a semi-batch reactor depolymerization of the three types of cellulosic samples was 
hydrothermally carried out at temperatures of 523 and 543 K and 10 MPa in pure water, and 
that of cotton cellulose at temperatures from 503 to 543 K and 10 MPa in a dilute aqueous 
formic acid solution at concentrations up to 1 wt%. The product yields and the rates were 
influenced by the cellulose types. The yields of major products such as glucose, fructose and 
oligomers having DPs up to 9, 5-HMF and 1,6-anhydroglucose were measured. The 
presence of a small amount of formic acid was significantly effective for increasing the 
yields and the reaction rates. The amount of unconverted material based on yields of 
glucose or total sugar (glucose, fructose and oligomers having DP up to 9) was represented 
by first-order reaction kinetics with nearly the same activation energies. 
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Figure 19. Oligomer yield vs. glucose yield at temperatures from 503 to 534 K for various reaction times 
at 0.1 wt% aqueous formic acid solution for cotton cellulose. 
 
Figure 20. 5-HMF yield vs. 1,6-anhydroglucose yield at temperatures from 503 to 534 K for various 
reaction times at 0.1 wt% aqueous formic acid solution for cotton cellulose. 



























(c) DP = 4









(b) DP = 3












(d) DP = 5










(e) DP = 6










(f) DP = 7













(g) DP = 8













(h) DP = 9




















Hydrothermal Conversion of Cellulose to Glucose and Oligomers in Dilute Aqueous Formic Acid Solution 15 
4. Conclusions 
In a semi-batch reactor depolymerization of the three types of cellulosic samples was 
hydrothermally carried out at temperatures of 523 and 543 K and 10 MPa in pure water, and 
that of cotton cellulose at temperatures from 503 to 543 K and 10 MPa in a dilute aqueous 
formic acid solution at concentrations up to 1 wt%. The product yields and the rates were 
influenced by the cellulose types. The yields of major products such as glucose, fructose and 
oligomers having DPs up to 9, 5-HMF and 1,6-anhydroglucose were measured. The 
presence of a small amount of formic acid was significantly effective for increasing the 
yields and the reaction rates. The amount of unconverted material based on yields of 
glucose or total sugar (glucose, fructose and oligomers having DP up to 9) was represented 
by first-order reaction kinetics with nearly the same activation energies. 
Author details 
Toshitaka Funazukuri 
Department of Applied Chemistry, Chuo University, Bunkyo-ku, Tokyo, Japan 
5. References 
[1] Bobleter O, Prog. Polym. Sci. 1994; 19: 797-841. 
[2] Bobleter O, Polysacchrides, edited by Dumitriu S., Marcel Dekker, New York 2005; 
Chapt. 40, 893-936. 
[3] Olsson L., Jørgensen H., Krogh K. B. R., Roca C., ibid, Chapt. 42, 957-993. 
[4] Wyman C. E., Decker S. R., Himmel M. E., Brady J. W., Skopec C. E., Viikari L., ibid, 
Chap 43, 995-1033. 
[5] Nagamori M., Funazukuri T., J. Chem. Technol. Biotechnol., 2004; 79: 229-233. 
[6] Miyazawa T., Ohtsu S., Nakagawa Y., Funazukuri T., J. Mater. Sci., 2006; 41: 1489-1494. 
[7] Miyazawa T., Ohtsu S., Funazukuri T., J. Mater, Sci., 2008; 43: 2447-2451. 
[8] Miyazawa T., Funazukuri T., Carbohydr. Res., 2006; 341: 870-877. 
[9] Miyazawa T., Funazukuri T., Ind. Eng. Chem. Res., 2004; 43: 2310-2314. 
[10] Adschiri T., Hirose S., Malaluan R., Arai K., J. Chem. Eng. Jpn, 1993; 26: 676-680. 
[11] Sasaki M., Kabyemela B., Malaluan R., Hirose S., Takeda N., Adschiri T., Arai K., J. 
Supercrit. Fluids, 1998; 13: 261-268. 
[12] Saeman J. F., Bubl J. L., Harris E. E., Ind. Eng. Chem., 1945; 37: 43-52. 
[13] Harris E. E., Beglinger E., Ind. Eng. Chem., 1946; 38: 890-895. 
[14] Gilbert N., Hobbs I. A., Levine J. D., Ind. Eng. Chem., 1952; 44: 1712-1720. 
[15] Sharples A., Trans. Faraday Soc., 1957; 53: 1003-1013. 
[16] Thompson D. R.; Grethlein H. E., Ind. Eng. Chem. Prod. Res. Dev., 1979; 18: 166-169. 
[17] Church J. A., Wooldridge D., Ind. Eng. Chem. Prod. Res. Dev., 1981; 20: 371-378. 
[18] Abatzoglov N., Bouchard J., Chronet E., Overrend R. P., Can. J. Chem. Eng., 1986; 64: 
781-786. 
 
Cellulose – Biomass Conversion 16 
[19] Bouchard J., Abatzoglou N., Chornet E., Overend R. P., Wood Sci. Technol., 1989; 23: 
343-355. 
[20] Mok W. S. L., Antal M. J. Jr., Varhegyi G., Ind. Eng. Chem. Res., 1992; 31: 94-100. 
[21] Wyman C. E., Dale B. E., Elander R. T., Holtzapple M., Ladisch M. R., Lee Y. Y., 
Bioresour. Technol., 2005; 96: 1959-1966. 
[22] Wyman C. E., Dale B. E., Elander R. T., Holtzapple M., Ladisch M. R., Lee Y. Y., 
Bioresour. Technol., 2005; 96: 2026-2032. 
[23] Funazukuri T., Hirota M., Nagatake T., Goto M., Bioseparation Engineering, edited by 
Endo I., Nagamune T., Katoh S., Yonemoto T., Elsevier, Netherlands, 2000; 181-185. 
[24] Xu F., Liu C. F., Geng Z. C., Sun J. X., Sun R. C., Hei B. H., Lin L., Wu S. B., Je J., Polym. 
Deg. Stab., 2006; 91: 1880-1886. 
[25] Sun Y., Lin L., Pang C., Deng H., Peng H., Li J., He B., Liu S., Energy & Fuels, 2007; 21: 
2386-2389. 
[26] Xu J., Thomsen M. H., Thomsen A. B., J. Microbiol. Biotechnol., 2009; 19: 845-850. 
[27] Asaoka Y., Funazukuri T., Res. Chem. Intermed, 2011; 37: 233-242. 
[28] Speck J. C. Jr., Adv. Carbohydr. Chem., 1958; 13: 63-103.  
[29] Kuster B. F. M., Starch/Stärke, 1990; 42: 314-321. 
[30] Iwata Y., Hakko Kogaku Zasshi, 1949; 27: 304-306.  







© 2013 Zepnik et al., licensee InTech. This is an open access chapter distributed under the terms of the 
Creative Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits 
unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited. 
Cellulose Acetate for  
Thermoplastic Foam Extrusion 
Stefan Zepnik, Tilo Hildebrand, Stephan Kabasci,  
Hans-Joachim Ra-dusch and Thomas Wodke 
Additional information is available at the end of the chapter 
http://dx.doi.org/10.5772/56215 
1. Introduction 
Foam extrusion is a well established and widely used process to produce foamed products 
for packaging, construction, insulation or technical applications. Generally, extruded foams 
are produced by generating small gas bubbles in the polymer melt. These gas bubbles can be 
created either by means of chemical blowing agents (CBA) or physical blowing agents 
(PBA). The blowing agent is the primary factor which controls the foam density [1]. Along 
with the foam morphology this determines the end-use properties of the foam. In the case of 
chemical foaming the CBA, often as masterbatch or powder, is fed into the extruder together 
with the polymer. Due to heat dissipation during melt processing, the CBA decomposes or 
reacts either endothermically or exothermically and produces foaming gases such as water, 
carbon monoxide (CO), carbon dioxide (CO2) or nitrogen (N2). The resulting foam density is 
usually limited to 400-800 kg m-3 as CBAs are too expensive to make foams below 400 kg m-3 
[1]. As a consequence, physical blowing agents (PBA) are used for low density foams. 
Basically, low boiling liquids such as water or gases like CO2 or butane are used. The 
feeding process, the mixing of the polymer with the PBA as well as the control of the overall 
foaming process is more difficult for physical foaming. Specific machineries and knowledge 
about the complex physical foam extrusion process is often obligatory [2]. Understanding 
the relationship between the processing parameters and the polymer properties is 
fundamental to produce high quality foams [3]. For excellent foam extrusion behavior the 
polymer must fulfill specific thermal and rheological properties. Lots of research has been 
undertaken to investigate the melt rheology of conventional oil-based polymers with respect 
to their foamability [4-6]. Multi-axial stretching of the cell walls occurs during cell growth [5, 
7]. As a consequence, adequate melt strength and melt extensibility are required. For 
effective dissolution of the blowing agent and for efficient mixing of the blowing agent with 
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1. Introduction 
Foam extrusion is a well established and widely used process to produce foamed products 
for packaging, construction, insulation or technical applications. Generally, extruded foams 
are produced by generating small gas bubbles in the polymer melt. These gas bubbles can be 
created either by means of chemical blowing agents (CBA) or physical blowing agents 
(PBA). The blowing agent is the primary factor which controls the foam density [1]. Along 
with the foam morphology this determines the end-use properties of the foam. In the case of 
chemical foaming the CBA, often as masterbatch or powder, is fed into the extruder together 
with the polymer. Due to heat dissipation during melt processing, the CBA decomposes or 
reacts either endothermically or exothermically and produces foaming gases such as water, 
carbon monoxide (CO), carbon dioxide (CO2) or nitrogen (N2). The resulting foam density is 
usually limited to 400-800 kg m-3 as CBAs are too expensive to make foams below 400 kg m-3 
[1]. As a consequence, physical blowing agents (PBA) are used for low density foams. 
Basically, low boiling liquids such as water or gases like CO2 or butane are used. The 
feeding process, the mixing of the polymer with the PBA as well as the control of the overall 
foaming process is more difficult for physical foaming. Specific machineries and knowledge 
about the complex physical foam extrusion process is often obligatory [2]. Understanding 
the relationship between the processing parameters and the polymer properties is 
fundamental to produce high quality foams [3]. For excellent foam extrusion behavior the 
polymer must fulfill specific thermal and rheological properties. Lots of research has been 
undertaken to investigate the melt rheology of conventional oil-based polymers with respect 
to their foamability [4-6]. Multi-axial stretching of the cell walls occurs during cell growth [5, 
7]. As a consequence, adequate melt strength and melt extensibility are required. For 
effective dissolution of the blowing agent and for efficient mixing of the blowing agent with 
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the polymer melt a specific pressure inside of the extruder is required. Therefore, a certain 
minimum melt viscosity is also necessary. If the melt viscosity is too high partial 
solidification of the melt during foaming can lead to insufficient foam expansion, 
heterogeneous foam morphologies and poor foam properties [6, 8].  
It is well known that melt rheology is closely linked to the chemical structure, the molecular 
weight, and the polydispersity (PD) or the molecular weight distribution (MWD) of the 
polymer [5]. A broad MWD or high PD, the incorporation of side chains or branched 
structures as well as blending linear with branched or cross-linked polymers are favorable 
for good foam extrusion behavior. Blends of linear and branched polypropylene (PP), cross-
linked polyethylene (PE) or blends of low-density polyethylene (LDPE) and high-density 
polyethylene (HDPE) are good examples for improved melt strength, melt extensibility, and 
consequently good foaming behavior [4, 9-13]. Chain extension of recycled poly(ethylene 
terephthalate) (PET) significantly improves the rheological properties and foaming behavior 
[14]. Blends of polystyrene (PS) with different molecular weights lead to bimodal MWD. 
These blends exhibit improved strain hardening and melt strength [15]. As melt rheology is 
strongly temperature-dependent, the thermal and thermoplastic properties of the polymer 
are important parameters to control nucleation and cell growth and to stabilize the overall 
foam network. The melt processing range and the corresponding window of foamability 
largely depend on the type of polymer used [3]. Basically, semi-crystalline polymers have 
smaller processing ranges than amorphous polymers due to specific windows of melting 
and crystallization. Biopolymers are typically sensitive to thermo-mechanical stress during 
processing. They often exhibit a small processing range and significant loss of their physical 
properties due to thermal degradation at high temperatures, strong shearing or long 
residence time in the molten state. A broad processing range without thermal degradation is 
needed to adjust the required melt properties of biopolymers for good foam extrusion. 
Therefore, the improvement of rheological properties as well as the broadening of the 
thermoplastic processing window is essential to increase the application of biopolymers for 
foamed products. In foam extrusion, the blowing agents used have an enormous effect on 
the thermal and rheological properties [4, 5, 16-18]. A dissolved blowing agent in the 
polymer melt can act as plasticizer. The addition of a blowing agent generally reduces the 
melt viscosity and the glass transition temperature of the polymer. However, the 
plasticizing effect largely depends on the type of blowing agent (physical or chemical), the 
concentration used, and the mutual behavior (solubility, diffusivity) of the blowing agent 
with the polymer melt. Hence, knowledge about the thermal and the rheological properties 
of polymer/blowing agent mixtures is as important as the properties of the polymer itself. 
Today, polyethylene (PE), polypropylene (PP), and polystyrene (PS) are the standard 
polymers used for foam extrusion. These conventional polymers are derived from 
petrochemicals and are not bio-based. Nowadays, the reduction of waste including 
greenhouse gas emissions as well as minimizing material use and energy efficiency are key 
factors for establishing sustainable products. Due to non-renewable resources, conventional 
oil-based polymers used for foam extrusion do not fulfill all of these requirements. 
Therefore, much effort is being made to replace petrochemical-based polymeric foams by 
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foams which are based on renewable resources such as starch or poly(lactic acid) (PLA) [19-
26]. These biopolymers have several drawbacks especially if used for technical foamed 
products such as heat insulation. The low heat distortion resistance of PLA and the high 
moisture sensitivity of starch are the main disadvantages against using them as technical 
foams. Cellulose-based polymers are another promising group of biopolymers, which can be 
produced from a variety of raw materials, for example cotton, wood, and recycled paper. 
Organic cellulose esters such as cellulose acetate (CA), cellulose acetate butyrate (CAB), and 
cellulose acetate propionate (CAP) are bio-based polymers. They are produced through 
reaction of cellulose with organic acids, anhydrides or acid chlorides. Cellulose acetate is 
one of the oldest bio-based polymers in the world. It was first investigated by Schützenberger 
[27] in 1865. CA is produced in a two-step esterification process. At first, cellulose is 
activated and fully acetylated to cellulose triacetate (CTA). In a second step, a specific 
amount of water is added to CTA and the induced partial hydrolysis leads to partially 
substituted cellulose acetate [28, 29]. Cellulose acetates with a degree of substitution (DS) 
between 2.0 to 2.7 are usually used for thermoplastics [29]. The specific gravity of CA is 
about 1.30 g cm-3 and the refractive index is 1.48 [28]. In Figure 1, the general structure of 
cellulose acetate is shown. 
 
Figure 1. General conformation of cellulose acetate. 
CTA is well known for its polymorphism as it can crystallizes in two-types of crystalline 
structures CTA I and CTA II [30]. Non-plasticized raw CA with a DS ranging from 1.75 to 
2.7 shows also partially crystalline structures [30]. The crystallinity of these partially 
substituted CA is significantly lower due to less perfect and smaller crystallites [30]. 
External plasticization of partially substituted CA results usually in amorphous 
thermoplastic compounds [31] with high transparency and excellent optical properties. The 
thermal and mechanical properties are comparable to those of PS, styrene acrylonitrile 
copolymers (SAN) or poly(methyl methacrylate) (PMMA). Due to its properties, 
thermoplastic CA is a promising biopolymer for replacing PS in certain foam applications. 
Comparable to PS, the amorphous nature of plasticized CA is advantageous for foam 
extrusion applications due to the wider processing range accessible for foaming. However, 
pure CA exhibits strong interactions between its free hydroxyl groups (OH-groups) and has 
therefore a high glass transition temperature which is close to its thermal decomposition. As 
a result, unmodified CA cannot be processed using conventional thermoplastic processing 
technologies such as extrusion, injection molding or foaming. For melt processing, CA must 
be modified by means of blending or by external or internal plasticization. Blending of CA is 
difficult due to the high polarity and the strong intermolecular hydrogen bonds between the 
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the polymer melt a specific pressure inside of the extruder is required. Therefore, a certain 
minimum melt viscosity is also necessary. If the melt viscosity is too high partial 
solidification of the melt during foaming can lead to insufficient foam expansion, 
heterogeneous foam morphologies and poor foam properties [6, 8].  
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[14]. Blends of polystyrene (PS) with different molecular weights lead to bimodal MWD. 
These blends exhibit improved strain hardening and melt strength [15]. As melt rheology is 
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are important parameters to control nucleation and cell growth and to stabilize the overall 
foam network. The melt processing range and the corresponding window of foamability 
largely depend on the type of polymer used [3]. Basically, semi-crystalline polymers have 
smaller processing ranges than amorphous polymers due to specific windows of melting 
and crystallization. Biopolymers are typically sensitive to thermo-mechanical stress during 
processing. They often exhibit a small processing range and significant loss of their physical 
properties due to thermal degradation at high temperatures, strong shearing or long 
residence time in the molten state. A broad processing range without thermal degradation is 
needed to adjust the required melt properties of biopolymers for good foam extrusion. 
Therefore, the improvement of rheological properties as well as the broadening of the 
thermoplastic processing window is essential to increase the application of biopolymers for 
foamed products. In foam extrusion, the blowing agents used have an enormous effect on 
the thermal and rheological properties [4, 5, 16-18]. A dissolved blowing agent in the 
polymer melt can act as plasticizer. The addition of a blowing agent generally reduces the 
melt viscosity and the glass transition temperature of the polymer. However, the 
plasticizing effect largely depends on the type of blowing agent (physical or chemical), the 
concentration used, and the mutual behavior (solubility, diffusivity) of the blowing agent 
with the polymer melt. Hence, knowledge about the thermal and the rheological properties 
of polymer/blowing agent mixtures is as important as the properties of the polymer itself. 
Today, polyethylene (PE), polypropylene (PP), and polystyrene (PS) are the standard 
polymers used for foam extrusion. These conventional polymers are derived from 
petrochemicals and are not bio-based. Nowadays, the reduction of waste including 
greenhouse gas emissions as well as minimizing material use and energy efficiency are key 
factors for establishing sustainable products. Due to non-renewable resources, conventional 
oil-based polymers used for foam extrusion do not fulfill all of these requirements. 
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products such as heat insulation. The low heat distortion resistance of PLA and the high 
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foams. Cellulose-based polymers are another promising group of biopolymers, which can be 
produced from a variety of raw materials, for example cotton, wood, and recycled paper. 
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CTA is well known for its polymorphism as it can crystallizes in two-types of crystalline 
structures CTA I and CTA II [30]. Non-plasticized raw CA with a DS ranging from 1.75 to 
2.7 shows also partially crystalline structures [30]. The crystallinity of these partially 
substituted CA is significantly lower due to less perfect and smaller crystallites [30]. 
External plasticization of partially substituted CA results usually in amorphous 
thermoplastic compounds [31] with high transparency and excellent optical properties. The 
thermal and mechanical properties are comparable to those of PS, styrene acrylonitrile 
copolymers (SAN) or poly(methyl methacrylate) (PMMA). Due to its properties, 
thermoplastic CA is a promising biopolymer for replacing PS in certain foam applications. 
Comparable to PS, the amorphous nature of plasticized CA is advantageous for foam 
extrusion applications due to the wider processing range accessible for foaming. However, 
pure CA exhibits strong interactions between its free hydroxyl groups (OH-groups) and has 
therefore a high glass transition temperature which is close to its thermal decomposition. As 
a result, unmodified CA cannot be processed using conventional thermoplastic processing 
technologies such as extrusion, injection molding or foaming. For melt processing, CA must 
be modified by means of blending or by external or internal plasticization. Blending of CA is 
difficult due to the high polarity and the strong intermolecular hydrogen bonds between the 
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free OH-groups [29]. Even CA/CAB blends or CA/CAP blends are immiscible despite their 
similar chemical structures [29]. Furthermore, foam extrusion of blends is more complex and 
more difficult as compared to homopolymers due to different melt flow behavior of the 
blend polymers and the selective solubility behavior of the blowing agent in the blend 
polymers. As a result, external plasticization by means of low molecular weight plasticizers 
is state of the art for melt processing of CA [29]. Research activities in the field of 
thermoplastic CA were limited over the last decades due to the focus on petrochemical-
based polymers or other bio-based polymers such as PLA [29]. Nowadays, thermoplastic 
CA is no more than a niche product despite its good properties. Thus, data is scarce relating 
to the foamability and foam extrusion behavior of thermoplastic CA [32-34]. The existing 
patents [35-37] primarily describe foaming processes either for open-cell foams or for 
foamed filter rods. No systematic research has been published concerning the usability of 
CA for thermoplastic foam technologies such as foam extrusion. The relationship between 
the properties of externally plasticized CA, its foam extrusion behavior, and the final foam 
properties has not been studied in detail yet. The aim of this chapter is to discuss the 
suitability of externally plasticized CA for foam extrusion. The influence of external 
plasticization on thermoplasticity, thermal and rheological properties of CA is presented 
with respect to foam extrusion requirements. The flow behavior of an externally plasticized 
CA melt loaded with a blowing agent was also studied. Finally, preliminary foam extrusion 
tests were carried out and the general foam extrusion behavior of externally plasticized CA 
is presented. For these investigations, raw CA was obtained from Acetati SpA (Italy) as 
white powder with a DS of 2.5 and a molecular weight Mn around 50 000 g mol-1. Table 1 
shows the non-toxic, bio-based, and biodegradable plasticizers used for external 
plasticization. Three different plasticizer concentrations – 15, 20, and 25 weight percentages 








(760 mmHg) [°C] 
Allyl alcohol ethoxylate (AAE) C5H10O2 102.13 98.20 no data 
Glycerol diacetate (GDA) C7H12O5 176.17 149.30 245-280 
Glycerol triacetate (GTA) C9H14O6 218.21 187.95 250-270 
Ethylene glycol diacetate (EGDA) C6H10O4 146.14 130.48 180-190 
Triethyl citrate (TEC) C12H20O7 276.28 242.27 290-300 
Acetyl triethyl citrate (ATEC) C14H22O8 318.32 273.71 320-330 
Table 1. Plasticizers used for external plasticization of CA and their corresponding properties. 
2. Thermoplasticity and thermal properties 
2.1. Influence of plasticizer on melt processing window 
Melt processing performance of externally plasticized CA was investigated using an internal 
laboratory mixer with a chamber volume of around 370 cm3 (Mixer W/N/B/S 350 Plasti-
Corder® Lab-Station, Brabender). The processing temperature was set at 180 °C and the 
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rotational speed of the blades was kept constant at 60 min-1. To minimize thermo-
mechanical induced degradation of this biopolymer, mixing time was fixed at 3 min. The 
CA obtained from Acetati SpA (Italy) was premixed with the selected plasticizer at room 
temperature in a powder mixer. The dry blends were fed into the preheated chamber of the 
internal mixer. Mass temperature and torque were measured during melt processing. The 
specific mechanical energy input (SME) in J g-1 was calculated from the torque-time graphs 
according to Eq. (1) [38] 
  max0
tωSME C t dt
m
    (1) 
where ω  is the rotor speed, m is the sample mass, C(t) is the torque at time t and tmax is the 
mixing time. For melt processing of highly substituted CA, an appropriate amount of 
plasticizer is necessary due to the extremely narrow window between melting and thermal 
degradation of pure CA [31]. Figure 2 shows typical kneader graphs as a function of mixing 
time in dependence of plasticizer type using equal plasticizer contents.  
 
Figure 2. (a) Torque and (b) mass temperature of externally plasticized CA compounds as a function of 
mixing time and plasticizer type at constant plasticizer content (15 wt.-%). 
When using a highly miscible plasticizer, improved melt processing of CA is achieved. This 
is expressed by lower torque and mass temperature during mixing. Highly miscible 
plasticizers can strongly decrease the intra- and intermolecular forces. Thus, higher chain 
mobility and lubricity is achieved. Consequently, lower torque for melting and mixing is 
required. This is very important for stable melt processing of CA as lower torque input 
means less shearing. Heat dissipation and overall thermo-mechanical stress are lower, and 
thus degradation of CA during mixing is minimized. Similar results can be achieved by 
increasing the plasticizer content of a less miscible plasticizer due to increasing plasticizer 
fraction in the CA matrix, which causes stronger lubricity [32, 39]. As seen in Figure 3, the 
calculated SME and the maximum mass temperature during melt processing confirm the 
assumption above. An increase in plasticizer content leads to less shear (lower SME) and 
less heat dissipation (lower mass temperature) during melt processing. As a conclusion, the 
more the plasticizer is compatible with CA, the better the plasticizing performance and the 
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free OH-groups [29]. Even CA/CAB blends or CA/CAP blends are immiscible despite their 
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rotational speed of the blades was kept constant at 60 min-1. To minimize thermo-
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mixing time and plasticizer type at constant plasticizer content (15 wt.-%). 
When using a highly miscible plasticizer, improved melt processing of CA is achieved. This 
is expressed by lower torque and mass temperature during mixing. Highly miscible 
plasticizers can strongly decrease the intra- and intermolecular forces. Thus, higher chain 
mobility and lubricity is achieved. Consequently, lower torque for melting and mixing is 
required. This is very important for stable melt processing of CA as lower torque input 
means less shearing. Heat dissipation and overall thermo-mechanical stress are lower, and 
thus degradation of CA during mixing is minimized. Similar results can be achieved by 
increasing the plasticizer content of a less miscible plasticizer due to increasing plasticizer 
fraction in the CA matrix, which causes stronger lubricity [32, 39]. As seen in Figure 3, the 
calculated SME and the maximum mass temperature during melt processing confirm the 
assumption above. An increase in plasticizer content leads to less shear (lower SME) and 
less heat dissipation (lower mass temperature) during melt processing. As a conclusion, the 
more the plasticizer is compatible with CA, the better the plasticizing performance and the 
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broader the window for melt processing of CA becomes. However, it is not possible to add 
any amount of plasticizer due to saturation effects and solubility limits in the biopolymer 
matrix. 
 
Figure 3. (a) SME input and (b) maximum mass temperature of selected externally plasticized CA 
compounds as a function of plasticizer type and content. 
The obtained results for melt processing of externally plasticized CA are very important 
with respect to foam extrusion processes. The broader the window of melt processing of CA 
is, the easier it will be to adjust the rheology to the foam extrusion process and the wider the 
processing range for the foam extrusion process. The use of highly miscible plasticizers is 
favored as less amount of plasticizer is needed to achieve the desired properties. Less 
plasticizer evaporation during foam extrusion and less plasticizer migration during foam 
use may also occur when using a highly compatible plasticizer instead of a less miscible one. 
2.2. Influence of plasticizer on thermal properties 
As mentioned in the introduction, a broad melt processing range without thermal 
degradation of the biopolymer is necessary to adjust the required melt rheology for foam 
extrusion. Therefore, thermal stability of externally plasticized CA was studied using 
thermogravimetric analysis (TGA). A first run with a heating rate of 10 K min-1 from 25 °C to 
400 °C in nitrogen atmosphere was conducted to obtain general information on the thermal 
degradation behavior of externally plasticized CA. A second run with a heating rate of 10 K 
min-1 from 25 °C to 400 °C in nitrogen atmosphere with an isotherm of 6 min at the boiling 
temperature range of the plasticizer was performed to get more information about plasticizer 
loss. The onset degradation temperature (Tdonset) was determined according to DIN EN ISO 
11358. Table 2 summarizes the obtained results for Tdonset and mass loss of the first degradation 
step for the non-plasticized raw CA and the externally plasticized CA compounds. 
Figure 4 shows typical thermal degradation curves of pure CA and externally plasticized 
CA as a function of plasticizer content and plasticizer type. Pure, highly substituted CA 
degrades in one-step with a Tdonset of around 350 °C. CA plasticized with allyl alcohol 
ethoxylate (AAE) shows one-step degradation similar to pure CA. This plasticizer might 
influence the thermal stability of CA to a certain extent. A slight decrease in the onset 
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degradation temperature of CA is observed, as seen in Figure 4 (b) and Table 2. In most 
cases two-step degradation of externally plasticized CA is observed. The first degradation 
step is closely linked to the boiling range and evaporation of the plasticizer whereas the 
second degradation step relates to CA (Table 2). The mass loss in the first degradation step 
correlates well with the incorporated plasticizer content. With an increase in plasticizer 
content an increase in mass loss of the first degradation step is observed. As a consequence, 
most of the plasticizers used do not influence the second degradation step and thermal 
stability of CA remains almost constant independent of plasticizer content. The plasticizer 
evaporation and its influence on thermal stability of CA are closely related to its miscibility 
with CA and its physical properties such as the boiling temperature range. With regard to 
foam extrusion, early loss of plasticizer during melt processing can lead to drastic changes 
in the viscosity and the melt strength. As a result, foam extrusion ability of the externally 
plasticized CA can be significantly reduced. All selected plasticizers, except EGDA, 
evaporate at temperatures (first degradation step) above the melt processing temperature of 
CA. The good compatibility and solubility of the selected plasticizers further minimize early 
evaporation during melt processing of CA. Thus, melt processing properties such as melt 
rheology can be maintained for the foam extrusion process. 
 
Compound Plasticizer content 
[wt.-%] 
Tdonset [°C] (DIN EN ISO 11358) Mass loss of 1. step 
[%] 1. step 2. step 
CA 0 - 348 - 
CA/AAE 15 - 345 no loss of plasticizer 
20 - 343 
25 - 340 
CA/GDA 15 267 349 14.6 
20 258 347 20.2 
25 242 350 24.0 
CA/GTA 15 266 349 16.1 
20 267 350 20.9 
25 248 349 24.3 
CA/EGDA 15 186 346 16.2 
20 182 348 21.4 
25 178 349 25.7 
CA/TEC 15 293 344 17.4 
20 284 349 20.7 
25 273 345 23.6 
CA/ATEC 15 290 352 17.7 
20 279 351 21.0 
25 270 349 23.1 
Table 2. Onset degradation temperature (Tdonset) and mass loss of selected externally plasticized CA 
compounds as a function of plasticizer content (mass loss of 1. step was determined after the isotherm 
of 6 min at the boiling range). 
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Figure 4. TGA curves (first run without an isotherm of 6 min at the boiling range) of pure non-
plasticized CA and plasticized CA: (a) as a function of plasticizer content (TEC) and (b) as a function of 
plasticizer type at constant plasticizer content (15 wt.-%). 
The thermoplasticity and the melt processing range of amorphous polymers are directly 
linked to their glass transition temperature (Tg). Glass transition temperatures of externally 
plasticized CA were measured by means of differential scanning calorimetry (DSC). Two 
heating cycles (up to 240 °C) and one cooling cycle (down to -50 °C) were conducted with a 
heating and cooling rate of 10 K min-1 and an isotherm of 6 min at the end of each cycle. It is 
well known that plasticizers can have a tremendous effect on Tg and consequently on 
thermoplasticity and melt processing performance of the polymer. Different theories and 
models exist, which describe the plasticizing principles [40]. In general, the plasticizer 
diffuses into the polymer matrix and weakens the intermolecular forces between the 
polymer chains due to shielding effects of functional groups along the chains. The chain 
mobility increases even at lower temperatures. Thus, glass transition temperature decreases 
whereas free volume, thermoplasticity, and flow behavior of the polymer increase. The 
plasticizer efficiency is often expressed by the extent to which a plasticizer reduces a 
polymer’s Tg [40]. The concentration dependence of the Tg can be estimated using numerous 
models such as Fox or Kelley-Bueche [34, 40]. These models try to correlate the Tg of the 
plasticized polymer with the Tg of the pure polymer and the Tg of the plasticizer (solvent) 
respectively. Due to its accuracy in extrapolating the Tg, the Kelley-Bueche model was used to 
calculate the Tg of externally plasticized CA according to Eq. (2) [41]  
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where Tg, Tg1 and Tg2 are the glass transition temperatures of the plasticized polymer, the 
pure polymer and the plasticizer respectively, w1 and w2 are the weight fractions of the 
polymer and the plasticizer, K is a constant which can be derived from the densities 1ρ , 2ρ  
and the thermal expansion coefficients 1α , 2α  of the polymer and the plasticizer.  
By applying the Simha-Boyer rule [41] (Δα ∙Tg ≈ constant), K can be simplified according to 
Eq. (3) 
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As can be seen in Figure 5 (a), calculated values are in good agreement with the 
experimental data from DSC. An increase in plasticizer content leads to a steady decrease in 
the Tg of highly substituted CA due to increase in chain mobility and free volume. There 
seems to be a linear relationship between plasticizer content and reduction in glass 
transition temperature within the plasticizer concentration used (15 to 25 wt.-%). Similar 
results for the glass transition temperature of externally plasticized CA were found in the 
literature [34, 40, 42]. 
 
Figure 5. (a) Tg of externally plasticized CA compounds as a function of plasticizer content and (b) 
efficiency of selected plasticizers in reducing the Tg of CA. 
The obtained thermal properties for externally plasticized CA confirm the improvements in 
melt processing from subchapter 2.1. Due to the significant decrease in glass transition while 
the thermal stability remains almost constant, a considerable improvement in thermoplasticity 
of externally plasticized CA is achieved. As a result, the melt processing range is enlarged and 
the thermal degradation of CA during processing is minimized. With respect to foam 
extrusion, these results are very favorable. The decrease of Tg accompanied with an unchanged 
thermal stability of CA not only substantially widens the melt processing range but also the 
window for the foam extrusion, which will be shown in subchapter 4. 
The plasticizer performance depends largely on its compatibility and miscibility with the 
polymer. Contrary to less compatible plasticizers (e.g. AAE), highly miscible plasticizers 
such as glycerol triacetate (GTA) or triethyl citrate (TEC) lead to stronger glass transition 
reduction, as seen in Figure 5 (b). This might be explained by stronger mutual interaction 
between the functional groups of the plasticizer and CA. A general characterization of the 
compatibility between a plasticizer and a polymer can be made from the Hansen three-
dimensional solubility parameter [43], which is defined according to Eq. (4) 
 2 2 2t h d pδ δ δ δ    (4) 
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the thermal degradation of CA during processing is minimized. With respect to foam 
extrusion, these results are very favorable. The decrease of Tg accompanied with an unchanged 
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polymer. Contrary to less compatible plasticizers (e.g. AAE), highly miscible plasticizers 
such as glycerol triacetate (GTA) or triethyl citrate (TEC) lead to stronger glass transition 
reduction, as seen in Figure 5 (b). This might be explained by stronger mutual interaction 
between the functional groups of the plasticizer and CA. A general characterization of the 
compatibility between a plasticizer and a polymer can be made from the Hansen three-
dimensional solubility parameter [43], which is defined according to Eq. (4) 
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where tδ  is the total Hansen solubility parameter, hδ  is the hydrogen bonding component, 
dδ  is the dispersion component and pδ  is the polar component. Table 3 shows the Hansen 
solubility parameter of pure CA and selected plasticizers. Highly substituted CA has a high 
solubility parameter, and thus it is a polar polymer comparable to polyamide (PA). 
 
Material 
δ  [(MPa)0.5] 
tδ  hδ  dδ  pδ  
CA 25.06 11.00 18.60 12.70 
GDA 23.45 14.20 16.40 8.90 
GTA 19,37 9.10 16.50 4.50 
EGDA 19.51 9.80 16.20 4.70 
TEC 20.98 12.00 16.50 4.90 
ATEC 19.02 8.60 16.60 3.50 
Table 3. Hansen solubility parameters of CA and selected plasticizers [43]. 
Following the rule “like dissolves like” it can be assumed that plasticizers with high polarity 
are favorable for effective plasticization of the polar CA. However, the simplified rule “like 
dissolves like” is only partially useful due to limitations for polar polymers such as CA or 
polyamide (PA). Interactions of polar polymers and plasticizers depend more on the 
presence and arrangement of functional groups along the chains being capable to form 
donor-acceptor interactions [43]. For good theoretical compatibility with CA, a high polar 
part of the solubility parameter (energy from dipolar intermolecular force) of the plasticizer 
is preferred. Due to the free OH-groups of partially substituted CA, hydrogen bonding also 
plays a significant role in solubility and miscibility. Therefore, a similar hydrogen part  of 
the solubility parameter  of the plasticizer is required for improved compatibility with CA. 
The selected citrate-based plasticizers as well as the acetate-based plasticizers show 
therefore excellent performance. However, the solubility of the plasticizer and its 
performance are also determined by a large number of other factors such as its diffusivity, 
its chemical structure (linear vs. branched) and functional groups. Additionally, molecular 
properties such as molecular weight or molar volume of the plasticizer are also very 
important for the plasticizer efficiency. Not only the plasticizer influences the compatibility 
but also the polymer, its chemical structure, chain flexibility or molecular architecture 
(amorphous vs. semi-crystalline) have an enormous effect on plasticizer solubility [43]. 
3. Rheological properties 
3.1. Influence of plasticizer on melt flow behavior 
As described in the introduction, the polymer’s rheology is a key factor for stable foam 
extrusion processes. Therefore, the rheological properties of externally plasticized CA must 
be studied when discussing the foamability of this biopolymer. Melt flow behavior and melt 
viscosity were investigated as a function of plasticizer type and plasticizer content. The melt 
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flow rate (MFR) was measured at 230 °C and 5 kg load. Melt viscosity was measured by 
means of high pressure capillary viscometer in a shear rate range typical for extrusion 
processes. The measurements were carried out at 230 °C with a rod die (L/D of 30/1) and a 
shear rate ranging from 10 to 3 000 s-1. For fitting the experimental data, the well known 











where 0η  is the zero shear viscosity, λ  and n are fitting parameters and γ  is the shear rate. 
Figure 6 (a) shows the melt flow rate (MFR) of externally plasticized CA as a function of 
plasticizer content and plasticizer type. The obtained relationship between MFR and 
plasticizer content is similar to the reduction in Tg and decrease in SME and maximum mass 
temperature during melt processing. This means, an increase in plasticizer content leads to a 
steady increase in MFR due to increase in lubricity and chain mobility. 
 
Figure 6. (a) MFR of externally plasticized CA compounds as a function of plasticizer type and 
plasticizer content and (b) melt viscosities of CA plasticized with TEC as a function of shear rate and 
plasticizer content. 
Externally plasticized CA shows typical shear thinning behavior at high shear rates, as seen 
in Figure 6 (b). By increasing the plasticizer content, a steady decrease in melt viscosity at 
constant temperature is observed. From Figure 6 (b), one may be also concluded that the 
influence of plasticizer content diminishes at high shear rates above 1 000 s-1 due to 
increased shear thinning. The melt viscosity results agree well with previous results 
obtained from melt processing (subchapter 2.1) and thermal characterization (subchapter 
2.2). With respect to foam extrusion, melt viscosities and melt flow behavior of these 
externally plasticized CA compounds are in range of typical foam polymers such as PS, 
branched PE, and branched PP [10, 11, 15, 45, 46]. 
3.2. Influence of plasticizer on melt strength and melt extensibility 
Besides melt viscosity, information about melt strength and melt elasticity is crucial for foam 
extrusion as both factors are important when discussing foam expansion, foam stability and 
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foam collapse [47]. Therefore, rheotens tests were conducted using a rheograph with 
rheotens device from Göttfert. Melt strands were extruded through a single screw extruder 
using a rod die with an L/D of 30/2 and a constant throughput of 0.5 kg h-1 at 220 °C. The 
extruded melt strands were grabbed and draw-down by a pair of rotating wheels fixed to 
the rheotens analyzer. The draw-down velocity of the extruded melt strand was then 
steadily increased with a constant acceleration rate of 24 mm s-2. Detailed information on the 
rheotens test can be found in [48]. Figure 7 shows rheotens curves obtained for externally 
plasticized CA melts. The plasticizer content and the plasticizer type significantly influence 
the strength and drawability (extensibility) of the CA melt. An increase in plasticizer content 
leads to a decrease in draw-down force F (melt strength) while a tremendous increase in 
melt extensibility is observed. Highly compatible plasticizers behave like good solvents. As 
a result, intermolecular forces within the polymer network decrease whereas chain mobility 
increases. The polymer chains can then be easily disentangle and aligned in draw-down 
direction. As a consequence, the draw-down force F as well as the stress σ  decrease 
whereas the melt extensibility drastically increases. The typical draw resonance, which is 
seen in Figure 7 (a), is also reduced due to better flow and chain orientation in draw-down 
direction. The initial slope (melt stiffness) manually obtained from the stress curves also 
steadily decreases with increasing plasticizer content, as seen in Figure 7 (b). 
 
Figure 7. (a) Draw-down force F as a function of draw-down velocity v of CA plasticized with TEC in 
dependence of plasticizer content and (b) draw-down stress σ  as a function of draw ratio v/v0 in 
dependence of plasticizer content. 
Figure 8 shows the correlation between the melt flow rate (MFR) and the melt strength as 
well as the melt extensibility for CA plasticized with glycerol triacetate (GTA) and triethyl 
citrate (TEC).  
With increasing melt flow rate (MFR) of externally plasticized CA, a continuous decrease of 
melt strength was found while melt extensibility steadily increases. An explanation for the 
good melt elasticity and melt strength could be the polydispersity of CA due to its natural 
character and the two-step esterification process [49, 50]. Polydispersity or bimodality, being 
attributed to a mixture of short and long chains and/or branched and linear chains, 
generally favors high melt strength and strain hardening [4]. The polydispersity index 
(Mw/Mn) of the pure CA used in this study was measured by means of gel permeation 
chromatography (GPC) with PS standards in THF solution. Three samples of the pure CA 
 
Cellulose Acetate for Thermoplastic Foam Extrusion 29 
were measured. Table 4 shows the obtained values for Mn and Mw as well as Mw/Mn for the 
non-plasticized raw CA and for selected externally plasticized CA compounds. The 
observed polydispersity index ranges from 3 to 5. This is comparable to branched PP [12, 51] 
or blends of different types of PS [15, 52].  
 
Figure 8. Correlation of the melt flow rate (MFR) with (a) the melt strength and (b) the melt 
extensibility of externally plasticized CA compounds as a function of plasticizer. 
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20 56 948 230 680 4.1 
25 44 860 201 770 4.5 
Table 4. Number average molecular weight Mn, weight average molecular weight Mw and 
polydispersity index of pure CA and selected externally plasticized CA compounds. 
Due to the polydispersity and the strong intermolecular interaction between the free OH-
groups of partially substituted CA, certain intrinsic melt strength of this biopolymer is 
given. The observed high melt extensibility for highly plasticized CA is excellent with 
respect to foam extrusion. It means that multi-axial stretching of the externally plasticized 
CA melt during foam expansion (cell growth) is possible without breakage of the thin cell 
walls. Nevertheless, the melt stiffness, which is the maximum melt strength (draw-down 
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foam collapse [47]. Therefore, rheotens tests were conducted using a rheograph with 
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force), and the melt stress are comparably low at a high plasticizer content of 25 wt.-%. This 
can lead to instabilities in the foam network during foaming and foam collapse can occur 
due to low cell wall stiffness. This problem can be overcome by keeping the plasticizer 
content below ca. 20 wt.-%. With this reduced content, melt strength of 15 to 20 cN can be 
achieved while melt extensibility remains at a high level of 400 to 600 mm s-1. These values 
are excellent for an externally plasticized polymer and agree well with results for non-
plasticized foam polymers such as PE, PP, and PS [13, 48, 53].  
As a conclusion, the obtained results show that the properties studied are closely linked 
together and strongly influenced by the plasticizer content as well as by the type of 
plasticizer used. From these results, it can be concluded that the lower the glass transition of 
the amorphous externally plasticized CA compounds while the thermal stability remains 
constant, the wider the window for thermoplastic processing and the easier it will be to adjust 
the melt rheology of CA to the requirements for the foam extrusion process. The significantly 
enlarged melt processing range means at the same time a considerable broadening of the 
window for the foam extrusion. However, if the plasticizer content is too high, melt stiffness 
and melt strength may become too low for stable foam extrusion processes. By changing the 
plasticizer content or by using a more miscible plasticizer, excellent melt processing behavior 
as well as good thermal and rheological properties of CA can be achieved for foam extrusion. 
To proof the foam extrusion behavior, preliminary foam extrusion tests were conducted. For 
these tests, an externally plasticized CA compound with 20 wt.-% of glycerol triacetate (GTA) 
was produced because of a good balance between melt processing, melt flow, melt 
extensibility, and melt strength. The compound were prepared by means of a co-rotating twin-
screw extruder (TSA EMP 26-40) with an L/D of 40/1. The screw speed was set at 250 rpm and 
the throughput was fixed at 10 kg h-1. The temperature profile ranged from 160 °C at the 
feeding zone to 205 °C at the die. The compound was dried for 24 h at 70 °C (hot air dryer). 
3.3. Influence of physical blowing agent on melt flow behavior 
As pointed out in the introduction, the blowing agent also strongly influences the melt 
rheology of the polymer during foam extrusion. Therefore, information on gas loaded CA 
melts is essential for setting the right foam extrusion parameters such as the temperature of 
the extruder. It is well known that the PBA can act as a plasticizer or solvent [16-18]. The 
extent to which a PBA influences the rheology and the thermal properties of the polymer is 
directly related to its physical properties such as molar mass, solubility and diffusivity in the 
polymer melt. The influence of blowing agent on the flow behavior of a CA melt plasticized 
with 20 wt.-% GTA was studied by means of in-line rheometer with high speed camera 
system. These preliminary investigations were carried out on a 60 mm single screw extruder 
with an L/D of 40/1 (Barmag Oerlikon Textile GmbH & Co. KG). Carbon dioxide (CO2) was 
selected as an eco-friendly PBA. The slit die gap of the rheometer was fixed at 5 mm and the 
throughput of the single screw extruder was kept constant at 11 kg h-1.  
As seen from Figure 9, pressure decreases continuously over the flow length for the externally 
plasticized CA melt. When carbon dioxide is added to the externally plasticized CA melt, an 
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overall shift of the pressure curve to lower values is observed. A continuous increase in carbon 
dioxide content leads to a steady decrease in the pressure curve over flow length. The shape of 
the pressure curve seems to be independent from the carbon dioxide content. The 
plasticization effect of carbon dioxide used as PBA is not only seen in the pressure decrease 
but also confirmed by a decrease in viscosity and increase in volume flow of the externally 
plasticized CA melt at constant processing conditions (temperature, throughput, slit die gap). 
 
Figure 9. (a) Pressure distribution and (b) volume flow rate and viscosity of CO2 loaded CA melt 
plasticized with 20 wt.-% GTA as a function of flow length and CO2 content at constant rheometer 
temperature (220 °C) and constant processing parameters. 
Since the effective dissolution of a PBA in the polymer melt is mostly pressure controlled, a 
certain viscosity of the polymer melt is required to achieve sufficient pressure in the 
extruder for dissolution of the PBA. As seen in Figure 10, due to the constant processing 
parameters (throughput, slit die gap, rheometer temperature), partial supersaturation and 
premature separation of carbon dioxide from the externally plasticized CA melt is observed, 
especially at 1 % CO2 (on weight basis). An explanation for this could be the continuous 
increase in volume flow and decrease in melt viscosity. As a result, the pressure inside of the 
extruder is too low to keep carbon dioxide dissolved in the CA melt. 
 
Figure 10. Influence of CO2 content on supersaturation of CO2 from the CA melt plasticized with 
20 wt.-% GTA and prenucleation in the in-line rheometer at constant rheometer temperature (220 °C) 
and constant processing parameters. 
To minimize premature supersaturation of carbon dioxide and to avoid prenucleation in the 
extruder, the temperature of the extruder and the rheometer can be reduced. This leads to 
an increase in the viscosity of the gas loaded CA melt. As a result, the pressure in the 
extruder also increases, keeping the carbon dioxide dissolved in the CA melt and avoiding 
premature supersaturation in the extruder. This is clearly shown in Figure 11. 
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force), and the melt stress are comparably low at a high plasticizer content of 25 wt.-%. This 
can lead to instabilities in the foam network during foaming and foam collapse can occur 
due to low cell wall stiffness. This problem can be overcome by keeping the plasticizer 
content below ca. 20 wt.-%. With this reduced content, melt strength of 15 to 20 cN can be 
achieved while melt extensibility remains at a high level of 400 to 600 mm s-1. These values 
are excellent for an externally plasticized polymer and agree well with results for non-
plasticized foam polymers such as PE, PP, and PS [13, 48, 53].  
As a conclusion, the obtained results show that the properties studied are closely linked 
together and strongly influenced by the plasticizer content as well as by the type of 
plasticizer used. From these results, it can be concluded that the lower the glass transition of 
the amorphous externally plasticized CA compounds while the thermal stability remains 
constant, the wider the window for thermoplastic processing and the easier it will be to adjust 
the melt rheology of CA to the requirements for the foam extrusion process. The significantly 
enlarged melt processing range means at the same time a considerable broadening of the 
window for the foam extrusion. However, if the plasticizer content is too high, melt stiffness 
and melt strength may become too low for stable foam extrusion processes. By changing the 
plasticizer content or by using a more miscible plasticizer, excellent melt processing behavior 
as well as good thermal and rheological properties of CA can be achieved for foam extrusion. 
To proof the foam extrusion behavior, preliminary foam extrusion tests were conducted. For 
these tests, an externally plasticized CA compound with 20 wt.-% of glycerol triacetate (GTA) 
was produced because of a good balance between melt processing, melt flow, melt 
extensibility, and melt strength. The compound were prepared by means of a co-rotating twin-
screw extruder (TSA EMP 26-40) with an L/D of 40/1. The screw speed was set at 250 rpm and 
the throughput was fixed at 10 kg h-1. The temperature profile ranged from 160 °C at the 
feeding zone to 205 °C at the die. The compound was dried for 24 h at 70 °C (hot air dryer). 
3.3. Influence of physical blowing agent on melt flow behavior 
As pointed out in the introduction, the blowing agent also strongly influences the melt 
rheology of the polymer during foam extrusion. Therefore, information on gas loaded CA 
melts is essential for setting the right foam extrusion parameters such as the temperature of 
the extruder. It is well known that the PBA can act as a plasticizer or solvent [16-18]. The 
extent to which a PBA influences the rheology and the thermal properties of the polymer is 
directly related to its physical properties such as molar mass, solubility and diffusivity in the 
polymer melt. The influence of blowing agent on the flow behavior of a CA melt plasticized 
with 20 wt.-% GTA was studied by means of in-line rheometer with high speed camera 
system. These preliminary investigations were carried out on a 60 mm single screw extruder 
with an L/D of 40/1 (Barmag Oerlikon Textile GmbH & Co. KG). Carbon dioxide (CO2) was 
selected as an eco-friendly PBA. The slit die gap of the rheometer was fixed at 5 mm and the 
throughput of the single screw extruder was kept constant at 11 kg h-1.  
As seen from Figure 9, pressure decreases continuously over the flow length for the externally 
plasticized CA melt. When carbon dioxide is added to the externally plasticized CA melt, an 
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overall shift of the pressure curve to lower values is observed. A continuous increase in carbon 
dioxide content leads to a steady decrease in the pressure curve over flow length. The shape of 
the pressure curve seems to be independent from the carbon dioxide content. The 
plasticization effect of carbon dioxide used as PBA is not only seen in the pressure decrease 
but also confirmed by a decrease in viscosity and increase in volume flow of the externally 
plasticized CA melt at constant processing conditions (temperature, throughput, slit die gap). 
 
Figure 9. (a) Pressure distribution and (b) volume flow rate and viscosity of CO2 loaded CA melt 
plasticized with 20 wt.-% GTA as a function of flow length and CO2 content at constant rheometer 
temperature (220 °C) and constant processing parameters. 
Since the effective dissolution of a PBA in the polymer melt is mostly pressure controlled, a 
certain viscosity of the polymer melt is required to achieve sufficient pressure in the 
extruder for dissolution of the PBA. As seen in Figure 10, due to the constant processing 
parameters (throughput, slit die gap, rheometer temperature), partial supersaturation and 
premature separation of carbon dioxide from the externally plasticized CA melt is observed, 
especially at 1 % CO2 (on weight basis). An explanation for this could be the continuous 
increase in volume flow and decrease in melt viscosity. As a result, the pressure inside of the 
extruder is too low to keep carbon dioxide dissolved in the CA melt. 
 
Figure 10. Influence of CO2 content on supersaturation of CO2 from the CA melt plasticized with 
20 wt.-% GTA and prenucleation in the in-line rheometer at constant rheometer temperature (220 °C) 
and constant processing parameters. 
To minimize premature supersaturation of carbon dioxide and to avoid prenucleation in the 
extruder, the temperature of the extruder and the rheometer can be reduced. This leads to 
an increase in the viscosity of the gas loaded CA melt. As a result, the pressure in the 
extruder also increases, keeping the carbon dioxide dissolved in the CA melt and avoiding 
premature supersaturation in the extruder. This is clearly shown in Figure 11. 
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Figure 11. Effect of rheometer temperature on supersaturation of 1 % CO2 from the CA melt plasticized 
with 20 wt.-% GTA at constant throughput (11 kg h-1) and slit die gap (5 mm). 
The results for carbon dioxide used as a PBA show the general complexity between gas 
loaded polymer melts and the extrusion process. To get more information on the melt flow 
and viscosity behavior of gas loaded externally plasticized CA melts, further studies have to 
be conducted using additional blowing agents, for example butane or nitrogen (N2). 
4. Foam extrusion of externally plasticized cellulose acetate 
For the preliminary foam extrusion tests, the same CA compound composition (20 wt.-% 
GTA) as in subchapter 3.3 was used because of a good balance between melt processing and 
relevant melt rheology. Extrusion foamed CA rods were produced with different physical 
blowing agents (PBA). Table 5 shows the PBAs used for these preliminary foam extrusion 
tests. 
 
Property CO2 N2 n-butane trans-1,1,1,3-tetrafluoropropene 
(HFO 1234ze) 
Molar mass [g mol-1] 44.0 28.0 58.1 114.0 
Boiling point [°C] -78.5 -195.79 -0.5 -19.0 
Critical temperature [°C] 31.0 -146.9 149.9 382.51 
Critical pressure [MPa] 7.38 3.4 3.8 3.63 
Vapor pressure (25 °C) 
[MPa] 
6.43 - 0.24 0.49 
GWP 1 - 3 6 
Table 5. Physical blowing agents used and some short characteritics. 
Additionally, a 5 % talc masterbatch based on the externally plasticized CA compound was 
added at 0.2, 0.6 and 0.8 wt.-% to investigate the influence of this nucleating agent on the 
foam morphology. The talc used has platelet geometry with a diameter d0.5 of 2 µm. The 
physical foam extrusion tests were carried out on a 60 mm single screw extruder with an 
L/D of 40/1 (Barmag Oerlikon Textile GmbH & Co. KG). The extruder is equipped with a 
mixing screw optimized for the foam extrusion process. The last 11 D of L before the die are 
temperature controlled in order to cool the polymer melt. The blowing agent was 
compressed and injected into the extruder barrel through a pressure hole at 16 D of L using 
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a metering system equipped with a diaphragm pump. By means of a static mixer, the PBA is 
dispersed in the melt.  
As seen from Figure 12, the blowing agent not only influences the melt rheology of CA but 
also the foam extrusion and expansion behavior at the die.  
 
Figure 12. Influence of blowing agent and nucleating agent content on foam extrusion process of CA 
plasticized with 20 wt.-% GTA: (a) 1 % CO2 + 0 wt.-% talc, (b) and (c) 2 % HFO 1234ze + 0 wt.-% talc and 
(d) 2 % HFO 1234ze + 0.6 wt.-% talc. 
Carbon dioxide shows rapid expansion at the die in comparison to HFO 1234ze. An 
explanation for this could be the higher diffusivity and permeability of carbon dioxide due 
to its lower molecular size when compared to longer chain PBAs such as HFO 1234ze. 
Blowing agents having a high diffusivity will be phased out in a shorter time [54]. 
Additionally, the solubility of carbon dioxide is restricted in most polymer melts when 
compared to other conventional blowing agents such as hydrofluorocarbons [54]. High 
pressure in the extruder is required to keep carbon dioxide dissolved in the externally 
plasticized CA melt. The high pressure gradient at the die in combination with the high 
vapor pressure and high diffusion rate of carbon dioxide causes a strong expansion process 
at the die. Not only the PBA but also the addition of nucleating agents, for example talc, 
affects the foaming behavior at the die. By adding talc to HFO 1234ze, the foaming process 
of externally plasticized CA is significantly improved that can be seen in Figure 12 (c) and 
(d). The expansion directly starts at the die due to better nucleation (more and faster 
nucleation) in conjunction with stable cell growth as both processes start simultaneously. 
The investigation of the rod diameter (D) and the foam density as a function of PBA content 
and talc content verify the results got from high speed camera images. As seen in Figure 13, 
a steady increase in D is observed with increasing concentration of PBA. Generally, the 
higher the PBA concentration, the more PBA is dissolved in the polymer melt that can cause 
stronger foaming. The type of PBA and its solubility in the externally plasticized CA melt 
influences the intensity of the slope. The addition of talc used as a nucleating agent shows a 
selective influence. For butane no significant influence is observed whereas for HFO 1234ze 
the addition of talc (0.2 wt.-%) significantly improves the foam expansion process. This is in 
good agreement with the visual results obtained with the high speed camera system.  
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L/D of 40/1 (Barmag Oerlikon Textile GmbH & Co. KG). The extruder is equipped with a 
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temperature controlled in order to cool the polymer melt. The blowing agent was 
compressed and injected into the extruder barrel through a pressure hole at 16 D of L using 
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a metering system equipped with a diaphragm pump. By means of a static mixer, the PBA is 
dispersed in the melt.  
As seen from Figure 12, the blowing agent not only influences the melt rheology of CA but 
also the foam extrusion and expansion behavior at the die.  
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(d) 2 % HFO 1234ze + 0.6 wt.-% talc. 
Carbon dioxide shows rapid expansion at the die in comparison to HFO 1234ze. An 
explanation for this could be the higher diffusivity and permeability of carbon dioxide due 
to its lower molecular size when compared to longer chain PBAs such as HFO 1234ze. 
Blowing agents having a high diffusivity will be phased out in a shorter time [54]. 
Additionally, the solubility of carbon dioxide is restricted in most polymer melts when 
compared to other conventional blowing agents such as hydrofluorocarbons [54]. High 
pressure in the extruder is required to keep carbon dioxide dissolved in the externally 
plasticized CA melt. The high pressure gradient at the die in combination with the high 
vapor pressure and high diffusion rate of carbon dioxide causes a strong expansion process 
at the die. Not only the PBA but also the addition of nucleating agents, for example talc, 
affects the foaming behavior at the die. By adding talc to HFO 1234ze, the foaming process 
of externally plasticized CA is significantly improved that can be seen in Figure 12 (c) and 
(d). The expansion directly starts at the die due to better nucleation (more and faster 
nucleation) in conjunction with stable cell growth as both processes start simultaneously. 
The investigation of the rod diameter (D) and the foam density as a function of PBA content 
and talc content verify the results got from high speed camera images. As seen in Figure 13, 
a steady increase in D is observed with increasing concentration of PBA. Generally, the 
higher the PBA concentration, the more PBA is dissolved in the polymer melt that can cause 
stronger foaming. The type of PBA and its solubility in the externally plasticized CA melt 
influences the intensity of the slope. The addition of talc used as a nucleating agent shows a 
selective influence. For butane no significant influence is observed whereas for HFO 1234ze 
the addition of talc (0.2 wt.-%) significantly improves the foam expansion process. This is in 
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Figure 13. (a) Influence of PBA content on rod diameter (D) of CA rods foamed with CO2 and N2 and 
(b) rod diameter (D) of CA rods foamed with butane and HFO 1234ze as a function of talc content at 
constant PBA content. 
From Figure 13 one may also conclude that an increase in nucleating agent content from 0.2 
to 0.8 wt.-% does not affect the rod diameter considerably. An explanation for this could be 
the heterogeneous nucleation process in presence of talc. Therefore, the cell nucleation 
predominates the cell growth. Contrary, homogeneous nucleation occurs in absence of talc. 
Consequently, cell nucleation rate is limited and the following cell growth process 
predominates. The nucleating agent is therefore more important for controlling the 
nucleation rate, the cell density, the foam morphology, and the stabilization of the foam 
network. It is one parameter that significantly affects the foam density and foam ratio, this is 
the ratio between the density of the foamed and the unfoamed polymer. As expected, 
increasing talc content leads to a steady decrease in foam density and continuous increase in 
the foam ratio, as shown in Table 6. These observations agree well with results from 
literature [55, 56]. However, too high talc contents can lead to agglomeration effects of the 
nucleated cells [57, 58] or can cause cell collapse [59]. Therefore, an increase in foam density 
and a decrease in foam ratio may occur at too high talc contents [60].  
The influences of PBA and talc on the foaming process, the foam density, and the foam ratio 
are supported by investigations of the foam morphology using optical microscopy (OM). 
Figure 14 shows selected microscopy images of extrusion foamed CA rods.  
Butane as well as nitrogen causes a coarse inhomogeneous morphology with a broad cell 
size distribution and large partially opened cells to some extent. This can be explained by 
premature phase separation (supersaturation) and cell coalescence due to the poor solubility 
of butane and nitrogen in the externally plasticized CA melt. Li [61] found that less soluble 
blowing agents tend to diffuse out more rapidly than the more soluble one. Consequently a 
smaller amount of these blowing agents is dissolved in the polymer melt for foaming. By 
comparison, 1 % CO2 with 0.6 wt.-% talc shows uniform closed cell morphology with 
homogeneous cell distribution and thin cell walls. These investigations agree well with the 
detected foam density and foam ratio. Scanning electron microscopy (SEM) images are of 
further evidence of the previous results. Blowing agents which show limited solubility in the 
externally plasticized CA melt such as butane or nitrogen lead to heterogeneous foam 
morphologies with large and partially opened cells, which is seen in Figure 15 (b). These large 
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cells can act as voids. As a result, final properties such as mechanical performance of these 
foams may be poor when compared to foams which have a fine and uniform morphology. 
 
Blowing agent Content [%] Talc content [%] Density [kg m-3] Foam ratio [-] 
- - - 1310 1.0 
CO2 0.5 0.0 262 5.0 
1.0 178 7.4 
1.25 140 9.4 
1.5 105 12.5 
1.0  0.2 162 8.1 
0.6 152 8.6 
0.8 124 10.6 
Butane 1.1  0.0 351 3.7 
0.2 332 3.9 
0.6 322 4.1 
0.8 271 4.8 
1.3  0.8 213 6.2 
Table 6. Density and foam ratio of extruded CA foam rods as a function of PBA and talc. 
 
Figure 14. Influence of blowing agent on the foam morphology of selected CA foam rods at constant 
talc content (0.6 wt.-%) [OM, transmitted light, magnification 50x]. 
 
Figure 15. Influence of blowing agent on the foam morphology of selected CA foam rods at constant 
talc content (0.8 wt.-%) for (a) 1 % CO2 and (b) 1.1 % butane (SEM, magnification 100x). 
 
Cellulose – Biomass Conversion 34 
 
Figure 13. (a) Influence of PBA content on rod diameter (D) of CA rods foamed with CO2 and N2 and 
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Consequently, cell nucleation rate is limited and the following cell growth process 
predominates. The nucleating agent is therefore more important for controlling the 
nucleation rate, the cell density, the foam morphology, and the stabilization of the foam 
network. It is one parameter that significantly affects the foam density and foam ratio, this is 
the ratio between the density of the foamed and the unfoamed polymer. As expected, 
increasing talc content leads to a steady decrease in foam density and continuous increase in 
the foam ratio, as shown in Table 6. These observations agree well with results from 
literature [55, 56]. However, too high talc contents can lead to agglomeration effects of the 
nucleated cells [57, 58] or can cause cell collapse [59]. Therefore, an increase in foam density 
and a decrease in foam ratio may occur at too high talc contents [60].  
The influences of PBA and talc on the foaming process, the foam density, and the foam ratio 
are supported by investigations of the foam morphology using optical microscopy (OM). 
Figure 14 shows selected microscopy images of extrusion foamed CA rods.  
Butane as well as nitrogen causes a coarse inhomogeneous morphology with a broad cell 
size distribution and large partially opened cells to some extent. This can be explained by 
premature phase separation (supersaturation) and cell coalescence due to the poor solubility 
of butane and nitrogen in the externally plasticized CA melt. Li [61] found that less soluble 
blowing agents tend to diffuse out more rapidly than the more soluble one. Consequently a 
smaller amount of these blowing agents is dissolved in the polymer melt for foaming. By 
comparison, 1 % CO2 with 0.6 wt.-% talc shows uniform closed cell morphology with 
homogeneous cell distribution and thin cell walls. These investigations agree well with the 
detected foam density and foam ratio. Scanning electron microscopy (SEM) images are of 
further evidence of the previous results. Blowing agents which show limited solubility in the 
externally plasticized CA melt such as butane or nitrogen lead to heterogeneous foam 
morphologies with large and partially opened cells, which is seen in Figure 15 (b). These large 
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cells can act as voids. As a result, final properties such as mechanical performance of these 
foams may be poor when compared to foams which have a fine and uniform morphology. 
 
Blowing agent Content [%] Talc content [%] Density [kg m-3] Foam ratio [-] 
- - - 1310 1.0 
CO2 0.5 0.0 262 5.0 
1.0 178 7.4 
1.25 140 9.4 
1.5 105 12.5 
1.0  0.2 162 8.1 
0.6 152 8.6 
0.8 124 10.6 
Butane 1.1  0.0 351 3.7 
0.2 332 3.9 
0.6 322 4.1 
0.8 271 4.8 
1.3  0.8 213 6.2 
Table 6. Density and foam ratio of extruded CA foam rods as a function of PBA and talc. 
 
Figure 14. Influence of blowing agent on the foam morphology of selected CA foam rods at constant 
talc content (0.6 wt.-%) [OM, transmitted light, magnification 50x]. 
 
Figure 15. Influence of blowing agent on the foam morphology of selected CA foam rods at constant 
talc content (0.8 wt.-%) for (a) 1 % CO2 and (b) 1.1 % butane (SEM, magnification 100x). 
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The limited solubility of butane and nitrogen can be explained by their nonpolar character. 
As seen from Table 7, only the dispersion part of the Hansen solubility parameter is 
accessible for dissolving butane and nitrogen in the polar externally plasticized CA melt. In 
contrast, carbon dioxide is a more polar or hydrogen bonding gas. Therefore, the polar part 
and hydrogen bonding part are also available for dissolution of carbon dioxide in the CA melt.  
 
PBA δ  [(MPa)0.5] 
tδ  hδ  dδ  pδ  
CO2 17.4 5.8 15.6 5.2 
N2 11.9 0.0 11.9 0.0 
Butane 14.1 0.0 14.1 0.0 
Table 7. Hansen solubility parameter of selected physical blowing agents [43]. 
Micro-CT measurements of selected CA foam rods are shown in Figure 16. These images 
confirm the results from OM and SEM. For butane, cell coalescence and partially opened cell 
structures are evident, especially in the center of the sample cross-section. Similar results 
were obtained for nitrogen. Due to the limited solubility in the externally plasticized CA 
melt, premature supersaturation of butane and nitrogen from the melt occurs. Thus, 
coalescence primarily in the flow center is observed due to this being the area of the lowest 
flow resistance. Conversely, carbon dioxide causes fine cell morphology with homogeneous 
cell size distribution and high cell density across the sample.  
 
Figure 16. Influence of blowing agent on the foam morphology of selected CA foam rods at constant 
talc content (0.8 wt.-%) for (a) 1 % CO2 and (b) 1.1 % butane (Micro-CT, 2D cross-sections). 
To obtain further information about the influence of the blowing agents and the nucleating 
agent, cell size and cell density (Nf) were studied. Cell density (Nf) in cells cm-3 was 
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where N is the number of cells and A is the area in cm2. As expected from literature [55, 60], 
the addition of a nucleating agent such as talc leads to a considerable decrease in cell size 
(Figure 17). This is in good agreement with the obtained results for the foam density and 
foam ratio. From Figure 17, one may conclude that no tremendous influence of the PBA 
concentration on the cell size was found at a talc content of 0.8 wt.-% within the range of 
PBA concentration studied. Similar results were found in [55] for PP foamed with carbon 
dioxide above 0.8 wt.-% talc content. It can be assumed that heterogeneous cell nucleation 
predominates in presence of talc and therefore cell nucleation rate is controlled by the high 
talc content regardless of the increase in concentration of the PBA used. 
 
Figure 17. (a) Cell size of extruded CA rods foamed with 1 % CO2 and 2 % HFO 1234ze as a function of 
talc content and (b) as a function of HFO 1234ze concentration at 0.8 wt.-%talc. 
As the cell size continuously decreases with increasing talc content, cell density basically 
increases at the same time due to higher cell nucleation rate. This is shown in Figure 18. For 
HFO 1234ze, which shows good solubility in the externally plasticized CA melt, an 
exponential increase in cell density is observed with continuous increase in talc content due 
to an increase in heterogeneous cell nucleation rate. The higher cell density is directly seen 
in the finer foam morphology. In contrast, no excessive increase in cell density is observed 
for butane even at 0.8 wt.-% talc. This agrees well with the previous results obtained for the 
foam density, the foam ratio, and the foam morphology. Due to the limited solubility of 
butane, premature supersaturation of butane from the externally plasticized CA melt occurs. 
As a result, only small amount of butane remains dissolved in the CA melt for foaming at 
the die. This is directly seen in almost unchanged foam morphologies of the extruded CA 
rods foamed with 1.1 % butane at 0.2 wt.-% talc and 0.8 wt.-% talc respectively. 
Figure 19 (a) shows the relationship between cell size and cell wall thickness. Completely 
different results are obtained for the selected PBAs, which might be attributed to their 
solubility in the externally plasticized CA melt. For butane, which shows limited solubility 
in externally plasticized CA melt, only a slight change in average cell size within the 
selected talc content is observed. The cell wall thickness of the extruded CA rods foamed 
with butane is also significantly higher when compared to HFO 1234ze, even at high talc 
content of 0.8 wt.-%. Similar results were obtained for nitrogen. The limited solubility of 
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where N is the number of cells and A is the area in cm2. As expected from literature [55, 60], 
the addition of a nucleating agent such as talc leads to a considerable decrease in cell size 
(Figure 17). This is in good agreement with the obtained results for the foam density and 
foam ratio. From Figure 17, one may conclude that no tremendous influence of the PBA 
concentration on the cell size was found at a talc content of 0.8 wt.-% within the range of 
PBA concentration studied. Similar results were found in [55] for PP foamed with carbon 
dioxide above 0.8 wt.-% talc content. It can be assumed that heterogeneous cell nucleation 
predominates in presence of talc and therefore cell nucleation rate is controlled by the high 
talc content regardless of the increase in concentration of the PBA used. 
 
Figure 17. (a) Cell size of extruded CA rods foamed with 1 % CO2 and 2 % HFO 1234ze as a function of 
talc content and (b) as a function of HFO 1234ze concentration at 0.8 wt.-%talc. 
As the cell size continuously decreases with increasing talc content, cell density basically 
increases at the same time due to higher cell nucleation rate. This is shown in Figure 18. For 
HFO 1234ze, which shows good solubility in the externally plasticized CA melt, an 
exponential increase in cell density is observed with continuous increase in talc content due 
to an increase in heterogeneous cell nucleation rate. The higher cell density is directly seen 
in the finer foam morphology. In contrast, no excessive increase in cell density is observed 
for butane even at 0.8 wt.-% talc. This agrees well with the previous results obtained for the 
foam density, the foam ratio, and the foam morphology. Due to the limited solubility of 
butane, premature supersaturation of butane from the externally plasticized CA melt occurs. 
As a result, only small amount of butane remains dissolved in the CA melt for foaming at 
the die. This is directly seen in almost unchanged foam morphologies of the extruded CA 
rods foamed with 1.1 % butane at 0.2 wt.-% talc and 0.8 wt.-% talc respectively. 
Figure 19 (a) shows the relationship between cell size and cell wall thickness. Completely 
different results are obtained for the selected PBAs, which might be attributed to their 
solubility in the externally plasticized CA melt. For butane, which shows limited solubility 
in externally plasticized CA melt, only a slight change in average cell size within the 
selected talc content is observed. The cell wall thickness of the extruded CA rods foamed 
with butane is also significantly higher when compared to HFO 1234ze, even at high talc 
content of 0.8 wt.-%. Similar results were obtained for nitrogen. The limited solubility of 
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butane and nitrogen leads to premature supersaturation. As a result, insufficient amount of 
these blowing agents are dissolved in the externally plasticized CA melt for cell nucleation 
and cell growth. Contrary, HFO 1234ze shows good solubility in the externally plasticized 
CA melt. Consequently, a significant decrease in cell size with increasing talc content is 
observed. Furthermore, the cell wall thickness decreased continuously with decreasing cell 
size. This is in good agreement with the literature [63]. Figure 19 (b) shows the relationship 
between cell size and cell density in a LOG-LOG plot. A linear relationship between cell size 
and cell density is observed. The values of the slopes obtained by linear fit are close to 








Figure 18. Influence of talc content on cell density (Nf) of extruded CA rods foamed (a) with 1.1 % 
butane and (b) with 2 % HFO1234ze. 
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Figure 19. (a) Cell size in dependence of cell wall thickness as a function of talc content and PBA type 
and (b) cell size in dependence of cell density for extruded CA rods foamed with CO2 and HFO 1234ze. 
As a conclusion, the preliminary foam extrusion tests showed that externally plasticized CA 
is a promising biopolymer for foam extrusion technologies. By choosing an appropriate 
plasticizer type, the optimal plasticizer content, and a suitable blowing agent, highly 
substituted CA exhibits good foam extrusion behavior. Properties of CA foam rods such as 
foam density, foam ratio or cell density are in range with other polymers foamed with 
similar low PBA concentrations and similar talc contents [55]. Further improvements of the 
foam extrusion of externally plasticized CA can be achieved by either increasing the amount 
of PBA or by using higher talc content. The use of CBA/PBA mixtures as well as the use of 
nano-scaled particles as nucleating agents may lead to additional improvements in the foam 
extrusion behavior and final foam properties. Park [64] showed that the addition of 
nanoclays to the foam process produces finer foam morphologies with higher cell densities 
and foam ratios due to accelerated cell nucleation and suppressed cell coalescence. 
5. Conclusions 
In this chapter the use of externally plasticized CA for foam extrusion with physical blowing 
agents was discussed. Properties relevant to the foamability of externally plasticized CA 
were presented. The influence of plasticizer type, its content, and its miscibility with CA was 
studied with respect to the requirements for foam extrusion. An increase of plasticizer 
content leads to a steady decrease in glass transition temperature while the thermal stability 
of CA remains almost constant. Glass transition temperature of externally plasticized CA 
decreases about 100 °C when 25 wt.-% of a highly miscible plasticizer, for example TEC or 
GDA, is added. The melt processing range of the amorphous compounds increases 
significantly and thermoplasticity is improved over a wide temperature range. Not only the 
melt processing but also the melt rheology, the melt strength, and the melt extensibility are 
considerably improved. The polydispersity of CA as well as the strong intra- and 
intermolecular interactions between the free OH-groups promote high melt strength and 
high melt extensibility. Melt strength and melt extensibility are in range of conventional 
foam polymers such as PS or branched PP. If the plasticizer content is too high, melt 
strength and melt stiffness of the CA compounds are too low with respect to foam network 
stabilization. This can be overcome by reducing the plasticizer content. When choosing a 
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extrusion behavior and final foam properties. Park [64] showed that the addition of 
nanoclays to the foam process produces finer foam morphologies with higher cell densities 
and foam ratios due to accelerated cell nucleation and suppressed cell coalescence. 
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In this chapter the use of externally plasticized CA for foam extrusion with physical blowing 
agents was discussed. Properties relevant to the foamability of externally plasticized CA 
were presented. The influence of plasticizer type, its content, and its miscibility with CA was 
studied with respect to the requirements for foam extrusion. An increase of plasticizer 
content leads to a steady decrease in glass transition temperature while the thermal stability 
of CA remains almost constant. Glass transition temperature of externally plasticized CA 
decreases about 100 °C when 25 wt.-% of a highly miscible plasticizer, for example TEC or 
GDA, is added. The melt processing range of the amorphous compounds increases 
significantly and thermoplasticity is improved over a wide temperature range. Not only the 
melt processing but also the melt rheology, the melt strength, and the melt extensibility are 
considerably improved. The polydispersity of CA as well as the strong intra- and 
intermolecular interactions between the free OH-groups promote high melt strength and 
high melt extensibility. Melt strength and melt extensibility are in range of conventional 
foam polymers such as PS or branched PP. If the plasticizer content is too high, melt 
strength and melt stiffness of the CA compounds are too low with respect to foam network 
stabilization. This can be overcome by reducing the plasticizer content. When choosing a 
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more compatible plasticizer, similar results can be achieved even at lower plasticizer 
content. This is very important with regard to the prevention of extensive plasticizer 
evaporation during melt processing, which is often combined with drastic changes in the 
properties required for the foam extrusion process. The use of highly miscible plasticizers 
also minimizes the well known problem of plasticizer migration. Acetate-based plasticizers 
such as GDA, GTA, and EGDA as well as citrate-based plasticizers such as TEC and ATEC 
showed excellent miscibility with CA. Approximately 20 wt.-% of these plasticizers were 
found to be a good concentration in order to achieve a balanced property profile and to 
fulfill the specifications for foam extrusion. Physical foam extrusion tests of CA externally 
plasticized with 20 wt.-% GTA were conducted to proof the usability of thermoplastic CA for 
foam extrusion. Different PBAs, namely carbon dioxide, nitrogen, butane, and trans-1,1,1,3-
tetrafluoropropene (HFO 1234ze), were studied. Talc was added as a nucleating agent. It was 
found, that the type of PBA and its concentration used as well as the nucleating agent content 
have tremendous effects on the foam extrusion behavior, the foam morphology, and the final 
foam properties such as foam density, cell size, and cell density. When butane and nitrogen are 
used as blowing agents only limited foam extrusion performance is achieved. An explanation 
for this could be the limited solubility of these blowing agents in the externally plasticized CA 
melt. By comparison, carbon dioxide and HFO 1234ze seems to be suitable blowing agents for 
externally plasticized CA. Both, carbon dioxide and HFO 1234ze, lead to good foam extrusion 
behavior and excellent expansion at the die. When talc is added as a nucleating agent this 
significantly improves the foam morphologies and the final foam properties. An increase in 
talc content leads to finer and more homogeneous foam morphologies, higher cell densities, 
smaller cells, and thinner cell walls. As a conclusion, externally plasticized CA foamed with 
carbon dioxide or HFO 1234ze in presence of talc shows excellent foam extrusion performance. 
Foam morphologies, cell densities, and cell sizes are comparable to conventional polymers 
such as PP, PS or polyesters that are foamed with similar low blowing agent content and 
comparable nucleating agent content. With respect to its property profile, externally 
plasticized CA is a promising bio-based polymer for foam extrusion and for replacing 
conventional oil-based polymers, especially PS, in certain foam applications. 
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smaller cells, and thinner cell walls. As a conclusion, externally plasticized CA foamed with 
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1. Introduction 
Today, fossil resources supply approximately 86% of energy and 96% of organic chemicals 
used in the world [1]. The continuous depletion of petroleum fuel is one of the prime 
concerns these days. Other concerns associated with the large-scale utilization of fossil fuels 
are availability, global warming and uneven geographic distribution [2,3]. Also, the global 
population is expected to increase by approximately 3 billion people by 2050, which 
substantially increases the need for fuels. One estimate indicated that the world energy 
consumption would increase by 35% over the next 20 years in order to meet the growing 
demand of industrialized countries and the rapid development of emerging economies [2]. 
As the fossil fuels are depleting in the coming years, new technologies should be developed 
in order to produce fuels from renewable biomass resources [4]. 
Currently, biomass accounts for 9.8% of the world’s primary energy use annually, among 
which 30% is used in modern forms (e.g. liquid biofuel and steam), and 70% is used 
traditionally (combustion for domestic heating with the energy density of 15-20 MJ/kg) 
[2,4,5]. Biofuel is a type of fuel whose energy is derived from biomass. It includes solid 
biofuels such as wood pellets, wood cube and wood puck; liquid biofuels such as ethanol 
and butanol; and gaseous biofuel such as hydrogen. The world liquid biofuel production 
would increase from 1.9 million of barrels per day in 2010 to 5.9 million barrel per day in 
2030 [2]. In the United States, expectation for the production of biofuels is 136 billion litter 
mandated by 2022, of which 61 million liter are made from cellulosic materials [6].  
As described earlier, biomass has directly been used for producing heat and electricity. The 
power generation engines were designed so that they directly used biomass as energy 
source during World War II. However, this direct utilization has several major problems: if 
used as biofuel, the uneven geographical distribution of biomass necessitate its 
transportation, the bulky nature of biomass (low heat value) leads to costly and complicated 
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transportation systems; engines utilizing biomass usually possess a poor efficiency and high 
environmental impact (e.g. CO2 emission). However, according to the first law of 
thermodynamics, any biological or chemical conversion of biomass to biofuel will consume 
energy, thus a part of the energy stored in biomass will be lost during the conversion and 
the biofuel (product) will ultimately have a lower energy than will biomass (raw material). 
There are several advantages for the conversion of biomass to biofuel that outweighs this 
deficiency: there is a large demand for liquid fuel (e.g. ethanol) in the transportation sector; 
the biofuel production process is more environmentally friendly (i.e. less CO2 emission); the 
digested materials from biorefinery can be readily used as an excellent and sustainable 
fertilizer for cultivation and crops (a true recyclable process); the energy density (MJ/kg) of 
biofuel will be higher than that of biomass, and the common problem of combustion, e.g. fly 
ash disposal and super heater corrosion, can be eliminated via biofuel production [2,7,8]. 
One of the challenges of biofuel production is the difficulties in increasing the bulk density 
of the resource, while preserving its energy content [9]. The future biofuel should 1) have a 
high energy density on a mass; 2) be produced at yields near the stoichiometric maximum 
from a given biomass feed; 3) be compatible with existing fuel distribution infrastructures; 
4) have a minimum impact on environment; and 5) not affect the global food supplies [9-11]. 
The first generation biofuels are presently produced from sugars, starches and vegetable 
oils, but these products have several issues: 1) their availability is limited by soil fertility and 
per-hectare yield; and 2) their contribution to savings of CO2 emissions and fossil energy 
consumption are limited by high energy input for their cultivations and conversions [12-14]. 
However, lignocellulosic biomass seems to be more attractive because 1) it is the most 
widespread renewable source available on earth (overall chemical energy stored in biomass 
by plants is approximately 6-7 times of total human energy consumption annually [15]); 2) it 
is locally available in many countries; and more importantly 3) it does not compete with 
food or food industries [12]. However, the conversion of woody biomass to fermentable 
sugars is more difficult than that of agro-based biomass because of the presence of more 
hemicelluloses (not easily fermentable) and lignin as well as more condensed and 
crystallized structure of cellulose in woody biomass [9]. 
Current technologies to produce biofuel from cellulosic materials involve gasification, 
pyrolysis/liquefaction and hydrolysis of biomass. This book chapter excludes 1) the studies 
on the gasification and pyrolysis/liquefaction of biomass (as an intact raw material) for 
biofuel production; and 2) the studies on the production of fuel additives, e.g. levulinic acid 
and furfural [16] and the studies on the production of biodiesel [17-22]. Instead, recent 
advancements and challenges associated with the production of ethanol, butanol, hydrogen 
and new furan-based biofuel from cellulosic biomass will be discussed.  
In order to produce biofuel from cellulose of biomass, the lignocellulosic biomass should be 
first dissembled to facilitate the isolation of cellulose from other constituents, i.e. lignin and 
hemicelluloses. Subsequently, cellulose macromolecules should be depolymerized, as 
depolymerization significantly improves the chemical and biological conversions of 
cellulose to biofuel. Then, the depolymerized cellulose, i.e. glucose, should be converted to 
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biofuel via biological treatments, and finally the biofuel should be purified. Additionally, 
biomass should be deoxygenated as the presence of oxygen reduces the heat content of 
molecules and creates high polarity, which impairs its blending with existing fossil fuels 
[12]. 
2. Pretreatment of biomass 
The complex structure of lignocellulosic biomass makes its utilization in biofuel production 
difficult. Lignocellulosic raw materials are generally composed of 40-50% cellulose, 25-35% 
hemicelluloses and 15-20% lignin [8]. A pretreatment stage is necessary to dissociate the 
plant cell wall in order to improve the accessibility of chemicals and/or microorganisms to 
cellulose for possible conversions [23]. The pretreatment processes target the removal of 
lignin, which improves the digestibility of cellulose in the following hydrolysis process [24]. 
Table 1 lists various pretreatment processes of woody biomass conducted in the past in 
order to improve the performance of fermentation processes in producing biofuels.  
 
Pretreatment type Example 
Physical pretreatment Ball milling, Irradiation 
Physicochemical pretreatment Steam explosion, hot water pretreatment 
Chemical pretreatment Acid, alkali, solvent 
Biological Fungi 
Enzyme Cellulase 
Table 1. Various pretreatment processes of lignocellulosic feedstock [14] 
Physical pretreatment consists of mechanical disruption of lignocelluloses, which is an 
environmentally friendly process. This process increases the surface area of biomass and 
decreases the crystallinity of cellulose, but it does not cause an expensive mass loss [25]. 
Irradiation using gamma rays, electron rays and microwaves are other physical methods to 
beak the structure of lignocelluloses. Microwave irradiation has been applied in many fields 
including food drying chemical synthesis and extraction [14]. 
Physicochemical pretreatment is another approach to separate the lignocelluloses of woody 
materials. Hydrothermal treatment, such as hot water pretreatment and steam explosion, is a 
suitable method particularly prior to enzyme hydrolysis. Hot water pretreatment process is 
conducted under pressure at an elevated temperature of 230-240 °C for 15 min to maintain 
water in liquid form, which produces less inhibitory compounds (e.g. furfural) compared to 
steam explosion method [26,27]. However, the viscosity of the spent liquor produced in this 
method is rather high, which makes its handling process challenging. The steam explosion is 
practically applied in industry via steaming biomass at an elevated temperature, e.g. 170 °C 
[28-30]. To limit the production of inhibitors, process conditions should be precisely adjusted. 
Steam explosion has different subcategories, such as ammonia fiber explosion and acid-
explosion, in which acid or ammonia is also added to the system during the steaming process.  
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biofuel via biological treatments, and finally the biofuel should be purified. Additionally, 
biomass should be deoxygenated as the presence of oxygen reduces the heat content of 
molecules and creates high polarity, which impairs its blending with existing fossil fuels 
[12]. 
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The complex structure of lignocellulosic biomass makes its utilization in biofuel production 
difficult. Lignocellulosic raw materials are generally composed of 40-50% cellulose, 25-35% 
hemicelluloses and 15-20% lignin [8]. A pretreatment stage is necessary to dissociate the 
plant cell wall in order to improve the accessibility of chemicals and/or microorganisms to 
cellulose for possible conversions [23]. The pretreatment processes target the removal of 
lignin, which improves the digestibility of cellulose in the following hydrolysis process [24]. 
Table 1 lists various pretreatment processes of woody biomass conducted in the past in 
order to improve the performance of fermentation processes in producing biofuels.  
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including food drying chemical synthesis and extraction [14]. 
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conducted under pressure at an elevated temperature of 230-240 °C for 15 min to maintain 
water in liquid form, which produces less inhibitory compounds (e.g. furfural) compared to 
steam explosion method [26,27]. However, the viscosity of the spent liquor produced in this 
method is rather high, which makes its handling process challenging. The steam explosion is 
practically applied in industry via steaming biomass at an elevated temperature, e.g. 170 °C 
[28-30]. To limit the production of inhibitors, process conditions should be precisely adjusted. 
Steam explosion has different subcategories, such as ammonia fiber explosion and acid-
explosion, in which acid or ammonia is also added to the system during the steaming process.  
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The chemical pretreatment of cellulosic biomass includes oxidizing hydrolysis, acid or 
alkaline hydrolysis and solvent extraction. In this context, lime treatment (e.g. treatment of 
woody biomass at 180 °C with lime solutions) has been considered as an effective chemical 
pretreatment method, because of its low cost and wide use in agro- and wood-based 
processes [4,27,31-34]. Pretreatment with dilute acid at intermediate temperatures (e.g. 160 
°C) is usually considered the most cost-effective method to loosen the cell wall matrix via 
degrading the hemicelluloses of biomass [27,35]. 
Biological pretreatment, such as fungal, is milder in its operational conditions than physical 
or chemical pretreatment. The oxidative biodegradation of lignin by white-rot fungi has 
been widely studied in the past [36]. The main advantages of biological pretreatment are 
low energy input, no chemical requirement, mild environmental conditions and 
environmentally friendly working manner [25]. However, the biological pretreatment 
processes usually need a long retention time and have a low yield. They are also sensitive to 
the process conditions such as temperature and pH. Enzymatic pretreatment of biomass has 
been comprehensively studied in the past and will be discussed in a separate section.  
3. Hydrolysis 
Generally, microorganisms have poor cellulose/biomass digestibility and a limited efficiency 
in producing biofuels. Hydrolysis has been commonly applied in industrial scales to 
improve the efficiency of microorganisms in producing biofuels prior to fermentation, 
which relies on the decomposition of polysaccharides to monosaccharides [37].  
3.1. Enzyme hydrolysis 
In this process, enzyme is used for decomposing polysaccharides into monosaccharides. 
Microorganisms that usually produce enzyme are fungal species, such as hypocerea jecornia, 
trichoderma reesei, and bacteria species, such as clostridium thermocellum, cellulomonas flavigena. 
Three main enzymes hydrolyzing cellulose to glucose are cellulase, 1-4- β-D-endoglucanase 
and 1-4- β-D-cellobiohydrolase [38]. Process parameters, e.g. pH, temperature, time, 
significantly affect the performance of enzyme hydrolysis. Furthermore, porosity and 
crystallinity and the lignin content of biomass seem to significantly influence the efficiency 
of this process [25].  
Equation 1 describes the enzymatic hydrolysis model of cellulose to glucose [39]: 
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  (1) 
where e0 is the initial enzyme concentration (g/l), X is conversion efficiency (<1), t is the 
reaction time (h), ka is the enzyme deactivation constant (g/l.h), b=kekak1 is the fitted constant 
(dimensionless), ke is the adsorption equilibrium constant (g/l), and k1 is the rate constant of 
sugar formation (1/h). When e0→ ∞ , X converges to a constant at constant time according to 
equation 2: 
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and when t → ∞, X converges to a maximum conversion of 1.  
Figure 1 shows the results of one study on the enzyme hydrolysis of pre-steamed corn 
Stover at 50 °C and pH 4.8, the conversion of celluloses to reducing sugar was 60% after 48h. 
Fitting the experimental data of Figure 1 into equation 1 resulted in ke, ka, k1, and b of 0.9975 
(g/l), 0.9837 (l/g.h), 0.2843 (1/h), and 0.2897, respectively [39].  
 
Figure 1. The conversion of cellulose and the concentration of reducing sugars as a function of time in 
the enzymatic pretreatment. □, ∆ experimental points; solid and dash lines denote the model (Eq. 1) 
values [39]. 
Enzymatic hydrolysis has several advantages compared with acid hydrolysis such as a 
lower equipment cost and higher glucose yield without sugar degrading products or by-
products [24].  
3.2. Acid hydrolysis 
This method has been extensively applied to convert oligomeric sugars to monomeric 
sugars in the past [40-43]. It has a short process time (i.e. less than 1 h) and produces a 
higher sugar yield (>85%), but operates at a relatively high temperature, e.g. >120 °C 
(compared to enzyme hydrolysis). However, acid hydrolysis may result in the production of 
undesirable by-products that should be eliminated prior to fermentation processes. These 
detoxification processes are generally costly and complicated [25,40-42]. 
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This method has been extensively applied to convert oligomeric sugars to monomeric 
sugars in the past [40-43]. It has a short process time (i.e. less than 1 h) and produces a 
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4. Detoxification process 
Natural occurring and process-induced compounds may retard the fermentation processes 
for producing biofuels, which complicates the fermentation process [42-46]. These inhibitors 
are phenols, acetic acid, furfural, metal ions and lignosulfonates, and can chemically or 
biologically be removed from hydrolysates prior to fermentation processes.  
Boiling and overliming have been extensively used in different studies to reduce the 
concentration of the inhibitors [44-46]. Boiling was proposed to reduce the concentration of 
volatile components, e.g. furfural, and overliming was proposed to create some insoluble 
inorganic salts that adsorb inhibitors [47]. Alternatively, the inhibitors can be removed by 
employing the concept of adsorption and flocculation phenomena. In this regard, 
commercial adsorbents, e.g. activated carbons, fillers, e.g. calcium carbonate or lime, or ion 
exchange resins may be suitable choices. The adsorption/flocculation processes could 
effectively remove these inhibitors and research in improving the performance of this 
process is on-going [28,30,48-50].  
Alternatively, the inhibitors can be removed from hydrolysates via biological treatments. 
For example, a mutant yeast, S. cerevisiae YGSCD 308.3, was applied to reduce the acetic acid 
content of the ammonia-based hardwood hydrolysate in one study [51]. This yeast grows on 
acetic acid, but not on xylose, glucose, mannose and fructose. This detoxification process 
resulted in an ethanol production (fermentation was conducted at a temperature of 30 °C, 
and 300 rpm for 24 h) with a 73% yield of that of the maximum theoretical value in a 
laboratory scale. However, the presence of acetic acid did not allow ethanol production in 
the control sample of this study [51].  
5. Ethanol production 
As of January 2008, 136 ethanol plants in the US produced 7.5 billion gallons of ethanol 
annually, and this number is expected to increase by 13.3 billion gallons/year via 
constructing additional 62 plants [4]. The current biofuel market is largely dominated by 
ethanol (90% of the world biofuel production) [2]. However, most of ethanol produced 
today comes from starch (as in maize grains) or sucrose (from sugarcane), i.e. first 
generation biofuel. Lignocellulosic biomass, on the other hand, represents more abundant 
feedstock for ethanol production, i.e. the second generation biofuel [4]. However, the cost of 
producing lignocellulosic ethanol could be almost double of that of corn-derived ethanol [2]. 
In this context, the US department of Energy (DOE) has committed over $ 1 billion dollars 
toward a realization of a 2012 goal of making lignocellulosic ethanol at a competitive cost of 
$1.33 per gallon [52].  
The production of ethanol from biomass has been criticized in the past since a large amount 
of CO2 is produced (released) as the by-product of this fermentation process. However, one 
study showed that, if softwood (unspecified species and fermentation conditions) biomass 
were considered as raw material, and ethanol were produced from cellulose and 
hemicelluloses and FT-diesel from lignin, this integrated process could lead to 54% of mass 
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conversion efficiency, 67% of carbon conservation efficiency, but more interestingly, 88% of 
energy conversion efficiency [12]. In other words, the majority of mass, but just 12% of 
energy, would be lost in ethanol production process. Consequently, ethanol production 
process would definitely improve the energy density of biomass, which is a critical factor of 
biofuel. This analysis depicted that it was extremely crucial to widen the assessments 
beyond the sole mass balance to obtain a complete understanding of biofuel production [12].  
5.1. Process alternatives 
The biological processes of ethanol production usually involve hydrolysis, which breaks 
cellulose to glucose, and fermentation to convert glucose to ethanol. Ethanol can be 
produced via separate hydrolysis and fermentation (SHF) or simultaneous saccharification 
and fermentation (SSF). The SHF facilitates the operation of hydrolysis and fermentation 
processes under separate optimized conditions. Previous studies on pre-steamed agro-based 
raw materials (corn Stover) revealed that the yield (ethanol produced per unit mass of dried 
feedstock g/g) of SHF was higher than that of SSF [53]. Also, SHF has a faster hydrolysis rate 
than does SSF under optimized conditions [11,39]. In SSF process, cellulose is hydrolyzed to 
glucose by cellulase, while yeast spontaneously ferments glucose to ethanol [54]. The SSF 
usually has a higher productivity (ethanol produced per unit mass of dried feedstock per 
unit time, g/g.h) than does SHF, since SSF has a shorter operating time [39]. Other 
advantages of SSF over SHF include less inhibition of enzymes and a longer time of 
enzymatic hydrolysis. Usually, fermentation temperature and the presence of ethanol are 
not at optimized conditions for cellulase activities in the SSF process, which leads to poor 
enzyme performance. To overcome this difficulty, several approaches were followed in the 
past, which are demonstrated as follows:  
1. Enzyme immobilization onto a solid support was proposed to improve the enzyme 
activity at non-optimal conditions (e.g. SSF). In one study, dissolved cellulase (500 µl, in 
10 mM acetate buffer, pH 4.8 with 0.01 % (w/v) sodium azide) was immobilized on 
Aerosol OX-50 silica (40 nm average diameter particle, 1.4 m2 surface area), and the SSF 
was carried out using this coated silica [54]. The results showed that the ethanol yields 
of the SSF process containing immobilized enzyme were 2.3 and 2.1 times higher than 
that of the SSF process containing enzyme in solutions at pH 4.8 and 5.3, respectively. 
The higher ethanol yield of the immobilized enzyme process was likely due to higher 
glucose yields as a result of increased enzymatic stability at the non-optimal enzyme 
conditions required for the SSF [54]. However, this process results in a higher ethanol 
yield under the optimum conditions of fermentation rather than that of enzyme 
hydrolysis. This is because 1) the optimum conditions for the immobilized enzyme 
reaction may not coincide with those for the enzyme in solutions; 2) although the same 
mass of enzyme can be used in the solution and immobilized systems, it does not mean 
that the same amount of enzyme is available to participate in the hydrolysis reactions; 
and 3) enzyme immobilization results in a random orientation of adsorbed enzyme on 
the silica substrates, and this leads to some inactive enzyme due to buried or 
inaccessible active sites [54].  
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conversion efficiency, 67% of carbon conservation efficiency, but more interestingly, 88% of 
energy conversion efficiency [12]. In other words, the majority of mass, but just 12% of 
energy, would be lost in ethanol production process. Consequently, ethanol production 
process would definitely improve the energy density of biomass, which is a critical factor of 
biofuel. This analysis depicted that it was extremely crucial to widen the assessments 
beyond the sole mass balance to obtain a complete understanding of biofuel production [12].  
5.1. Process alternatives 
The biological processes of ethanol production usually involve hydrolysis, which breaks 
cellulose to glucose, and fermentation to convert glucose to ethanol. Ethanol can be 
produced via separate hydrolysis and fermentation (SHF) or simultaneous saccharification 
and fermentation (SSF). The SHF facilitates the operation of hydrolysis and fermentation 
processes under separate optimized conditions. Previous studies on pre-steamed agro-based 
raw materials (corn Stover) revealed that the yield (ethanol produced per unit mass of dried 
feedstock g/g) of SHF was higher than that of SSF [53]. Also, SHF has a faster hydrolysis rate 
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2. Semi-simultaneous saccharification and fermentation (SSSF) is another approach to 
produce ethanol. In this method, the hydrolysis process is applied under optimized 
conditions, which breaks down cellulose to glucose, and subsequently fermentation is 
conducted on the product of hydrolysis without removing the hydrolystate. In other 
words, it is an operating mode between the SHF and SSF, thus it has the advantages of 
both SHF and SSF (a higher productivity and yield). In one study on microcrystalline 
cellulose (Avicel PH101), three alternative processes were carried out to produce ethanol: 
24h hydrolysis+48h SSF (called SSSF), 72 h SSF, and 24 h hydrolysis+48h fermentation 
(SHF) [39]. The hydrolysis process was conducted under the conditions of 50 °C, pH 4.8 
and 2 g Novozymes enzyme, while the fermentation was performed under the conditions 
of 36 °C, pH 4.8 and 300 rpm using S. cereviasiae. The results showed that the optimal 
ethanol productivity for SSSF, SSF and SHF were 0.222, 0.194, and 0.176 g/l.h, respectively. 
The corresponding maximum ethanol concentration was 16, 14 and 12.6 g/l with 
equivalent theoretical ethanol yields of 70.5%, 61.8%, and 56.1%, respectively [39].  
5.2. Theory 
The theoretical ethanol yield (Y) can be calculated using equation 3 [39]: 
 � = ����������� 100%  (3) 
where E is the final ethanol concentration (g/l) and C0 is the initial cellulose concentration (g/l). 
Also, the fermentation efficiency (ef), from sugar to ethanol, can be determined using equation 4: 
 �� = �������� 100%  (4) 
where Gh is the glucose concentration after hydrolysis (g/l). When glucan in cellulose is 
completely converted into glucose (C0=0.9 Gh). The theoretical yield of SSF yield is equal to 
fermentation efficiency [39].  
5.3. Microorganism for ethanol production 
Ethanol production via fermentation has been the subject of several research activities. In 
this regard, many yeasts and bacteria have been introduced or modified and their ethanol 
production efficiencies have been assessed.  
5.3.1. Bacteria 
Escherichia coli can consume hexoses and pentoses for ethanol production. However, E. coli is 
less rebust against several factors including pH, salt concentration and temperature. It also 
exhibits a low ethanol (<35 g/l) and butanol tolerance (< 20g/l) [51]. Z. mobilis has also been 
applied in ethanol production, has a tolerance of up to 120 g/l ethanol, and its ethanol 
production yield approaches 97% of the maximum theoretical value under optimized 
conditions. However, it can only ferment glucose, fructose and sucrose (hexoses), and it has 
a low tolerance to acetic acid [55,56]. Clostridia have also been applied in ethanol production 
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under optimized temperature of 35-37 °C at a pH range of 6 and 9, which can ferment 
hexoses and pentoses [57]. Corynebacterium glutamicum has also been applied for ethanol 
production, but it cannot ferment pentoses, unlike E. coli. [58].  
5.3.2. Yeast 
Hexoses can effectively be converted to ethanol with a high yield (0.4-0.51 g ethanol/ g 
glucose) and a high productivity (up to 1 g/l.h) by Saccharomyces cerevisiae or re-combinant S. 
cerevisiae [53,55]. S. cerevisiae is the best known microorganism used for fermenting glucose 
to ethanol, but it cannot ferment pentoses. In this respect, the fermentation rate of xylose is 
3-12 times lower than that of glucose by S. cerevisiae [45]. Kluyveromyces is another 
thermotolorant species with up to 98% of the maximum theoretical ethanol yield at a 
temperature above 40 °C, but it cannot accommodate pentose [59]. Hansenula polymorpha is 
another thermotolorant species with an optimized temperature of 37 °C, and its 
fermentation operation is possible up to a temperature of 48 °C. Kluyveromyces and H. 
polymorpha are suitable for SSF processes [60]. P. stipitis is another naturally fermenting 
pentose and hexose. It can be used for SSF set-up even though its optimized growth 
temperature is around 30 °C [53,55]. 
5.4. Ethanol recovery 
The ethanol production is coincided with yeast cell growth in fermentation, hence the yeast 
is a by-product of the process. Pure yeast is a value-added product of the process and can 
inevitably decrease the net cost of the process [53]. Currently, centrifugation is applied to 
separate yeast cells from ethanol, which is an expensive process with a high energy demand. 
Yeast cell immobilization technologies using inert carries or chemicals have also been 
applied in ethanol industry for separating ethanol from cells [53]. Alternatively, yeast 
flocculation process was introduced in the 1980s and commercialized in 2005 in China and 
comprehensively used in brewing industry. It involves lectin-like proteins and selectively 
binds the mannose resides of cell wall of adjacent yeast cell. In this flocculation process, 
calcium ions are needed and the flocculation occurs spontaneously [61-63]. Upon formation, 
the flocs would either sediment (large yeast) or rise to the surface (ale yeasts). This 
flocculation process has the advantages of 1) allowing greater yeast cell biomass 
concentrations because of no inert carrier; 2) being a simpler and more economically 
competitive process and 3) fostering the yeast cell viability because the continuous renewal 
of cells resulting from breaking up of relatively large flocs. The yeast flocs can be purged 
from the fermenter maintaining the biomass concentration inside the fermenter at specified 
levels [64]. Different configurations of immobilization process are available for industry: 
airlift, single packed column, two-stage packed column and CO2 suspended bed [64].  
5.5. SPORL and dilute acid ethanol production processes 
Sulfite pretreatment to overcome recalcitrance of lignocellulose (SPORL) has been 
developed by the U.S. Forest Service, Forest Products Laboratory and the University of 
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this regard, many yeasts and bacteria have been introduced or modified and their ethanol 
production efficiencies have been assessed.  
5.3.1. Bacteria 
Escherichia coli can consume hexoses and pentoses for ethanol production. However, E. coli is 
less rebust against several factors including pH, salt concentration and temperature. It also 
exhibits a low ethanol (<35 g/l) and butanol tolerance (< 20g/l) [51]. Z. mobilis has also been 
applied in ethanol production, has a tolerance of up to 120 g/l ethanol, and its ethanol 
production yield approaches 97% of the maximum theoretical value under optimized 
conditions. However, it can only ferment glucose, fructose and sucrose (hexoses), and it has 
a low tolerance to acetic acid [55,56]. Clostridia have also been applied in ethanol production 
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under optimized temperature of 35-37 °C at a pH range of 6 and 9, which can ferment 
hexoses and pentoses [57]. Corynebacterium glutamicum has also been applied for ethanol 
production, but it cannot ferment pentoses, unlike E. coli. [58].  
5.3.2. Yeast 
Hexoses can effectively be converted to ethanol with a high yield (0.4-0.51 g ethanol/ g 
glucose) and a high productivity (up to 1 g/l.h) by Saccharomyces cerevisiae or re-combinant S. 
cerevisiae [53,55]. S. cerevisiae is the best known microorganism used for fermenting glucose 
to ethanol, but it cannot ferment pentoses. In this respect, the fermentation rate of xylose is 
3-12 times lower than that of glucose by S. cerevisiae [45]. Kluyveromyces is another 
thermotolorant species with up to 98% of the maximum theoretical ethanol yield at a 
temperature above 40 °C, but it cannot accommodate pentose [59]. Hansenula polymorpha is 
another thermotolorant species with an optimized temperature of 37 °C, and its 
fermentation operation is possible up to a temperature of 48 °C. Kluyveromyces and H. 
polymorpha are suitable for SSF processes [60]. P. stipitis is another naturally fermenting 
pentose and hexose. It can be used for SSF set-up even though its optimized growth 
temperature is around 30 °C [53,55]. 
5.4. Ethanol recovery 
The ethanol production is coincided with yeast cell growth in fermentation, hence the yeast 
is a by-product of the process. Pure yeast is a value-added product of the process and can 
inevitably decrease the net cost of the process [53]. Currently, centrifugation is applied to 
separate yeast cells from ethanol, which is an expensive process with a high energy demand. 
Yeast cell immobilization technologies using inert carries or chemicals have also been 
applied in ethanol industry for separating ethanol from cells [53]. Alternatively, yeast 
flocculation process was introduced in the 1980s and commercialized in 2005 in China and 
comprehensively used in brewing industry. It involves lectin-like proteins and selectively 
binds the mannose resides of cell wall of adjacent yeast cell. In this flocculation process, 
calcium ions are needed and the flocculation occurs spontaneously [61-63]. Upon formation, 
the flocs would either sediment (large yeast) or rise to the surface (ale yeasts). This 
flocculation process has the advantages of 1) allowing greater yeast cell biomass 
concentrations because of no inert carrier; 2) being a simpler and more economically 
competitive process and 3) fostering the yeast cell viability because the continuous renewal 
of cells resulting from breaking up of relatively large flocs. The yeast flocs can be purged 
from the fermenter maintaining the biomass concentration inside the fermenter at specified 
levels [64]. Different configurations of immobilization process are available for industry: 
airlift, single packed column, two-stage packed column and CO2 suspended bed [64].  
5.5. SPORL and dilute acid ethanol production processes 
Sulfite pretreatment to overcome recalcitrance of lignocellulose (SPORL) has been 
developed by the U.S. Forest Service, Forest Products Laboratory and the University of 
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Wisconsin-Madison as a promising biorefinery process to produce ethanol from cellulosic 
materials [32,65,66]. The SPORL process has a short chemical pretreatment at a high 
temperature to remove recalcitrance of the substrate without a significant delignification, 
and a disk refiner to increase the surface area, which is necessary for the sugar dissolution in 
the latter stages for fermentation. The potential products of the SPORL process are ethanol, 
hemicellulosic sugars and lignosulfonate [67]. Figure 2 shows the process diagram of the 
SPORL process. As can be seen, the wood chips are pretreated with bisulfite and/or sulfuric 
acid at a temperature of 160-190 °C, a pH of 2-5, and liquid/wood ratio of 2-3 for 10-30 min. 
The bisulfite charge is 1-3% and 6-9% for hardwood and softwood species, respectively, and 
acid ranges between 1 and 2% [68]. The solid substrates of the chemical treatment are then 
fibrilized using a mechanical disk refiner. The chemical pretreatment has a direct effect on 
the refining stage of the SPORL process. Subsequently, the solid substrate is enzymatically 
hydrolyzed, fermented, and distilled to produce ethanol [67]. Hemicelluloses are also 
isolated from the spent liquor and fermented to ethanol, while lignosulfonate is a by-
product of this process. Softwoods species have usually poor digestibility in enzymatic 
saccharification [65]. The SPORL process is particularly effective in improving the enzymatic 
saccharification efficiency of softwoods.  
 
Figure 2. Process flow diagram of the SPORL or dilute acid treatment [67]. 
Alternatively, ethanol can be produced by pretreating biomass with sulfuric acid, and 
subsequent mechanical pulping (refining) of the pretreated biomass. This process is called 
dilute acid process. However, a high temperature and a very low pH of this process impart 
serious equipment corrosion problems [70].  
It was reported that the SPORL pretreatment was more efficient than the dilute acid 
pretreatment for recovering sugars from the solid substrate and spent liquor. Inhibitors 
were more in the spent liquor of the dilute acid pretreatment, but the concentration of lignin 
was higher in the spent liquor of the SPORL pretreatment. Due to the lower inhibitors 
presented in the spent liquor, the ethanol production would be facilitated with the SPORL 
system. The ethanol production from the substrate and spent liquor of pine species under 
various SPORL pretreatment conditions at 180 °C for 25 min and then fermenting via using 
S. cerevisiae (ATCC 200062) at 32 °C for 72 h at 100 rpm are listed in Table 2 [70]. 
 


















2.21 4 1.8 136.7 73.7 52.8 65.1 189.5(49.2) 
2.21 8 1.9 209.4 83.8 66.9 94.2 276.3(71.7) 
1.4 8 2.3 193.2 76.4 36.3 70.4 229.5(59.6) 
0 8 4.2 165.6 69.6 1.7 11.3 166.7(43.3) 
1:l/ton wood; 2:percentage of the theoretical yield 
Table 2. Ethanol production in the SPORL system of pine species under various conditions [70].  
As can be seen, by increasing the bisulfite concentration from 4% to 8%, the ethanol 
production and efficiency were increased for both the substrate and spent liquor, resulting 
in 21% increase in the total ethanol production. It is also noticeable that the ethanol 
production from the substrate or spent liquor was reduced by reducing the acid charge 
(increasing pH) of the pretreatment. 
6. Butanol production 
Although ethanol has been considered as a promising biofuel, it has several drawbacks: the 
heat value of ethanol is 27 MJ/kg, while that of FT-diesel is 42.7 MJ/kg implying that ethanol 
contain a much lower energy density compared with diesel fuel used in automobile 
industry [2,12]; it has also a high water solubility that prevents it from being an ideal 
biofuel, and high concentration ethanol blends can cause corrosion of some metallic 
components in tanks and deterioration of rubbers and plastic used in car engines [2]. 
Consequently, the incentives for obtaining a better alternative biofuel are high.  
The industrial synthesis of biobutanol was commenced during 1912-1914 by acetone-
butanol- ethanol (ABE) fermentation of molasses and cereal grains using clostridium 
acetobutylicum [71]. However, butanol was primarily used as a solvent for the production of 
other chemicals prior to 2005. Butanol has similar energy density and polarity to those of 
gasoline [71]. It has an adequate blending ability with gasoline and compatibility to 
combustion engines [72]. It can be shipped through existing fuel pipelines, whereas ethanol 
must be transported via rail and truck [73,74]. It has octane-improving power and low 
volatility (six times less than the volatility of ethanol). These novel properties made butanol 
a promising biofuel [75]. The economics of butanol fermentation is favorable even with the 
present technology [76]. However, the capital cost of butanol fermentation is presently 
higher, but its production cost is less, than that of petrochemical process to produce butanol 
[77]. Despite steadily growing production, its market remains tight and its price high due to 
low investment and hefty demand in coming years [76].  
6.1. Butanol fermentation process 
To produce butanol via fermentation as the second generation biofuel, cellulose should be 
initially converted to glucose, as most of the butanol-fermenting microorganisms can digest 
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industry [2,12]; it has also a high water solubility that prevents it from being an ideal 
biofuel, and high concentration ethanol blends can cause corrosion of some metallic 
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6.1. Butanol fermentation process 
To produce butanol via fermentation as the second generation biofuel, cellulose should be 
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glucose and not cellulose. Similar to ethanol production, the enzymatic hydrolysis of 
polysaccharides to monosaccharides and then fermentation to biosolvents were carried out 
in the past [78]. The drawbacks of this process is its energy intensity, which makes its 
commercialization costly [78,79]. 
The production of butanol from cellulose mainly relies on the application of clostridia species (C. 
acetobutylicum, C. beijerinckii, C. pasteurianum). Clostridia acetone-butanol-ethanol (ABE) 
fermentation from carbohydrates used to be the largest biotechnological process second to yeast 
ethanol fermentation and the largest process ever conducted under sterile conditions [72,76]. 
Clostridia species have several advantages: their thermophilic nature permits their utilization at 
a high temperature of 60 °C (facilitates sterilization process), they can digest pentoses, and more 
interestingly they can ferment cellulose, which implies that cellulose hydrolysis to glucose and 
glucose fermentation can be proceeded spontaneously. Butanol can only be generated if the 
cells enter sporulation process, but this process discourages cell growth. Thus, balancing cell 
growth and sporulation timing is a key factor influencing the carbon flow towards cell growth 
and butanol generation [74]. However, these species have some disadvantages including the 
low solvent resistance, comparative difficulty in genetic modification, and increased energetic 
demand for cellulase production under anaerobic environments [80]. 
In the ABE process, the coproduction of acetone, butanol and ethanol causes a poor 
selectivity with respect to butanol production. The theoretical mass and energy yields of 
ABE fermentation are 37% and 94%, respectively [81]. It was reported that the substrate 
costs account for 60% of the total production cost, and the butanol production will not be 
feasible if the fermentation yield is less than 25% [80]. The best results reported for the ABE 
process were 8.2 g/l acetone, 2.2 g/l ethanol and 17.6 g/l butanol [82].  
6.2. Production improvement 
The production of butanol faces some challenges: 1) selection of sustainable biomass 2) low 
production rate, 3) constrains executed on butanol inhibition and 4) high product recovery 
costs [72,83]. Different strategies can be performed to improve the production of butanol via 
fermentation as described in the following sections.  
6.2.1. Eliminating inhibitors 
The phenolic compounds of cellulosic materials inhibit the butanol fermentation process 
(similar that of ethanol fermentation process) [78]. In one study, the majority of inhibitory 
compounds were phenolic compounds, while furfural and hydroxymethyl furfural (HMF) 
did not affect the cell growth and ABE fermentation [84]. It was reported that, during the 
initial growth phase of cells, other by-products were also produced such as acetic acid and 
butyric acid, which inhibited the butanol production [84]. In one study, the presence of 1 g/l 
ferulic acid and vanillin acid reduced the cell growth by 70% and 56%, respectively [84]. The 
choice of detoxification method would depend on the compositions of hydrolysates and the 
species of fermenting microorganism [84]. Previously, lime treatment [85], evaporation, 
adsorption using ion exchange resins and activated carbon were used prior to fermentation 
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as detoxification methods for butanol production [84]. However, the detoxification 
efficiency depends on the chemical structure of inhibitors [84]. Other inhibitors of the ABE 
process are substrate inhibition, salt concentration, presence of dead cells, low water 
activity, O2 diffusion, macromolecules accumulation and nutrient deficiency [86].  
6.2.2. Removal of butanol 
Clostridia species are known to be solventogenic in producing acetone, butanol, and ethanol, 
but are still subjected to negative inhibition by their own products [72,74]. The hurdles are 
being resolved using genetic engineering techniques, metabolic engineering strategies and 
integrated continuous fermentation processes [72]. In this context, one study showed that 
the presence of butanol at a concentration of higher than 7.4 g/l impaired the cell growth 
[87,88]. In this case, butanol may penetrate the cytoplasmic membrane and disrupt several 
physicochemical characteristics of the cells [72]. On the contrary, the Clostridium BOH3 
species showed the advantage of high resistance against butanol (up to 16 g/l) [74].  
In the literature, the simultaneous production and the removal of butanol was carried out in 
order to maintain a low butanol concentration in the fermentation medium (broth) using 
liquid-liquid extraction, adsorption, perstraction, reverse osmosis, pre-evaporation and gas 
stripping [89], among which gas stripping has received great attentions. Gas stripping offers 
several advantages including feasibility and simplicity of the process, reduction in butanol 
concentration without affecting culture, concentration of nutrients and reaction 
intermediates [86]. Furthermore, a membrane separation with super critical extraction may 
be a feasible method in butanol removal in future [72].  
6.2.3. Modifying microorganism 
One alternative to increase the butanol production was reported to be the genetic 
engineering for strain improvement with insertion of butanol producing gene of Clostridia in 
high butanol tolerant organisms. In this context, the genetic manipulating of Clostridia was 
reported to decrease its sensitivity to the presence of butanol, which eventually increased 
the butanol concentration up to 17.8 g/l in the fermentation medium [87]. Also, research on 
aerobic producing butanol using genetically engineered organics like, E. coli, are being 
attempted [72]. The strain improvement is effective in improving the yield, but has marginal 
influence on the economics.  
6.3. Process configuration 
The fermentation of glucose to butanol can be conducted in batch or continuous process. 
Generally, continuous butanol processes, (free cells, immobilized cells, and cell recycling) are 
more economical over batch processes. Other advantages are the reduction in sterilization and 
inoculation times and the superior productivity. In free cell continuous fermentation, cells are 
free to move within the fermentation broth due to agitation or air lifting. This maintains the 
microbial cells and nutrients in the suspension and helps in promoting mass transfer [72]. In 
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and butanol generation [74]. However, these species have some disadvantages including the 
low solvent resistance, comparative difficulty in genetic modification, and increased energetic 
demand for cellulase production under anaerobic environments [80]. 
In the ABE process, the coproduction of acetone, butanol and ethanol causes a poor 
selectivity with respect to butanol production. The theoretical mass and energy yields of 
ABE fermentation are 37% and 94%, respectively [81]. It was reported that the substrate 
costs account for 60% of the total production cost, and the butanol production will not be 
feasible if the fermentation yield is less than 25% [80]. The best results reported for the ABE 
process were 8.2 g/l acetone, 2.2 g/l ethanol and 17.6 g/l butanol [82].  
6.2. Production improvement 
The production of butanol faces some challenges: 1) selection of sustainable biomass 2) low 
production rate, 3) constrains executed on butanol inhibition and 4) high product recovery 
costs [72,83]. Different strategies can be performed to improve the production of butanol via 
fermentation as described in the following sections.  
6.2.1. Eliminating inhibitors 
The phenolic compounds of cellulosic materials inhibit the butanol fermentation process 
(similar that of ethanol fermentation process) [78]. In one study, the majority of inhibitory 
compounds were phenolic compounds, while furfural and hydroxymethyl furfural (HMF) 
did not affect the cell growth and ABE fermentation [84]. It was reported that, during the 
initial growth phase of cells, other by-products were also produced such as acetic acid and 
butyric acid, which inhibited the butanol production [84]. In one study, the presence of 1 g/l 
ferulic acid and vanillin acid reduced the cell growth by 70% and 56%, respectively [84]. The 
choice of detoxification method would depend on the compositions of hydrolysates and the 
species of fermenting microorganism [84]. Previously, lime treatment [85], evaporation, 
adsorption using ion exchange resins and activated carbon were used prior to fermentation 
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as detoxification methods for butanol production [84]. However, the detoxification 
efficiency depends on the chemical structure of inhibitors [84]. Other inhibitors of the ABE 
process are substrate inhibition, salt concentration, presence of dead cells, low water 
activity, O2 diffusion, macromolecules accumulation and nutrient deficiency [86].  
6.2.2. Removal of butanol 
Clostridia species are known to be solventogenic in producing acetone, butanol, and ethanol, 
but are still subjected to negative inhibition by their own products [72,74]. The hurdles are 
being resolved using genetic engineering techniques, metabolic engineering strategies and 
integrated continuous fermentation processes [72]. In this context, one study showed that 
the presence of butanol at a concentration of higher than 7.4 g/l impaired the cell growth 
[87,88]. In this case, butanol may penetrate the cytoplasmic membrane and disrupt several 
physicochemical characteristics of the cells [72]. On the contrary, the Clostridium BOH3 
species showed the advantage of high resistance against butanol (up to 16 g/l) [74].  
In the literature, the simultaneous production and the removal of butanol was carried out in 
order to maintain a low butanol concentration in the fermentation medium (broth) using 
liquid-liquid extraction, adsorption, perstraction, reverse osmosis, pre-evaporation and gas 
stripping [89], among which gas stripping has received great attentions. Gas stripping offers 
several advantages including feasibility and simplicity of the process, reduction in butanol 
concentration without affecting culture, concentration of nutrients and reaction 
intermediates [86]. Furthermore, a membrane separation with super critical extraction may 
be a feasible method in butanol removal in future [72].  
6.2.3. Modifying microorganism 
One alternative to increase the butanol production was reported to be the genetic 
engineering for strain improvement with insertion of butanol producing gene of Clostridia in 
high butanol tolerant organisms. In this context, the genetic manipulating of Clostridia was 
reported to decrease its sensitivity to the presence of butanol, which eventually increased 
the butanol concentration up to 17.8 g/l in the fermentation medium [87]. Also, research on 
aerobic producing butanol using genetically engineered organics like, E. coli, are being 
attempted [72]. The strain improvement is effective in improving the yield, but has marginal 
influence on the economics.  
6.3. Process configuration 
The fermentation of glucose to butanol can be conducted in batch or continuous process. 
Generally, continuous butanol processes, (free cells, immobilized cells, and cell recycling) are 
more economical over batch processes. Other advantages are the reduction in sterilization and 
inoculation times and the superior productivity. In free cell continuous fermentation, cells are 
free to move within the fermentation broth due to agitation or air lifting. This maintains the 
microbial cells and nutrients in the suspension and helps in promoting mass transfer [72]. In 
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immobilized cell fermentation, cells are stationary, which have the advantages of the long 
survival time of cells in solventogenic phase. In one study, immobilized cell fermentation 
using C. acetobutylicum produced 20% higher butanol yield than did free cell fermentation [90]. 
However, the scale up process using immobilized technology seems to have technical 
problems due to excessive cell growth in the packed beds and blockage [85]. Recycling 
technique using a membrane technology (e.g. filter) after the fermentation has also been 
attempted in the literature and the results showed 10 times higher cell concentration and 6 
times higher butanol production compared with conventional continuous process using C. 
saccharoperbutylacetonicum [85]. On the contrary, batch process has a less capital cost and 
contamination problem (sterilization) in fermentation, and is more flexible.  
7. Hydrogen production 
Hydrogen has been considered as one of the major energy carriers in future due to its high 
energy content and its capability to overcome the air pollution and global warming [91]. 
Renewable carbohydrates (e.g. cellulose) are suitable raw materials for hydrogen production, i.e. 
second generation biofuel, because they are less expensive than other hydrogen carriers, e.g. 
hydrocarbons, biodiesel, methanol and ethanol [3,37]. Glucose is widely used substrate for 
hydrogen production [37]. Today, the production cost of hydrogen from renewable biomass is 
appealing ($ 60/dry ton or $ 3.6 per GJ) [15]. The most important energy application of hydrogen 
is transportation, especially for light-duty vehicles [3]. However, the large scale implementation 
of the hydrogen economy has some obstacles: sustainable hydrogen production, high density 
hydrogen storage, hydrogen distribution infrastructure, fuel cell cost and life time, and safety 
concerns [3]. Thus, new technologies and strategies should be developed to make the hydrogen 
production more economically attractive and industrially feasible [14]. 
7.1. Hydrogen production processes 
Table 3 lists various pathways to produce hydrogen from glucose [3]. As can be seen, the 
theoretical and practical yields of hydrogen production via chemical catalytic reactions, i.e. 
gasification, pyrolysis and hydrolysis (accompanied by aqueous phase reforming (APR)), of 
glucose are in a similar range. The gasification is conducted at a high temperature of 1000 K 
in the presence of oxygen and water. Pyrolysis is carried out at a high temperature but in the 
absence of oxygen. The main advantage of APR over gasification is the lower extent of 
undesirable decomposition reaction [3]. The APR is carried out at a lower temperature (400-
550 K) and a medium pressure (50-70 bar) [3]. The water medium of this process promotes 
the occurrence of the hydrogen production reaction. Although the chemical catalytic 
reaction seem to have considerably higher hydrogen production yields, their prerequisite 
high energy input and poor selectivity toward hydrogen production are barriers in their 
industrial implementations.  
However, the biological conversion of cellulose to hydrogen is performed at much lower 
temperatures, which implies that the energy input of this process is much lower than that of 
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chemical catalytic processes. In contrast, the theoretical and practical yields of hydrogen 
production via this method are rather low (see dark anaerobic fermentation in Table 3) 
[30,92,93]. In principle, up to 12 mol of hydrogen can be produced per mole of glucose and 
water via fermentation. However, natural microorganisms produce as much as 4 mol of 
hydrogen/ mol of glucose along with 1 mol of acetate [94]. The current yield of hydrogen 
production in cellulose fermentation ranges from 1 to 2 mol H2/mole of hexose sugar [95]. To 
increase the hydrogen yield, a bioelectrochemically-assisted microbial fuel reactor was 
reported to convert 2 mol of acetate to up to 8 mol of hydrogen with the aid of electricity [96]. 
In this respect, the overall production yield of hydrogen increased to 9 mol per mol of glucose 
[96]. However, this process also needs electricity input and has not been studied in large scales.  
 
Method Theoretical yield, % Practical yield, % Energy efficiency, % 
Dark fermentation (DF) 4 1-3.2 10-30 
DF+ electricity-assisted 
microbial fuel cell 
12 9 75 
Ethanol fermentation/partial 
oxidation reforming 
10 9 60 
Gasification 12 2-8 35-50 
Pyrolysis 12 2.5-8 30-50 
Hydrolysis+ aqueous 
reforming 
12 6-8 30-50 
Synthetic pathway 
biotransformation 
12 12 122 
Table 3. Methods for converting glucose to hydrogen as biofuel [3]. 
Synthetic pathway biotransformation is a new biocatalytic technology based on the 
application of enzymes to convert cellulose to hydrogen. This process is much simpler than 
biological treatments. The biotransformation of carbohydrates to hydrogen by cell-free 
synthetic pathway (enzymes) has numerous advantages: high production yield (12 
H2/glucose unit), 100% selectivity, high energy conversion efficiency (122% based on 
combustion energy), high purity hydrogen generated, mild reaction conditions, low cost 
bioreactor and no toxicity hazards. In one study using 2 mM cellubiose concentration as the 
substrate, the overall yields of hydrogen and CO2 were 11.2 and 5.64 mol per mol of 
anhydroglucose unit corresponding to 93% and 94% of the theoretical yields, respectively 
[97]. Furthermore, these enzymatic reactions are reversible, thus the removal of products 
favors the unidirectional reaction towards the desired products. One study on the 
biotransformation of starch and water revealed that these reactions were spontaneous and 
endothermic (∆G0= -49.8 kJ/mol, ∆H0=+598 kJ/mol). Thus, these reactions are driven by 
entropy gain rather than enthalpy loss [3]. Such entropy-driven reactions can generate more 
output chemical energy in the form of hydrogen than input energy in the form of 
polysaccharides [97]. This is very interesting as most of the chemical conversions of 
cellulose/glucose to biofuel are exothermic. In other words, the output biofuel has less 
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immobilized cell fermentation, cells are stationary, which have the advantages of the long 
survival time of cells in solventogenic phase. In one study, immobilized cell fermentation 
using C. acetobutylicum produced 20% higher butanol yield than did free cell fermentation [90]. 
However, the scale up process using immobilized technology seems to have technical 
problems due to excessive cell growth in the packed beds and blockage [85]. Recycling 
technique using a membrane technology (e.g. filter) after the fermentation has also been 
attempted in the literature and the results showed 10 times higher cell concentration and 6 
times higher butanol production compared with conventional continuous process using C. 
saccharoperbutylacetonicum [85]. On the contrary, batch process has a less capital cost and 
contamination problem (sterilization) in fermentation, and is more flexible.  
7. Hydrogen production 
Hydrogen has been considered as one of the major energy carriers in future due to its high 
energy content and its capability to overcome the air pollution and global warming [91]. 
Renewable carbohydrates (e.g. cellulose) are suitable raw materials for hydrogen production, i.e. 
second generation biofuel, because they are less expensive than other hydrogen carriers, e.g. 
hydrocarbons, biodiesel, methanol and ethanol [3,37]. Glucose is widely used substrate for 
hydrogen production [37]. Today, the production cost of hydrogen from renewable biomass is 
appealing ($ 60/dry ton or $ 3.6 per GJ) [15]. The most important energy application of hydrogen 
is transportation, especially for light-duty vehicles [3]. However, the large scale implementation 
of the hydrogen economy has some obstacles: sustainable hydrogen production, high density 
hydrogen storage, hydrogen distribution infrastructure, fuel cell cost and life time, and safety 
concerns [3]. Thus, new technologies and strategies should be developed to make the hydrogen 
production more economically attractive and industrially feasible [14]. 
7.1. Hydrogen production processes 
Table 3 lists various pathways to produce hydrogen from glucose [3]. As can be seen, the 
theoretical and practical yields of hydrogen production via chemical catalytic reactions, i.e. 
gasification, pyrolysis and hydrolysis (accompanied by aqueous phase reforming (APR)), of 
glucose are in a similar range. The gasification is conducted at a high temperature of 1000 K 
in the presence of oxygen and water. Pyrolysis is carried out at a high temperature but in the 
absence of oxygen. The main advantage of APR over gasification is the lower extent of 
undesirable decomposition reaction [3]. The APR is carried out at a lower temperature (400-
550 K) and a medium pressure (50-70 bar) [3]. The water medium of this process promotes 
the occurrence of the hydrogen production reaction. Although the chemical catalytic 
reaction seem to have considerably higher hydrogen production yields, their prerequisite 
high energy input and poor selectivity toward hydrogen production are barriers in their 
industrial implementations.  
However, the biological conversion of cellulose to hydrogen is performed at much lower 
temperatures, which implies that the energy input of this process is much lower than that of 
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chemical catalytic processes. In contrast, the theoretical and practical yields of hydrogen 
production via this method are rather low (see dark anaerobic fermentation in Table 3) 
[30,92,93]. In principle, up to 12 mol of hydrogen can be produced per mole of glucose and 
water via fermentation. However, natural microorganisms produce as much as 4 mol of 
hydrogen/ mol of glucose along with 1 mol of acetate [94]. The current yield of hydrogen 
production in cellulose fermentation ranges from 1 to 2 mol H2/mole of hexose sugar [95]. To 
increase the hydrogen yield, a bioelectrochemically-assisted microbial fuel reactor was 
reported to convert 2 mol of acetate to up to 8 mol of hydrogen with the aid of electricity [96]. 
In this respect, the overall production yield of hydrogen increased to 9 mol per mol of glucose 
[96]. However, this process also needs electricity input and has not been studied in large scales.  
 
Method Theoretical yield, % Practical yield, % Energy efficiency, % 
Dark fermentation (DF) 4 1-3.2 10-30 
DF+ electricity-assisted 
microbial fuel cell 
12 9 75 
Ethanol fermentation/partial 
oxidation reforming 
10 9 60 
Gasification 12 2-8 35-50 
Pyrolysis 12 2.5-8 30-50 
Hydrolysis+ aqueous 
reforming 
12 6-8 30-50 
Synthetic pathway 
biotransformation 
12 12 122 
Table 3. Methods for converting glucose to hydrogen as biofuel [3]. 
Synthetic pathway biotransformation is a new biocatalytic technology based on the 
application of enzymes to convert cellulose to hydrogen. This process is much simpler than 
biological treatments. The biotransformation of carbohydrates to hydrogen by cell-free 
synthetic pathway (enzymes) has numerous advantages: high production yield (12 
H2/glucose unit), 100% selectivity, high energy conversion efficiency (122% based on 
combustion energy), high purity hydrogen generated, mild reaction conditions, low cost 
bioreactor and no toxicity hazards. In one study using 2 mM cellubiose concentration as the 
substrate, the overall yields of hydrogen and CO2 were 11.2 and 5.64 mol per mol of 
anhydroglucose unit corresponding to 93% and 94% of the theoretical yields, respectively 
[97]. Furthermore, these enzymatic reactions are reversible, thus the removal of products 
favors the unidirectional reaction towards the desired products. One study on the 
biotransformation of starch and water revealed that these reactions were spontaneous and 
endothermic (∆G0= -49.8 kJ/mol, ∆H0=+598 kJ/mol). Thus, these reactions are driven by 
entropy gain rather than enthalpy loss [3]. Such entropy-driven reactions can generate more 
output chemical energy in the form of hydrogen than input energy in the form of 
polysaccharides [97]. This is very interesting as most of the chemical conversions of 
cellulose/glucose to biofuel are exothermic. In other words, the output biofuel has less 
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energy than do raw materials, i.e. cellulose/glucose. However, this method currently has a 
low hydrogen production rate [3]. Research in this area is on-going and no concrete 
conclusion has been made yet.  
7.2. Biological production of hydrogen 
The biological production of hydrogen has received great attentions due to its potential as 
an inexhaustible, low-cost and renewable source of clean energy [91]. The photosynthetic 
production of hydrogen basically uses CO2 and water via direct photolysis. The yield of this 
process is high, but there is a shortage of photobioreactors on large scales, which constrains 
its investigation in laboratory scales [98]. Compared to photosynthesis, anaerobic hydrogen 
production process is more feasible (less expensive), has higher rates and thus has been 
widely studied [99]. This process seems to be closer to be implemented in commercial scales. 
Several breakthroughs have been made in understanding the fundamentals of hydrogen 
production including the isolation of microbial strains with a high hydrogen production 
capacity and the optimization of the microbial fermentation process [100,101]. The 
performance of anaerobic fermentation depends on a number of factors, e.g. temperature, pH, 
alkalinity oxidation-reduction potential, particle size of lignocellulosic materials, substrate 
content and inoculum source [91,102]. It was reported that the optimized pH for producing 
hydrogen in a dark fermentation is between 5.5 and 6.7 [102]. However, there are 
contradictory reports about the influence of ethanol on hydrogen production in dark 
fermentation processes in that some studies reported a possible competition between ethanol 
and hydrogen production [103-105], while others reported a high hydrogen production 
accompanied by a high ethanol production [106,107]. In another study, the addition of ethanol 
to the growth medium at the initiation of the fermentation process resulted in 54% H2 and 25% 
acetate increases, respectively, using C. Thermocellum bacteria [108]. 
In addition to hydrogen, organic acids are produced in dark fermentation. To achieve 
adequate overall energy efficiency, the energy stored in the organic acids produced in the 
dark fermentation processes should also be utilized. This can be conducted via combining 
the concepts of dark fermentation and anaerobic digestion [109].  
On the contrary, dark fermentation has some drawbacks: 1) poor yield per substrate in the 
conversion of biomass to H2 by microbial fermentation; 2) sensitivity to end-product 
accumulation; and 3) high environmental and economic costs of biomass production to 
generate fermentable substrate [13,110-112].  
7.3. Microorganisms to produce hydrogen 
Thermophilic cellulosic bacteria promote their greater operating temperature to produce 
hydrogen, which facilitate biomass pretreatment, maximize enzymatic reaction rates, and favor 
the equilibrium point of H2 in direction of H2 production [13,14]. Clostridium thermocellum and 
caldicellulosiruptor saccharolyticus have been the main focus of hydrogen production research 
[95]. Caldicellulosiruptor saccharolyticus is a gram-positive and extremely thermophilic, has been 
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reported to produce hydrogen from cellulose even at a high temperature of 70 °C, and is the 
most promising candidate for large scales hydrogen production [98,113]. Hydrogen has been 
reported to be produced from pentoses via using thermophile Caldicellulosiruptor saccharolytricus 
with a high yield of 334.7 ml H2/g of sugar accounting for 67% of maximum theoretical yield of 
497.6 ml H2/g of sugar [37,114,115]. Furthermore, the optimum pH in the fermentation of 
cellulose to produce hydrogen via C. Thermocellum was between 7 and 7.2 [116]. 
In the literature, some mesophilic bacteria have been investigated for hydrogen production 
including Clostridium cellulolyticum, Clostidium ellulovorans, Clostridium phytofermentans and 
Clostridium termitidis. However, their low operating temperature (32-40 °C) introduces 
additional operating units to the hydrogen production process and increases the risks in 
process operations, which constrains the practical implementation of mesophilic bacteria in 
large industrial scales [3]. 
7.4. Fermentation culture 
Although the pure culture usually provides a high production efficiency, it is difficult to 
apply in industrial scales. In fact, the preparation of pure cultures in indutrial scales is 
difficult and expensive, which will definitely affect the production cost of hydrogen. 
Instead, hydrogen can be produced with mixed cultures. The mixed culture has been 
claimed to be more effective in substrate conversion than pure culture [95].  
However, mixed culture may encounter the drawbacks of the competition of substrates with 
non-hydrogen producing microbial population as well as the consumption of produced 
hydrogen by hydrogen consuming bacteria. One alternative to address this difficulty is to 
pretreat the mixed culture with base, heat and/or an anaerobic condition, which 
eliminates/inhibits the non-producing/consuming hydrogen bacteria [34,113,117]. Heat 
pretreatment is commonly used in anaerobic fermentation in order to improve the hydrogen 
production by activating spore-forming clostridium and inhibiting hydrogen consuming 
non-spore-forming bacteria. However, the heat pretreatment might inactivate hydrogen 
producing bacteria existing in natural feedstock [34,37]. The elucidation of anaerobic 
activated sludge microbial community utilizing monosaccharides will be an important 
foundation towards the industrialization of hydrogen production. In one study, a mixed 
microbial culture was obtained via the anaerobic activation of sludge in a continuous 
stirred-tank reactor (29 days of acclimatization) [118]. In this study, glucose had the highest 
specific hydrogen production rate (358 mL/g.g of mixed liquid volatile suspended solid) and 
conversion rate (82 mL/g glucose) among glucose, fructose, galactose and arabinose under 
the fermentation conditions of 35 °C and pH of 5 [34,118].  
7.5. Improving production efficiency 
7.5.1. Dark fermentation  
The presence of hydrogen in fermentation reactors seems to affect the performance of dark 
fermentation process. It was reported that sparling the bioreactor with nitrogen would bring 
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energy than do raw materials, i.e. cellulose/glucose. However, this method currently has a 
low hydrogen production rate [3]. Research in this area is on-going and no concrete 
conclusion has been made yet.  
7.2. Biological production of hydrogen 
The biological production of hydrogen has received great attentions due to its potential as 
an inexhaustible, low-cost and renewable source of clean energy [91]. The photosynthetic 
production of hydrogen basically uses CO2 and water via direct photolysis. The yield of this 
process is high, but there is a shortage of photobioreactors on large scales, which constrains 
its investigation in laboratory scales [98]. Compared to photosynthesis, anaerobic hydrogen 
production process is more feasible (less expensive), has higher rates and thus has been 
widely studied [99]. This process seems to be closer to be implemented in commercial scales. 
Several breakthroughs have been made in understanding the fundamentals of hydrogen 
production including the isolation of microbial strains with a high hydrogen production 
capacity and the optimization of the microbial fermentation process [100,101]. The 
performance of anaerobic fermentation depends on a number of factors, e.g. temperature, pH, 
alkalinity oxidation-reduction potential, particle size of lignocellulosic materials, substrate 
content and inoculum source [91,102]. It was reported that the optimized pH for producing 
hydrogen in a dark fermentation is between 5.5 and 6.7 [102]. However, there are 
contradictory reports about the influence of ethanol on hydrogen production in dark 
fermentation processes in that some studies reported a possible competition between ethanol 
and hydrogen production [103-105], while others reported a high hydrogen production 
accompanied by a high ethanol production [106,107]. In another study, the addition of ethanol 
to the growth medium at the initiation of the fermentation process resulted in 54% H2 and 25% 
acetate increases, respectively, using C. Thermocellum bacteria [108]. 
In addition to hydrogen, organic acids are produced in dark fermentation. To achieve 
adequate overall energy efficiency, the energy stored in the organic acids produced in the 
dark fermentation processes should also be utilized. This can be conducted via combining 
the concepts of dark fermentation and anaerobic digestion [109].  
On the contrary, dark fermentation has some drawbacks: 1) poor yield per substrate in the 
conversion of biomass to H2 by microbial fermentation; 2) sensitivity to end-product 
accumulation; and 3) high environmental and economic costs of biomass production to 
generate fermentable substrate [13,110-112].  
7.3. Microorganisms to produce hydrogen 
Thermophilic cellulosic bacteria promote their greater operating temperature to produce 
hydrogen, which facilitate biomass pretreatment, maximize enzymatic reaction rates, and favor 
the equilibrium point of H2 in direction of H2 production [13,14]. Clostridium thermocellum and 
caldicellulosiruptor saccharolyticus have been the main focus of hydrogen production research 
[95]. Caldicellulosiruptor saccharolyticus is a gram-positive and extremely thermophilic, has been 
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reported to produce hydrogen from cellulose even at a high temperature of 70 °C, and is the 
most promising candidate for large scales hydrogen production [98,113]. Hydrogen has been 
reported to be produced from pentoses via using thermophile Caldicellulosiruptor saccharolytricus 
with a high yield of 334.7 ml H2/g of sugar accounting for 67% of maximum theoretical yield of 
497.6 ml H2/g of sugar [37,114,115]. Furthermore, the optimum pH in the fermentation of 
cellulose to produce hydrogen via C. Thermocellum was between 7 and 7.2 [116]. 
In the literature, some mesophilic bacteria have been investigated for hydrogen production 
including Clostridium cellulolyticum, Clostidium ellulovorans, Clostridium phytofermentans and 
Clostridium termitidis. However, their low operating temperature (32-40 °C) introduces 
additional operating units to the hydrogen production process and increases the risks in 
process operations, which constrains the practical implementation of mesophilic bacteria in 
large industrial scales [3]. 
7.4. Fermentation culture 
Although the pure culture usually provides a high production efficiency, it is difficult to 
apply in industrial scales. In fact, the preparation of pure cultures in indutrial scales is 
difficult and expensive, which will definitely affect the production cost of hydrogen. 
Instead, hydrogen can be produced with mixed cultures. The mixed culture has been 
claimed to be more effective in substrate conversion than pure culture [95].  
However, mixed culture may encounter the drawbacks of the competition of substrates with 
non-hydrogen producing microbial population as well as the consumption of produced 
hydrogen by hydrogen consuming bacteria. One alternative to address this difficulty is to 
pretreat the mixed culture with base, heat and/or an anaerobic condition, which 
eliminates/inhibits the non-producing/consuming hydrogen bacteria [34,113,117]. Heat 
pretreatment is commonly used in anaerobic fermentation in order to improve the hydrogen 
production by activating spore-forming clostridium and inhibiting hydrogen consuming 
non-spore-forming bacteria. However, the heat pretreatment might inactivate hydrogen 
producing bacteria existing in natural feedstock [34,37]. The elucidation of anaerobic 
activated sludge microbial community utilizing monosaccharides will be an important 
foundation towards the industrialization of hydrogen production. In one study, a mixed 
microbial culture was obtained via the anaerobic activation of sludge in a continuous 
stirred-tank reactor (29 days of acclimatization) [118]. In this study, glucose had the highest 
specific hydrogen production rate (358 mL/g.g of mixed liquid volatile suspended solid) and 
conversion rate (82 mL/g glucose) among glucose, fructose, galactose and arabinose under 
the fermentation conditions of 35 °C and pH of 5 [34,118].  
7.5. Improving production efficiency 
7.5.1. Dark fermentation  
The presence of hydrogen in fermentation reactors seems to affect the performance of dark 
fermentation process. It was reported that sparling the bioreactor with nitrogen would bring 
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the concentration of hydrogen at a low level in the fermentation. Alternatively, using hollow 
fiber silicone rubber membrane effectively reduced biogas partial pressure in the 
fermentation resulting 10% improvement in the rate and 15% increase in the yield of 
hydrogen production [119]. To improve the hydrogen production, some strategies were 
carried out in the literature involving bioprocess engineering and bioreactor design that 
maintains a neutral pH during fermentation and ensures the rapid removal of hydrogen and 
CO2 from the aqueous phase [95]. 
7.5.2. Enzymatic treatment 
Enzymes applied in the biotransformation of hydrogen are expensive. A combination of 
enzyme immobilization and thermo stable enzymes was reported to increase the life time of 
enzyme used for hydrogen production [120]. In one study, changing the process parameters 
(e.g. temperature, enzyme concentration, substrate concentration and metabolic channeling) 
in enzymatic reaction were reported to affect the hydrogen production rates [3]. A 
conservative estimation reported that the hydrogen production rates could increase to 23.6 
H2/l/h using a high-cell density [121]. The over-expression of enzymes catalyzing reactions 
towards the desired product is another method to increase the hydrogen production. The 
heterologous gene expression of pyruvate decarboxylate and alcohol dehydrogenase from 
Zymomonas mobilis within C. cellulolyticum was shown to increase the hydrogen yield by 
75%, while that of acetate and ethanol increased by 93% and 53%, respectively [122].  
7.6. Process configuration 
Similar to ethanol production, hydrogen production can be conducted in a one- or two-stage 
process. The simultaneous saccharification and fermentation process, i.e. one-stage process, 
is less expensive and more commercially feasible, but may be less efficient since the 
preferred conditions for cellulose degradation and dark fermentation could be significantly 
different [14]. An important parameter in this process is to choose a microorganism, such as 
thermococcus kodakaensis, clostridium thermolacticum and clostridium thermocellum, that has the 
capability to produce cellulolytic enzymes and hydrogen simultaneously [14,123]. In this 
process, the production rate and efficiency are limited by enzymatic saccharification. The 
two-stage hydrogen production process, on the other hand, is performed via cellulose 
hydrolysis in one stage and fermentation of the hexose in another stage [124]. This process 
might be more effective in terms of hydrogen yield, but it is more complicated. 
8. Production of furan-based biofuel 
Recently, a new second generation biofuel was introduced via the chemical conversion of 
cellulose. In this approach, hydroxymethyl furfural (HMF) is initially produced from 
cellulose, and HMF is subsequently converted to 2,5-dimethylfuran (DMF). DMF has an 
energy content of 31.5 MJ/l, which is similar to that of gasoline (35 MJ/l) and 40% greater 
than that of ethanol (23 MJ/l) [1]. DMF (bp 92-94 °C) is less volatile than ethanol (bp 78 °C), 
and is immiscible with water, which makes it an appealing liquid biofuel [1].  
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Figure 3 shows the process block diagram of DMF production from fructose. This process 
contains two main parts: 1) HMF production and its purification and 2) DMF production 
from HMF and its downstream purification. 
 
Figure 3. DMF production from fructose [6]. 
Two-solvent catalyst system of butanol/water (at 180 °C) was proposed for producing HMF 
from fructose [1]. In this process, the conversion of glucose/fructose takes place in the 
aqueous phase (with HMF yield of 83%), in which HCl acts as a catalyst to convert fructose 
to HMF. Also, NaCl is added to the system and enhances the transportation of HMF from 
aqueous phase to organic phase (butanol), which prevents HMF from further degradation in 
the aqueous phase. Afterwards, the HMF is purified via various distillation/separation units 
and butanol is recycled to the HMF production reactor [1]. 
In another study, methyl isobutyl ketone (MIBK)/water system (in the present of TiO2 and 
250 °C) resulted in 35% HMF yield from glucose [125,126]. In this respect, ionic liquids, 
e.g.1-ethyl-3-methyl-imidazolium chloride ionic (in the presence of LiCl, CuCl or CrCl) 
showed a higher yield (>65%) at a temperature of 160 °C [127,128]. In another research, 
dimethyl sulfoxide (DMSO) was used as solvent to produce HMF from glucose with HMF 
yield of 53% [129]. However, these solvents are usually toxic and difficult to prepare, and 
their separation process from HMF is challenging [129]. These drawbacks will most likely 
limits their application in producing HMF in laboratory scales. 
Alternatively, the hydrothermal conversion of cellulose to HMF (275-300 °C for less than 30 
min) in homogenous systems in the presence of sulphuric acid resulted in a 20% HMF yield. 
However, this system under a neutral condition produced a lower yield (<16%), but a 
product (HMF) with a higher purity (50-60%) [130]. In another research, the yield of HMF 
 
Cellulose – Biomass Conversion 62 
the concentration of hydrogen at a low level in the fermentation. Alternatively, using hollow 
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Figure 3 shows the process block diagram of DMF production from fructose. This process 
contains two main parts: 1) HMF production and its purification and 2) DMF production 
from HMF and its downstream purification. 
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from fructose was 65% in the presence of phosphoric acid, which was conducted at 228 °C 
for less than 5 min [1]. The most promising and industrially attractive method to produce 
HMF was the acetic acid/water mixture (10 g/l acid at 200 °C for 20 min), which resulted in 
the production of HMF from fructose with 60% yield [131]. This process resulted in 53% 
HMF yield under the same conditions, but without acetic acid [131]. Alternatively, the hot 
compressed water treatment of cellulose at a temperature of 523 K for 5 min (pressure 2.5 
MPa under nitrogen) produced 15% HMF, and the addition of 10% (wt.) TiO2 to the system 
increased the yield to 28% [1]. This method is more feasible than other homogenous catalytic 
methods, as the catalyst in this system can be easily separated and thus recycled to the 
system [132]. Furthermore, the addition of acetone to water/TiO2 system induced a higher 
HMF yield (35%). This process was conducted under atmospheric condition, which is more 
industrially attractive, but the presence of acetone in the system brings recycling issues and 
uncertainties at large scale applications [1].  
The produced HMF in Figure 3 will be fed into a PFTR reactor, in which H2 is added (in the 
presence of chromium II or copper-ruthenium-carbon catalysts) that is necessary for the 
conversion of HMF to DMF [6]. Finally, DMF is purified using several distillation/separation 
processes, and the organic solvent (butanol) is recycled to the system (Figure 3).  
However, this process has several drawbacks: 1) it uses hydrogen which is a biofuel and 
currently expensive; 2) it uses butanol (another biofuel) as a solvent, which brings 
difficulties to its large scale implementations; 3) it uses NaCl to enhance the extraction of 
HMF from aqueous phase to organic butanol. NaCl introduces uncertainties in the 
downstream processes and its removal is cost intensive; 4) as described above, expensive 
chromium II or copper-ruthenium-carbon was used as a catalyst in the PFTR reactor [6]. It 
was reported that the production cost of DMF using this process is approximately 2 $/l, 
which is not presently economical. The process optimization seemed to lower the 
production cost to approximately 1 $/l, which is still high and not competitive with other 
appealing biofuels [6].  
Alternatively, cellulose can be converted to 5-chloromethylfurfural (CMF) via heating 
cellulose in concentrated HCl at the presence of LiCl. Subsequently, the products should be 
extracted with 1,2-dichloroethane. This process yielded 71% CMF in one study [133]. The 
CMF was then converted to DMF and 5-ethoxymethylfurfural. This process yielded 84% 
isolated DMF, but the presence of LiCl is considered as one drawback of this system [133]. 
Alternatively, the CMF was converted to ethoxymethylfurfural (EMF) via stirring in ethanol 
solution. EMF has a boiling point of 235 °C, and energy density that is similar to energy 
density of gasoline and 40% higher than that of ethanol [133]. The EMF can also be used a 
biofuel, but this process seem to be complicated and faces with several technological 
challenges. 
The most important parameters affecting the production cost of DMF via the 
aforementioned process are feedstock cost, production yield, by-product prices, catalyst 
cost, and total purchased equipment cost [6]. The productions of DMF and CMF are not 
feasible using current technologies. Although these chemicals were produced at laboratory 
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scales, their commercialization is under serious questions as their production processes 
require various expensive solvents that are not easily recycled. The separation and 
purification of final products from solvents are also costly.  
9. Conclusions 
The pretreatment of woody materials is an important step for producing biofuels via 
fermentation. The physicochemical pretreatment is the most promising approach to 
dissemble cellulosic biomass. Enzymatic hydrolysis is very selective in terms of 
decomposing cellulose chains, but its process conditions are not very industrially attractive. 
However, acid hydrolysis is fast with a high yield, but it produces some by-products. These 
by-products are inhibitors of downstream fermentation processes and hence should be 
removed from the process prior to fermentation. Adsorption and evaporation have been the 
most successful approaches to eliminate these inhibitors in detoxification stages prior to 
fermentation. S. cerevisiae, C. acetobutylicum and C. thermocellum are the most promising 
microorganisms for ethanol, butanol and hydrogen productions, respectively. Presently, the 
major challenges in the production of these biofuels are the rather low production yield of 
biofuels and the sensitivity of microorganisms to the presence of inhibitors and biofuels in 
the fermentation media. The productions of ethanol and butanol from woody biomass are 
close to be commercialized, but hydrogen production is still facing with difficulties in 
increasing the production rate. Although 2,5-dimethylfuran (DMF) has appealing properties 
and can be potentially used as biofuel, its production with present technologies is not 
economical and more industrially attractive processes should be developed in order to have 
a commercialized DMF process.  
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1. Introduction 
Fungi possess an efficient hydrolytic system capable to convert lignocellulosic material to 
essential metabolites for growth. Usually, these fungi secrete enzymes, including cellulases 
(cellobiohydrolases, endoglucanases), hemicellulases (xylanases) and β-glycosidases. In 
terms of enzyme novelty, interest is focused on not only finding enzymes which could break 
down lignocellulose much more rapidly, but also enzymes which could withstand pH, 
temperature and inhibitory agents. Mutant strains of Trichoderma reesei have been selected 
that produce extracellular cellulases up to 35 g/l [1,2]. It has been suggested that increasing 
the specific enzyme activity is the most likely approach to improving the commercial 
prospects of lignocellulose hydrolysis [3]. 
Lignocellulose consists of lignin, hemicellulose and cellulose [4,5]. The major components of 
lignocellulosic biomass are cellulose (C6 sugars), hemicellulose (C6 and C5 sugars) and 
lignins (polyphenols) [6]. Large amounts of lignocellulosic “waste” are generated through 
agricultural practices, paper-pulp industries, and can pose an environmental pollution 
problem. Lignocellulosic waste is often disposed of by biomass burning, which is not 
restricted to developing countries alone, but is considered a global phenomenon [7]. 
However, plant biomass considered as “waste” can potentially be converted into various 
different value added products as illustrated in (Fig 1)including biofuels, chemicals, animal 
feed, textile and laundry, pulp and paper [8,9,10,11]. Production of ethanol and other 
alternative fuels from lignocellulosic biomass can reduce urban air pollution, decrease the 
release of carbon dioxide in the atmosphere, and provide new markets for agricultural 
wastes [12]. 
One effective approach to reduce the cost of enzyme production is to replace pure cellulose 
with relatively cheaper substrates, such as lignocellulosic materials. There are reports of 
successful attempts to produce cellulases on lignocellulosic materials [13]. Environmental 
pollution is a worldwide threat to public health. Biological degradation, for both economic 
and ecological reasons, has become an increasingly popular treatment of agricultural and 
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terms of enzyme novelty, interest is focused on not only finding enzymes which could break 
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temperature and inhibitory agents. Mutant strains of Trichoderma reesei have been selected 
that produce extracellular cellulases up to 35 g/l [1,2]. It has been suggested that increasing 
the specific enzyme activity is the most likely approach to improving the commercial 
prospects of lignocellulose hydrolysis [3]. 
Lignocellulose consists of lignin, hemicellulose and cellulose [4,5]. The major components of 
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lignins (polyphenols) [6]. Large amounts of lignocellulosic “waste” are generated through 
agricultural practices, paper-pulp industries, and can pose an environmental pollution 
problem. Lignocellulosic waste is often disposed of by biomass burning, which is not 
restricted to developing countries alone, but is considered a global phenomenon [7]. 
However, plant biomass considered as “waste” can potentially be converted into various 
different value added products as illustrated in (Fig 1)including biofuels, chemicals, animal 
feed, textile and laundry, pulp and paper [8,9,10,11]. Production of ethanol and other 
alternative fuels from lignocellulosic biomass can reduce urban air pollution, decrease the 
release of carbon dioxide in the atmosphere, and provide new markets for agricultural 
wastes [12]. 
One effective approach to reduce the cost of enzyme production is to replace pure cellulose 
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industrial waste [14]. Continuous accumulation of industrial wastes poses a serious 
environmental problem [15,14,16]. 
 
Figure 1. Lignocellulose bioconversion into value-added by-products Howard et al., (2003) 
1.1. Cellulose 
Cellulose is composed of insoluble, linear chains of glucose units linked by β-1, 4-glucosidic 
bonds (Fig 2). It is composed of highly crystalline regions and (non-crystalline) regions 
forming a structure generally resistant to enzymatic hydrolysis, especially the crystalline 
regions [17]. The cellulose fibers are usually embedded in an amorphous matrix of 
hemicellulose and lignin [18]. The presence of lignin in the biomass lowers the 
biodegradability both of the cellulose and hemicellulose [19]. Numerous pretreatment 
methods including biological methods have been developed for separation of lignocellulosic 
to cellulose, hemicellulose, and lignin [6]. Biological methods based on the enzymology have 
been suggested [20,21]. According to [22] the main problem in cellulose hydrolysis is the 
secondary and tertiary structures, not the primary linkage structure. 
Chemically, cellulose (C6H10O5)n molecules are linear glucans [23,24,18]. Partial hydrolysis of 
cellulose produces a range of oligosaccharides including cellobiose, cellotriose, and 
cellotetrose [25,26]. Intra-molecular hydrogen bonds between hydroxyl groups on the same 
cellulose chains produce the high viscosity, and rigidity associated withcellulose polymers. 
The hydroxyl groups at the ends of each cellulose chain have different chemical properties. 
At one end of the cellulose chain the number one carbon contains an aldehyde hydrate 
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group with reducing activity, while at the other end the number four carbon is an alcoholic 
hydroxyl with non-reducing activity. In native cellulose the cellulose chains are oriented in a 
parallel super molecular structure (Fig 2) in which inter-molecular hydrogen bonding 
between contiguous cellulose molecules, results in a sheet-like structure in the cellulose 
fibers [6]. 
 
Figure 2. Structure of cellulose 
The hydrogen bond strength is 25 KJ/mol, which is almost one hundred times stronger than 
Van der Waals forces (about 0.15KJ/mol), but less than one-tenth the strength of the O-H 
covalent bond (460 KJ/mol) [27]. Both inter and intra chain hydrogen bonds, which result in 
a sufficiently packed structure that prevents penetration, not only by enzymes, but also by 
small molecules, such as water. However, some regions, e.g. non-crystalline regions, permit 
penetration by larger molecules, including cellulases [28]. Obviously, reduction of 
crystallinity of cellulose and removal of lignin and hemicellulose are important goals for any 
pretreatment process [29].  
1.2. Cellulolytic substrates under study (Wood dust). 
Cellulose and hemicellulose are macromolecules from different sugars. The composition 
and percentages of these polymers vary from one plant species to another. Moreover, the 
composition within a single plant varies with age, stage of growth, and other conditions 
[30,5]. Cellulose makes up about 45% of the dry weight of wood.  
Hemicellulose is a complex carbohydrate polymer and makes up 25–30% of total wood dry 
weight. It consists of D-xylose, D-mannose, D-galactose, D-glucose, L-arabinose, 4-O-
methyl-glucuronic, D-galacturonic and D-glucuronic acids. Sugars are linked together by ß-
1,4- and occasionally ß-1,3-glycosidic bonds [31]. Another major difference is the degree of 
polymerization, that hemicellulose has branches with short lateral chains consisting of 
different sugars [12]. 
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industrial waste [14]. Continuous accumulation of industrial wastes poses a serious 
environmental problem [15,14,16]. 
 
Figure 1. Lignocellulose bioconversion into value-added by-products Howard et al., (2003) 
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group with reducing activity, while at the other end the number four carbon is an alcoholic 
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Wood is an essential material for man. It is a material source for pulp and paper production, 
manure in the agricultural sector and fuel in the energy sector. Wood debris and by-product 
of wood processing pollutes the environment [32]. Wood wastes and their disposal have 
environmental concern worldwide especially when these wastes are biodegradable to useful 
goods [33]. DuPont, a company with environmental waste management, stated that ‘waste 
manufacturing may be a product looking for a market [34]. The use of biological 
degradation have greater advantages over the use of chemical degradation because 
biotechnological synthesized products are less toxic and environmentally friend [35]. 
Sawdust as a lignocellulosic material can undergo enzymatic degradation to produce 
protein, glucose, and subsequently ethanol [33]. 
1.3. Cellulases  
Cellulases are a group of hydrolytic enzymes capable of hydrolysing cellulose to smaller 
sugar components like glucose [36]. In industry, these celluloytic enzymes have found novel 
applications in the production of fermentable sugars, ethanol, organic acids, detergents, 
pulp and paper industry, textile industry and animal feed [37,38,39, 40, 41,16]. Today, these 
enzymes account for approximately 20% of the world enzyme market, mostly from 
Filamentous fungi, in particular Trichoderma and Aspergillus [42]. Cellulases can be divided 
into three major enzyme activity classes [43,44,45]; endoglucanses or endo1,4β-glucanase 
(EC 3.2.1.4), cellobiohydrolase (EC 3.2.1.91) and β-glucosidase (D-glucoside glucohydrolase) 
(EC 3.2.1.21) [46,47,48]. 
 
 
Figure 3. Different type of cellulase and their mode of action on cellulose 
Extensive research efforts have been focused on lowering the cost of enzyme production, 
such as: (1) Screening for organisms with novel enzymes; (2) Improvement of existing 
industrial organisms and enzyme engineering; (3) factors such as substrate, culturing 
conditions and recycling of enzymes [49]. Strain improvement, choice of substrate and 
culture conditions in relation to improvement of fungal cellulolytic enzyme production were 
also studied [50]. Other investigators have looked for cheaper substrates [51,52,48].  
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1.4. Cellulase structure 
Most fungal cellulases consist of two domains, i.e. a larger catalytic domain and a smaller 
cellulose binding domain (CBD) Table (1). These domains are joined by a glycosylated linker 
peptide [53,54]. The catalytic domain contains an active site [55]. The presence of CBD is 
essential to the degradation of solid crystalline cellulose [56,57]. Many studies have shown 
that removal of the CBD typically results in a decrease of about 50-80 % of the activity of 
fungal cellulases [58,59]. The biochemical role of a CBD is to keep the enzyme catalytic unit 
close to the substrate surface [60].  
 
Table 1. Properties of cellulases from Trichoderma reesei (Saloheimo et al., 1997). 
1.5. Cellulolytic organisms  
A wide variety of microbes including bacteria, fungi and actinomycetes are involved in the 
decomposition of cellulose, of which fungi have generally been considered to be the main 
cellulolytic organisms [61,62]. By 1976 more than 14000 fungi active against cellulose and 
other insoluble fibres had been collected [63,1]. Many fungi are capable of growing on 
cellulose as the sole carbon source, including those normally found on wood [64]. Fifty two 
fungal isolates with cellulolytic activities were isolated on Czapex' dox with a filterpaper 
and CMC agar media [65]. The cellulase systems of the mesophilic fungi Trichoderma reesei 
and Phanerochaete chrysosporium are the most thoroughly studied [66]. The production of 
cellulase by the members of genus Fusarium were investigated by several workers [67,68,69]. 
Filamentous fungi, particularly Aspergillus and Trichoderma species, are well known as 
efficient producers of these cellulases [70,71]. Trichoderma species are common soil 
inhabiting fungi with a strong ability to degrade cellulose [72,6]. Trichoderma reesei 
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produce two exo-glucanases (Table1) and at least six endoglucanases and two β- 
glucosidases [57,54,73]. The filamentous fungus Trichoderma reesei has a long history in the 
production of hydrolytic enzymes, which was widely used in the textile, pulp and paper 
industries [3,38].  
1.6. Enzyme applications 
1.6.1. In pulp and paper 
Novel enzyme technologies can reduce environmental problems, eliminating caustic 
chemicals for cleaning paper machines, reduce manufacturing costs and create novel high-
value products. Today recombinant DNA has allowed the cloning of enzymes modified for 
temperature and pH stability [74]. Cellulases have been used in many processes in the paper 
industry [75,76,77]. Endoglucanase treatment of pulps was shown to decrease the viscosity 
and chain length and increase the reactivity of a pulp made from eucalyptus and acacia [78]. 
Despite the progress achieved, more effort is needed for lignocellulosic enzymes and/or 
microorganisms to have significant industrial impact [74].  
1.6.2. Enzymatic deinking  
One of the greatest challenges in paper recycling is removal of contaminants; some of the 
most problematic contaminants are polymeric inks and coating. Toners such as those used 
in laser and xerographic copy machines are thermally fused to the surface of the printed 
page [79]. Cellulases are particularly effective in facilitating the removal of toners from 
office waste papers [30]. Kim et al.,(1991) showed that crude cellulases applied to pulps 
facilitate deinking [80].  
1.6.3. Textile industry 
Cellulases are important tools in the textile industry. They provide an economical and 
ecological way to treat cotton and cotton-containing fabrics. Pretreatment with cellulases 
reduces the pill-formation and increases the durability and softness of the fabric. Currently 
textile enzymes have a market value equivalent to 12% of the industrial enzyme market [81]. 
Today a commercial endoglucanase cellulase product, Cellulsoft Ultra L (expressed in 
genetically modified Aspergillus) is available from Novozymes [82]. 
Endoglucanases have been used to release the microfibrils from the surface of dyed 
cellulosic fabrics and thus to restore the original colors [83,84]. Trichoderma viride cellulase 
that removal of surface fibrils from linen fabrics can be accomplished without high weight 
losses or reduction in tensile strength [85].  
1.7. Bio-fuel 
In the 20th century, the world economy has been dominated by technologies that depend on 
fossil energy, such as petroleum, coal, or natural gas to produce fuels, chemicals and power 
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[86]. However, fossil energy sources are not infinite. Global crude oil production is 
predicted to decline from 25 billion barrels to approximately 5 billion barrels in 2050 [87]. A 
search for other energy sources is advisable. Biomass is a potential renewable energy source 
that could replace fossil energy for transportation [86]. Ethanol is used as a chemical 
feedstock. Brazil produces ethanol from the fermentation of cane juice whereas in the USA 
corn is used. In the USA, gasoline fuels contain up to 10% ethanol by volume [9] Ethanol 
blended with gasoline (10:90) reduces carbon monoxide emissions [12]. By December 2011 
there were nearly 10 million E85-capable vehicles (85% ethanol) on U.S roads [88]. 
Production of fuel ethanol from fermenting sugar or crops such as corn has dropped to 
around 800 thousand barrels per day (kb/d) in the US, according to the International Energy 
Agency’s latest Oil Market Report (OMR) 2012.  
1.8. Enhancing the feeding value of Agro-industrial by-products 
Agro-industrial by-products are wastes, often causing environmental pollution and hazard 
when left unutilized. As grain production remains insufficient to meet human and animal 
needs; the alternative is to employ feed ingredients which do not have direct human food 
value [89]. Changes in the protein and cellulose of agro-industrial by-products after 
fermentation with Aspergillus niger, Aspergillus flavus and Penicillium sp. in solid state [89] 
indicate the possibility of enhancing the feeding value of these by-products. Biological 
treatment of agricultural residues is a new method for improvement of digestibility [90]. 
Attempts are being made to improve the digestibility of lignocellulosic feeds by the use of 
microbial additives [91].  
2. Materials and methods 
2.1. Organism, cultivation and growth conditions 
Trichoderma sp FJ937359 previously isolated from Sharkia, Egypt, was cultivated on Czapek 
medium containing (1%) wood dust as a sole carbon source. The culture was incubated for 
14 days at 30°C on orbital shaker at 150 rpm. At the end of the incubationtime, residues 
were removed and the filtrate was centrifuge at 5000 rpm. The resulting clear supernatant 
was used as the source of crude enzymes [92]. 
2.2. Determination of enzyme activity 
Endoglucanase activity was routinely measured according to [93]. One ml appropriate 
filtrate dilution, was added to 1 ml of 1% carboxymethyl cellulose (CMC) dissolved in 50 
mM sodium acetate buffer, pH 5.0. After incubation at 50 °C for 60 min, the reaction was 
stopped by addition of 3 ml dinitrosalicylic acid. After 10 min in a boiling water bath, the 
enzymatic hydrolysis of CMC was determined at 540 nm. One unit of CMCase activity was 
dened as the amount of enzyme that released 1 μmol of reducing sugars as glucose 
equivalents min−1.  
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2.3. Determination of protein concentration 
The protein content of the crude enzyme was assayed by Folin-phenol reagent, using bovine 
serum albumin as a standard [94]. 
2.4. Purification of endoglucanases (CMCases) 
Trichoderma sp. Shmosa Tri FJ937359 culture filtrate was used as source of crude enzyme. 
Proteinwasprecipitated byslow addition of ammonium sulphate until the desirable 
saturation 80%. The obtained precipitated protein was resuspended in known volumeof 0.1 
M citrate phosphate buffer (pH 5.0) and dialyzed via cellophane bags (MWCO 10 KDa) 
against citrate-phosphate buffer (pH 5.0). A pharmacia sephadex G 100 column (2.5 x 90 cm) 
was used for purification of the dialyzed enzyme. The solid phase consists of sephadex G100 
(10 gm) swollen in 0.1 M citrate phosphate buffer (pH 5.0) for 24 hour at 4.0°C, sodiumazide 
(0.02%) was added to prevent any microbial growth. Fractions were collected and assayed 
for CMCase activity and protein content.  
2.5. Estimation of enzymes molecular weights 
For molecular weight determination, the enzyme preparations and known molecular weight 
markers were subjected to electrophoresis (SDS-PAGE) with 10% acrylamide gel; 0.2% CMC 
was incorporated into the separating gel prior to the addition of ammonium persulphate 
[95]. After electrophoresis, the gel was stained with Coomassie Blue R dye. For CMCase 
activity, the gel washed at room temperature in solution A (sodium phosphate buffer, pH 
7.2, containing isopropanol 40%), solution B (sodium phosphate buffer, pH 7.2) for 1 h, 
respectively then solution C (sodium posphate buffer, pH 7.2, containing 5 mM b- 
mercaptoethanol and 1 mM EDTA) at 4 °C overnight. The gel was then incubated at 37 °C 
for 4 h, stained with 1% Congo red for 30 min, destained in 1 M NaCl for 15 min [96], clear 
bands indicated the CMCase activitiy. 
2.6. Enzyme characteristics 
2.6.1. Effect of substrate concentration on CMCase I and II activities 
The (CMCase) activity was carried out for the two enzymes at different concentrations of the 
substrate (CMC): 0.12, 0.25, 0.5, 0.75, 1.0, 1.5, 2.0, 2.5 and 3.0 % at pH 5.0 using citrate-
phosphate buffer. Activity was determined using DNS reagent (3, 5-dinitrosalicylic acid) 
[93].  
2.6.2. Effect of reaction time on CMCase I and II activities 
(CMCase) activity was determined for the two enzymes CMCase I and II at different 
incubation time of reaction mixture; 15, 30, 60, 90, 120and 150min. Activity was determined 
as previously described. 
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2.6.3. Effect of reaction temperature on CMCase I and II activities 
The enzymatic activity of (CMCase) was estimated for CMCase I and II at the following 
reaction temperatures 20, 30, 40, 50, 60, 70 and 80C.  
2.6.4. Thermal stability of CMCase I and II 
The thermal stability of (CMCase)activity was tested by preheating of enzymes at 40, 50, 60 
and 70 C. Activity was estimated every 30 min. 
2.6.5. Effect of pH-value of reaction mixture on CMCase I and II activities 
The pH optima of the (CMCase) enzymes were determined at a pH range from 2 to 9, using 
citrate–phosphate buffer (0.1 M citric acid, 0.2 M Na2HPO4, pH 3.0 to 7.0), and Tris buffer 
(0.08 M Tris, 0.1 M HCl, pH for pH 8 and 9.0. The (CMCase)activity at each pH-value was 
estimated as previously described. 
2.6.6. pH-stability of CMCase I and II 
The pH stability of purified (CMCase)enzymes was determined by preincubation of 
enzymes at a pH range from 2 to 9for 24 hours [97] then activities were assayed as 
previously described at each pH value. 
2.6.7. Effect of some metallic ions on CMCase I and II activities 
The effect of KCl, NaCl, CaCl2, CoCl2, CuSO4.5H2O, ZnSO4.7H2O, MgSO4.7H2O, as well as 
EDTA and SDS at a concentration of 20 ug/ml of reaction mixture on CMCase I and II. 
Activities were investigated at optimum conditions as described before.  
2.6.8. Enzyme substrate specificity 
The specificity of the enzymes for their substrate was investigated using different substrates: 
CMC (control), Chitin, Starch, β. glucan, Xylan and Cellobiose.  
3. Experimental results 
3.1. Cellulase production  
There is a growing demand for specific, efficient and cheap cellulases. Therefore it is 
important to gain more information about the production, purification and activity of these 
enzymes produced by microorganisms. Cellulases yield appear to depend on factors like 
carbon source, pH value, temperature, aeration, growth time [98]. To establish a successful 
fermentation process it is necessary to make the environmental and nutritional conditions 
favorable for the microorganism for over-production of the desired metabolite [99]. Sawdust 
is reported to be more suitable for cellulase production as it gave the highest yield of 
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2.6.3. Effect of reaction temperature on CMCase I and II activities 
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3.1. Cellulase production  
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important to gain more information about the production, purification and activity of these 
enzymes produced by microorganisms. Cellulases yield appear to depend on factors like 
carbon source, pH value, temperature, aeration, growth time [98]. To establish a successful 
fermentation process it is necessary to make the environmental and nutritional conditions 
favorable for the microorganism for over-production of the desired metabolite [99]. Sawdust 
is reported to be more suitable for cellulase production as it gave the highest yield of 
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enzyme compared to bagasse and corncob [100]. The highest cellulase productivity with 
sawdust may be due to its very high percentage of cellulose which is the major component 
of cell walls of wood. 
The use of inexpensive biomass resources as substrates can help to reduce cellulase 
production cost [52]. Research efforts have been undertaken to replace the expensive carbon 
and nitrogen sources with cheap raw materials in the media to bring down the production 
cost of cellulases [48]. The use of agro-industrial residues as the basis for cultivation media is 
a matter of great interest, aiming to decrease the costs of enzyme production and meeting 
the increase in awareness on energy conservation and recycling. The negative attitude in 
which wastes are viewed as valueless, has been replaced by a positive view in which wastes 
are recognized as raw materials of potential value [49,101]. Production of low-cost 
cellulolytic enzymes using inexpensive growth media has been investigated by different 
research workers [102,103]. Lignocellulosic materials from crop residues, wood, and wood 
residues are considered as the least expensive sources of cellulosic substrates [104,105]. In 
our study wood dust was selected as substrate for CMCase productionby Trichoderma sp. 
(Tri) Shmosa Tri FJ937359. This selection was due to wood dust being widely available, 
relatively inexpensive and a highly cellulolytic substrate. 
3.2. Cellulases purification and activity 
The crude enzymes obtained from culture filtrate of Trichoderma sp. Shmosa Tri FJ937359 
grown on wood dust was subjected to a purification protocol. Results showed in table (2) 
indicated that specific activity increased to 62.86 U/mg (1.26 fold) by salting out compared 
with the crude enzyme. Many workers used ammonium sulphate for precipitation of 
Cellulase [106,107]. The results showed also that there are two peaks I and II for CMCase 
with specific activities 170.53 and 166.51 U/mg, respectively. The peaks were used for 
subsequent characterization and properties of enzymes. These purification techniques are 
comparable to those reported by [108,109,110,111] using sephadex G-100; sephadex G-150; 
sephadex G -50 and G -200 and superdex-200 HR respectively. 
 
Table 2. Purification profile (CMCases) produced by Trichoderma sp. grown on wood dust 
3.3. Enzymes molecular weights 
The molecular weights of CMCases were estimated using the technique of sodium dodecyl 
sulfate polyacrylamide gel electrophoresis (SDS-PAGE). The results showed that two clear 
bands appeared (I, II) when stained with 1% Congo red and destained in 1 M NaCl 
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(zymogram method), indicating the presence of CMCase activity (Fig 4). The results showed 
also that the molecular weights of the 2 enzymes I, II were, 58 KDa and 34 KDa, respectively 
Fig (4). These findings are in agreement with other investigators that reported the presence 
of different isoenzymes with different molecular weights of CMCase produced by various 
microorganisms [112,113,114]. Our results are also in comparable to these obtained by Holt 
and Hartman (1994), they use a zymogram method to detect endoglucanases from 
Trichoderma reesei [115]. The molecular weight of EG endoglucanase purified from the 
culture filtrate of Trichoderma sp. C-4, was 51 kDa [106]. The EGs of the mesophilic fungi 
Trichoderma reesei and Phanerochaete chrysosporium have molecular weight ranges from 25 to 
50 kDa [12]. However carboxymethyl cellulase purified from Trichoderma viride, was 
examined by (SDS-PAGE) and the molecular weight was 66kDa [116]. Two endoglucanases 
were purified to homogeneity (EG-III and EG-IV), from the culture filtrate of a mutant strain 
Trichoderma sp. M7, the molecular weights determined to be 49.7 and 47.5 kDa [114]. The 
difference in the molecular weights of CMCase enzymes may due to the biological aspect of 
the fungal strains, these aspects include intrinsic genomic traits, identity of the gene 
encoding enzyme and the proteomic level. 
 
Figure 4. SDS-PAGE profile of CMCase (I,II) from Trichoderma sp. (M) Standard protein markers, (A) 
Crude enzyme preparation, (B) dialyzed enzyme preparation, (C) active fractions of column 
chromatograph and (D) zymogram stain with Congo red 
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3.4. Effect of substrate concentration on CMCase I and II activities 
The results in Fig. (5) illustrate that the optimum specific activities of CMCase I and II were 
obtained at a substrate concentration of 1% (w/v). Increasing substrate concentration beyond 
1 % (w/v) caused a decrease in the specific activities of both enzymes. This is probably 
because at high substrate concentration, many substrate molecules are around the enzyme 
molecules, crowding the active site or may be bound to regions which are not the active site. 
These results are supported by Bakare, et al., (2005) who reported that the activities of 
cellulases are greatly influenced by the concentration of the substrate [107]. At a fixed 
enzyme concentration, an increase in the concentration of substrate results in an increase in 
enzyme activity until a saturation point is reached beyond which enzyme activity decreases. 
Our results showed also that the Km value of CMCase I and II were 4.0 and 3.1 mg per ml, 
respectively. Km values denote the amount of substrate needed to achieve half the maximal 
initial reaction rate [107]. Petrova et al., (2009) purified two endoglucanases EG-III and IV 
from Trichoderma sp. M7, which exhibited Km’s of 2.9 and 3.8 mg/ml, respectively [114]. 
 
Figure 5. Effect of substrate concentrations on the activities of the purified (CMCase I) and (CMCase II 
3.5. Effect of reaction time on CMcase I and II activities 
The results presented in Fig (6) showed that the highest specific activities of CMCase I and 
CMCase II were recorded after one hour. Our results also indicatethat CMCase I and II 
retained 25.2 and 42.3 % of their activities respectively, after 3 hours of reaction. Our data is 
in agreementwith previous studies that recorded the amount of reducing sugar produced 
under the action of cellulases; for Trichoderma koningii and Aspergillus niger reducing 
sugars gradually increased with the increase in incubation time and reach the maximum at 
60 min [67,117]. 
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Figure 6. Effect of reaction time on the activities of the purified (CMCase I) and (CMCase II). 
3.6. Effect of reaction temperature and thermal stability on CMcase I and II 
Data in Fig (7) illustrates that the specific activities of CMCase enzymes increased with 
increasing reaction temperature, reaching optimum values at 50°C for both CMCase I and II.  
 
Figure 7. Effect of reaction temperature on the activities of the purified (CMCase I) and (CMCase II)  
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In general, cellulases have high temperature optima when compared with other enzyme 
systems [108]. Cellulolytic enzyme activities increased with increasing temperatures up to 
60° to 65°C for the three enzyme components from Trichoderma longibrachiatum [118]. Ülker 
and Sprey, (1990) purified the low molecular weight endoglucanase from Trichoderma 
reesei and found the optimal temperature to be 52°C [119]. Petrova et al., (2009) stated that 
the optimal temperature values for two purified endoglucanases EG-III and EG-IV from 
Trichoderma sp. M7, were found to be 60°C and 50°C, respectively [114]. Our results show 
that the thermal inactivation of the purified CMCase I and II enzymes increased with 
increasing preheating temperature as well as exposure time (Fig 8). The enzymes can 
withstand 60 min at 50ºC without loss of enzymatic activity. The results also illustrate that 
CMCase I and II retained 14.0 and 26.5 % of their original activities after 90 min at 70°C. Our 
findings are in agreement with that reported for CMCase and FPase from Trichoderma sp. 
A-001 that lost 20–33% of their activities when kept at 60°C for 4 hours before assaying, and 
a beta-glucosidase that lost 37% of its activity when maintained at 70°C for 4 h [120]. 
Endoglucanase purified from the culture filtrate of Trichoderma sp. C-4 was assayed at 
various temperatures ranging between 30°C and 70°C and the optimum temperature was 
found to be 50°C. The enzyme showed stability at 50°C for 60 min but lost 50% of its 
maximal activity after 10 min at 60°C [106] 
 
Figure 8. Thermal stability of CMCase I and II  
 
Fungal Biodegradation of Agro-Industrial Waste 89 
The optimum temperature for C1cellulase of Trichoderma viride was found to be 40 °C [121]. 
El-Zawahry and Mostafa (1983) recorded that the optimum temperature for cellulases 
activities produced by Trichoderma viride ranged from 50 to 60 °C [67]. 
3.7. Effect of PH values of reaction mixture and PH stability on CMCase I and II 
Results in Fig. (9) show that the specific activities of CMCase I and II increase gradually with 
increasing pH of the reaction mixtures,reaching a maximal value at pH 5.0 for both CMCase 
I and II, consistent with other researchers [106,114]. Kalra et al., (1986) reported that purified 
enzyme preparations from Trichoderma longibrachiatum showed an optimal pH of 5.0 for 
CM cellulose [118]. However, Carboxymethyl cellulase purified from Trichoderma viride, 
showed an optimum pH 4.0 at 50 °C [116]. We also found that both CMCase I and II 
retained 23.2 and 22.9% of their activity at pH values as high as 9.0, respectively. The results 
in Fig (10) show that CMCase I was active at room temperature after 24 hrs over a broad pH 
range (3.0-9.0). On the other hand CMCase II was relatively stable in pH range (4.0-6.0). In 
general, the pH-stability curves of the enzymes are much broader than the pH-activity 
curves [108].  
Fungal cellulases, in general, are stable at over the pH range 3 – 8 and usually active over 
the pH range 3.5 to 7, in citrate, phosphate or acetate buffers [112]. The optimum activities of 
C1 and CX cellulases produced by Trichoderma viride was obtained at pH 5.0 [67]. Catriona et 
al. (1994) reported that the pH range over which the cellulases were highly active is fairly 
broad (pH 5.0 – 7.0) [123]. The instability of these enzymes at very low or very high pH 
values is due to the fact that they are proteins which are generally denatured at extreme 
pHvalues [124]. 
 
Figure 9. Effect of pH values of reaction mixture on the activities of the purified (CMCase I) and 
(CMCaseII)  
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Figure 10. pH stability of CMCase I and II 
3.8. Effect of some metallic ions and chemicals substances on CMCase I and II 
The obtained results in Fig. (11) show the inhibitory effect of metallic ions on the activities of 
CMCase I and II. CMCase I was found to be more sensitive than CMCase II. Co+2 was the 
most inhibitory ion for CMCase I, while Hg+2 was the most inhibitory ion for CMCase II. 
Heavy metal ions such as Hg+2 and Ag+ have significant or complete inhibitory effect on  
 
Figure 11. Effect of some metallic ions and chemicals on CMCase I and II produced by Trichoderma sp. 
grown 
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CMCase purified from Trichoderma viride [116]. Petrova et al., (2009) proved that Mn+2, 
Cu+2 and Pd+2 strongly inhibited EG-III and EG IVendoglucanases purified from 
Trichoderma sp [114]. These inhibitory effects may be due to the toxic effect of these ions. 
Our results also show complete inactivation of the two enzymes in presence of EDTA. 
EDTA is known as an ionic chelator [125] and its inhibition ability indicates that specific ions 
might be actively involved in the catalytic reaction of the enzyme [126]. EDTA inhibited 
enzyme activity at all concentrations while by low concentrations of Na+ and Mg++ 
stimulated enzyme activity [123]. 
3.9. Substrate specificity of CMCase I and II enzymes 
Both enzymes clearly have high hydrolytic activity towards carboxymethyl cellulose 
CMC,neither showed any hydrolytic activity against chitin, starch and cellobiose (Fig 12). 
On the other hand both CMCase I and II had relatively low hydrolytic activity towards β 
glucan and xylan. Ülker and Sprey, (1990) purified endoglucanase from Trichoderma reesei, 
gave a strong increase in CMC-fluidity but the enzyme had no specificity toward crystalline 
cellulose (Avicel) or xylan [119]. Purified endoglucanases from Trichoderma sp. EG-IV 
catalyzed the hydrolysis of Na-CMC whereas EG-III displayed high activity towards xylan 
[114]. Although Km values may serve only denote the amount of substrate needed to 
achieve half the maximal initial reaction rate [108], Km is a measure of the apparent affinity 
of an enzyme for its substrate [107]. An endo-1,4--D-glucanase I was purified from Bacillus 
circulans F-2. It showed a high-level of activity towards carboxymethyl cellulose (CMC) as 
well as p-nitrophenyl-b-D-cellobioside, xylan, Avicel and filter paper [127]. 
 
Figure 12. Substrate specificity of CMCase I and II 
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Finally, it could be concluded that fungi in generalconsidered to be potential candidates for 
the production of cellulases which seemed to be very important for different 
biotechnological aspects. The use of agro-industrial residues as the basis for cultivation 
media is a matter of great interest, aiming to decrease the costs of enzyme production and 
meeting the increase in awareness of energy conservation and recycling. In our study wood 
dust was selected as substrate for CMCase productionby Trichoderma sp. (Tri). Wood dust is 
a waste by-product from wood processing, as a result it is widely available, relatively 
inexpensive, and a highly cellulolytic substrate. Moroever, as compared to thermal 
degradation of agricultural, industrial wastes, biological degradation has great potential for 
both economic and ecological reasons. 
Our result showed that using wood dust as substrate Trichoderma sp. (Tri) produce high 
levels of endoglucanases (CMCase I and II). In terms of enzyme novelty from an 
applications perspective, interest is focused on not only finding enzymes which could break 
down lignocellulose much more rapidly, but also enzymes which could withstand pH, 
temperature and inhibitory agents. Our result showed that both purified CMCase I and II 
withstand high temperature 70C even after 90 min, making them good candidates for novel 
industrial applications. 
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Our result showed that using wood dust as substrate Trichoderma sp. (Tri) produce high 
levels of endoglucanases (CMCase I and II). In terms of enzyme novelty from an 
applications perspective, interest is focused on not only finding enzymes which could break 
down lignocellulose much more rapidly, but also enzymes which could withstand pH, 
temperature and inhibitory agents. Our result showed that both purified CMCase I and II 
withstand high temperature 70C even after 90 min, making them good candidates for novel 
industrial applications. 
Author details 
Shereen A. Soliman* 
Biology Department, Faculty of Science Jazan University, Saudi Arabia  
Botany department, Faculty of Science, Zagazig University, Egypt 
Yahia A. El-Zawahry and Abdou A. El-Mougith  
Botany department, Faculty of Science, Zagazig University, Egypt 
4. References 
[1] Esterbauer, H, Steiner, W, & Labudova, I. (1991). Production of Trichoderma cellulase in 
laboratory and pilot scale. Biores. Technol., 36, 51-65. 
[2] Jørgensen, H, Erriksson, T, & Börjesson, J. (2003). Purification and characterisation of 
7fivecellulases and one xylanases from Penicillium brasilianum IBT 20888. Enzyme 8 
Microb. Technol., 32, 851-861. 
[3] Béguin, P. (1990). Molecular biology of cellulose degradation. Annu. Rev. Microbiol, 44, 
219-248. 
[4] Zhang, Y, & Lynd, L. (2004). Toward an aggregated understanding of enzymatic 
hydrolysis of cellulose: Noncomplexed cellulase systems. Biotechnol Bioeng., 88, 797-
824. 
[5] Ding, S, & Himmel, M. (2006). The maize primary cell wall microfibril: A new model 
derived from direct visualization. J Agric Food Chem., 54, 597-606. 
                                                                 
* Corresponding Author 
 
Fungal Biodegradation of Agro-Industrial Waste 93 
[6] Lee, Y. (2005). Oxidation of Sugarcane Bagasse Using a Combination of Hypochlorite 
and Peroxide. A Thesis Submitted for partial fulfillment for the degree of Master of 
Science In Food Science. 
[7] Levine, J. (1996). Biomass burning and global change. In: Levine JS (eds) (Remote 
sensing and inventory development and biomass burning in Africa. The MIT Press, 
Cambridge, Massachusetts, USA, 1, 35. 
[8] Gadgil, N, Daginawala, H, Chakrabarti, T, & Khanna, P. (1995). Enhanced cellulose 
production by a mutant of Trichoderma reesei. Enzyme and Microbial Technology., 17, 
942-946. 
[9] Sun, Y, & Cheng, J. (2002). Hydrolysis of lignocellulosic materials for ethanol 
production: a review. Bioresource. Technol., 83, 1-11. 
[10] Beauchemin, K, Colombatto, D, Morgavi, D, & Yang, W. (2003). Use of exogenous 
fibrolytic enzymes to improve animal feed utilisation by ruminants. J. Anim. Sci., 81, 37-
47. 
[11] Doi, R. (2008). Cellulases of mesophilic microorganisms: cellulosome and non-
cellulosome producers. Annals of the New York Academy of Sciences., 1125, 267-279. 
[12] Perez, J, Munoz-dorado, J, De La Rubia, T, & Martinez, J. (2002). Biodegradation and 
biological treatments of cellulose, hemicellulose and lignin: an overview Int Microbio., 
5, 53-63. 
[13] Robinson, T, & Nigam, S. (2001). Solid-state fermentation: A promising microbial 
technology for secondary metabolite production, Appl. Microbiol. Biotechnol., 55, 284-
289.  
[14] Milala, M, Shehu, B, Zanna, H, & Omosioda, V. (2009). Degradation of Agro- waste by 
cellulose from Aspergillus candidusAsian Journal of biotechnology, 1, 51-56.  
[15] Liu, J, & Yang, J. (2007). Cellulase Production by T. koningii, Food Technol. Biotechnol., 
45, 420-425.  
[16] Karmakar, M, & Ray, R. (2010). Extra Cellular Endoglucanase Production by Rhizopus 
oryzae in Solid and Liquid State Fermentation of Agro Wastes.Asian Journal of 
Biotechnology, 2, 27-36.  
[17] Walker, L, & Wilson, D. (1991). Enzymatic hydrolysis of cellulose: An Overview. Biores. 
Technol.,36, 3-14. 
[18] Klass, L. (1998). Biomass for renewable energy, fuels, and chemicals. Academic Press, 
San Diego, California. 
[19] Pareek, S, Azuma, J, Shimizu, Y, & Matsui, S. (2000). Hydrolysis of newspaper 
polysaccharides under sulfate reducing and methane producing conditions. 
Biodegradation., 11, 229-237.  
[20] Banjo, N, & Kuboye, A. (2000). Comparion of the effectiveness of some common Agro-
industrial wastes in growing three tropical edible mushrooms. Proceedings of the 
Internal Conference on Biotechnology: Commercialization and Food Saftly, Nigeria, 
161-168. 
[21] Wuyep, P, Khan, A, & Nok, A. (2003). Production and regulation of lignin degrading 
enzymes from Lentinus squarrosulus (mont) Singer and Psathyrella atroumbonata 
Pengler. Afr. J. Biotechnol., 2, 444-447. 
 
Cellulose – Biomass Conversion 94 
[22] Tsao, G, Ladisch, M, Ladisch, C, Hsu, T, Dale, B, & Chou, T. (1978). Fermentation 
substrates from cellulosic materials: productionof fermentable sugars from cellulosic 
materials: Annual reports on fermentation processes. Chapter 1, Academic Press,New 
York, NY., 2 
[23] Segal, L. (1971). Cellulose and cellulose derivatives, Wiley, New York. 
[24] Bertran, M, & Dale, B. (1986). Determination of cellulose accessibility by differential 
scanning calorimetry. J. Appl. Polym. Sci., 32, 4241-4253. 
[25] Sjöström, E. (1981). Wood chemistry: Fundamental and application. Academic Press, 
New York. 
[26] Feller, R, Lee, S, & Bogaard, J. (1986). The kinetic of cellulose deterioration. Advances in 
Chemistry, 212, 329-347. 
[27] Krässig, H. (1993). Cellulose: Structure, accessibility, and reactivity. Gordon and Breach 
Science Publishers S.A. 6-13, 187-205. 
[28] Lynd, L, Weimer, P, van Zyl, W, & Pretorius, (2002): Microbial Cellulose Utilization: 
Fundamentals and Biotechnology. Microbiology and Molecular Biology Reviews, 66, 
506-577. 
[29]  Wu, Z, & Lee, Y. (1997). Ammonia recycled percolation as a complementary 
pretreatment to the dilute-acid process. Appl. Biochem. Biotech., 65, 21-34. 
[30] Jeffries, T. (1994). Biodegradation of lignin and hemicelluloses, In: Ratledge C (ed.) 
Biochemistry of microbial degradation. Kluwer, Dordrecht. , 233-277. 
[31] Kuhad, R. (1997). Microorganisms and enzymes involved in the degradation of plant 
fiber cell walls Springer Verlag. 
[32] Williams, B. (2001). Biotechnology; from A to Z, 2nd edition, Oxford Press, New York, 
384-385. 
[33] Shide, E, Wuyep, P, & Nok, A. (2004). Studies on the degradation of wood sawdust by 
Lentinus squarrosulus (Mont.) Singer African Journal of Biotechnology., 3, 395-398. 
[34] Keith, D. (1994). Enviro-Mangement: How Smart companies turn environmental costs 
into profit Prentice-Hall, USA, 1-18. 
[35] Liu, C, Wang, Y, Ouyang, F, Ye, H, & Li, G. (1998). Production of artemisimin by hairy 
root cultures of Artemisia annua L in bioreactor. Biotechnol. Lett., 20, 265-268. 
[36] Chellapandi, P, & Himanshu, M. (2008). Production of endoglucanase by the native 
strains of Streptomyces isolates in submerged fermentation. Braz. J. Microbiol., 39, 122-
127. 
[37] Luo, J, Xia, L, Lin, J, & Cen, P. (1997). Kinetics of simultaneous saccharification and 
lactic acid fermentation processes. Biotechnol. Prog., 13, 762-767. 
[38] Oksanen, T, Pere, J, Paavilainen, L, Buchert, J, & Viikari, L. (2000). Treatment of recycled 
kraft pulps with Trichoderma reesei hemicellulases and cellulases. J Biotechnol., 78, 39-
48. 
[39] Miettinen-Oinonen, J, Londesborough, V, Joutsjoki, R, & Lantto, J. Vehmaanper, (2004). 
Three cellulases from Melanocarpus albomyces for textile treatment at neutral pH. 
Enzyme Microb. Technol., 34, 332-341. 
[40] Kaur, J, Chadha, B, Kumar, B, & Saini, H. (2007). Purification and characterization of 
two endoglucanases from Melanocarpus sp. MTCC 3922. Bioresour. Technol., 98 74-81. 
 
Fungal Biodegradation of Agro-Industrial Waste 95 
[41] Zhou, J, Wang, Y, Chu, J, Zhuang, Y, Zhang, S, & Yin, P. (2008). Identification and 
purification of the main components of cellulases from a mutant strain of Trichoderma 
viride T 100-14. Bioresour. Technol., 99, 6826-6833. 
[42] Omosajola, P, & Jilani, O. (2008b). Cellulase production by Trichoderma longi, 
Aspergillus niger, Saccharomyces cerevisae cultured on waste materials from orange. 
Pak. J. Biol. Sci., 11, 2382-2388. 
[43] Goyal, A, Ghosh, B, & Eveleigh, D. (1991). Characterisation of fungal cellulases. Biores. 
Technol., 36, 37 50. 
[44] Rabinovich, M, Melnik, M, & Bolobova, A. (2002a). Microbial cellulases: A review. 
Appl. Biochem. Microbiol., 38, 305-321. 
[45] Rabinovich, M, Melnik, M, & Bolobova, A. (2002b). The structure and mechanism of 
action of cellulolytic enzymes. Biochemistry (Moscow), 67, 850-871. 
[46] Kang, S, Eh, K, Lee, J, & Kim, S. (1999). Over production of glucosidase by Aspergillus 
niger mutant from lignocellulosic biomass. Biotechnol. Lett., 21, 647-650. 
[47] Gao, J, Weng, H, Zhu, D, Yuan, M, Guan, F, & Xi, Y. (2008). Production and 
characterization of cellulolytic enzymes from the thermoacidophilic fungal Aspergillus 
terreus M11 under solidstate cultivation of corn stover. Bioresource Technology, 
99,7623-7629. 
[48] Han, L, Feng, J, Zhu, C, & Zhang, X. (2009). Optimizing cellulase production of 
Penicillium waksmanii F10-2 with response surface methodology African Journal of 
Bio-technology., 8, 3879-3886. 
[49] Howard, R, Abotsi, E, & Rensburg, E. (2003). Lignocellulose biotechnology : issues of 
bioconversion and enzyme production African Journal of Biotechnology., 2, 602-619. 
[50] Persson, I, Tjerneld, F, & Hagerdal, B. (1991). Fungal cellulolytic enzyme production. 
Process Biochem., 26, 65-74. 
[51] Szakacs, G, & Tengerdy, R. (1997). Lignocellulolytic enzyme production on pretreated 
poplar wood by filamentous fungi. World J. Microbiol. Biotechnol., 13, 487-490. 
[52] Wen, Z, Liao, W, & Chen, S. (2005). Production of cellulase/ β glucosidase by the mixed 
fungi culture Trichoderma reesei and spergillus phoenicis on dairy manure. Process 
Biochemistry, 40, 3087-3094. 
[53] Teeri, T, Reinikainen, T, Ruohonen, L, Jones, T, & Knowles, J. (1992). Domain function 
in Trichoderma reesei cellobiohydrolases. J. Biotechnol., 24, 169-176. 
[54] Saloheimo, M, Nakari-setälä, T, Tenkanen, M, & Penttilä, M. (1997). cDNA cloning of a 
Trichoderma reesei cellulase and demonstration of endoglucanase activity by 
expression in yeast. Eur. J. Biochem., 249, 584-591. 
[55] Reinikainen, T. (1994). The cellulose-binding domain of cellobiohydrolase I from 
Trichoderma reesei. Interaction with cellulose and application in protein 
immobilization. Academic dissertation. Espoo: VTT Publications 206. 115 p. + app. 46 p. 
[56] Tomme, P, Van Tilbeurgh, H, Petterson, G, Van Damme, J, Vandekerckhove, J, 
Knowles, J, Teeri, T, & Claeyssens, M. (1988). Studies of the cellulolytic system of 
Trichoderma reesei QM9414: Analysis of domain function in two cellulobiohydrolases 
by limited proteolysis. Eur. J. Biochem., 170, 575-581. 
 
Cellulose – Biomass Conversion 94 
[22] Tsao, G, Ladisch, M, Ladisch, C, Hsu, T, Dale, B, & Chou, T. (1978). Fermentation 
substrates from cellulosic materials: productionof fermentable sugars from cellulosic 
materials: Annual reports on fermentation processes. Chapter 1, Academic Press,New 
York, NY., 2 
[23] Segal, L. (1971). Cellulose and cellulose derivatives, Wiley, New York. 
[24] Bertran, M, & Dale, B. (1986). Determination of cellulose accessibility by differential 
scanning calorimetry. J. Appl. Polym. Sci., 32, 4241-4253. 
[25] Sjöström, E. (1981). Wood chemistry: Fundamental and application. Academic Press, 
New York. 
[26] Feller, R, Lee, S, & Bogaard, J. (1986). The kinetic of cellulose deterioration. Advances in 
Chemistry, 212, 329-347. 
[27] Krässig, H. (1993). Cellulose: Structure, accessibility, and reactivity. Gordon and Breach 
Science Publishers S.A. 6-13, 187-205. 
[28] Lynd, L, Weimer, P, van Zyl, W, & Pretorius, (2002): Microbial Cellulose Utilization: 
Fundamentals and Biotechnology. Microbiology and Molecular Biology Reviews, 66, 
506-577. 
[29]  Wu, Z, & Lee, Y. (1997). Ammonia recycled percolation as a complementary 
pretreatment to the dilute-acid process. Appl. Biochem. Biotech., 65, 21-34. 
[30] Jeffries, T. (1994). Biodegradation of lignin and hemicelluloses, In: Ratledge C (ed.) 
Biochemistry of microbial degradation. Kluwer, Dordrecht. , 233-277. 
[31] Kuhad, R. (1997). Microorganisms and enzymes involved in the degradation of plant 
fiber cell walls Springer Verlag. 
[32] Williams, B. (2001). Biotechnology; from A to Z, 2nd edition, Oxford Press, New York, 
384-385. 
[33] Shide, E, Wuyep, P, & Nok, A. (2004). Studies on the degradation of wood sawdust by 
Lentinus squarrosulus (Mont.) Singer African Journal of Biotechnology., 3, 395-398. 
[34] Keith, D. (1994). Enviro-Mangement: How Smart companies turn environmental costs 
into profit Prentice-Hall, USA, 1-18. 
[35] Liu, C, Wang, Y, Ouyang, F, Ye, H, & Li, G. (1998). Production of artemisimin by hairy 
root cultures of Artemisia annua L in bioreactor. Biotechnol. Lett., 20, 265-268. 
[36] Chellapandi, P, & Himanshu, M. (2008). Production of endoglucanase by the native 
strains of Streptomyces isolates in submerged fermentation. Braz. J. Microbiol., 39, 122-
127. 
[37] Luo, J, Xia, L, Lin, J, & Cen, P. (1997). Kinetics of simultaneous saccharification and 
lactic acid fermentation processes. Biotechnol. Prog., 13, 762-767. 
[38] Oksanen, T, Pere, J, Paavilainen, L, Buchert, J, & Viikari, L. (2000). Treatment of recycled 
kraft pulps with Trichoderma reesei hemicellulases and cellulases. J Biotechnol., 78, 39-
48. 
[39] Miettinen-Oinonen, J, Londesborough, V, Joutsjoki, R, & Lantto, J. Vehmaanper, (2004). 
Three cellulases from Melanocarpus albomyces for textile treatment at neutral pH. 
Enzyme Microb. Technol., 34, 332-341. 
[40] Kaur, J, Chadha, B, Kumar, B, & Saini, H. (2007). Purification and characterization of 
two endoglucanases from Melanocarpus sp. MTCC 3922. Bioresour. Technol., 98 74-81. 
 
Fungal Biodegradation of Agro-Industrial Waste 95 
[41] Zhou, J, Wang, Y, Chu, J, Zhuang, Y, Zhang, S, & Yin, P. (2008). Identification and 
purification of the main components of cellulases from a mutant strain of Trichoderma 
viride T 100-14. Bioresour. Technol., 99, 6826-6833. 
[42] Omosajola, P, & Jilani, O. (2008b). Cellulase production by Trichoderma longi, 
Aspergillus niger, Saccharomyces cerevisae cultured on waste materials from orange. 
Pak. J. Biol. Sci., 11, 2382-2388. 
[43] Goyal, A, Ghosh, B, & Eveleigh, D. (1991). Characterisation of fungal cellulases. Biores. 
Technol., 36, 37 50. 
[44] Rabinovich, M, Melnik, M, & Bolobova, A. (2002a). Microbial cellulases: A review. 
Appl. Biochem. Microbiol., 38, 305-321. 
[45] Rabinovich, M, Melnik, M, & Bolobova, A. (2002b). The structure and mechanism of 
action of cellulolytic enzymes. Biochemistry (Moscow), 67, 850-871. 
[46] Kang, S, Eh, K, Lee, J, & Kim, S. (1999). Over production of glucosidase by Aspergillus 
niger mutant from lignocellulosic biomass. Biotechnol. Lett., 21, 647-650. 
[47] Gao, J, Weng, H, Zhu, D, Yuan, M, Guan, F, & Xi, Y. (2008). Production and 
characterization of cellulolytic enzymes from the thermoacidophilic fungal Aspergillus 
terreus M11 under solidstate cultivation of corn stover. Bioresource Technology, 
99,7623-7629. 
[48] Han, L, Feng, J, Zhu, C, & Zhang, X. (2009). Optimizing cellulase production of 
Penicillium waksmanii F10-2 with response surface methodology African Journal of 
Bio-technology., 8, 3879-3886. 
[49] Howard, R, Abotsi, E, & Rensburg, E. (2003). Lignocellulose biotechnology : issues of 
bioconversion and enzyme production African Journal of Biotechnology., 2, 602-619. 
[50] Persson, I, Tjerneld, F, & Hagerdal, B. (1991). Fungal cellulolytic enzyme production. 
Process Biochem., 26, 65-74. 
[51] Szakacs, G, & Tengerdy, R. (1997). Lignocellulolytic enzyme production on pretreated 
poplar wood by filamentous fungi. World J. Microbiol. Biotechnol., 13, 487-490. 
[52] Wen, Z, Liao, W, & Chen, S. (2005). Production of cellulase/ β glucosidase by the mixed 
fungi culture Trichoderma reesei and spergillus phoenicis on dairy manure. Process 
Biochemistry, 40, 3087-3094. 
[53] Teeri, T, Reinikainen, T, Ruohonen, L, Jones, T, & Knowles, J. (1992). Domain function 
in Trichoderma reesei cellobiohydrolases. J. Biotechnol., 24, 169-176. 
[54] Saloheimo, M, Nakari-setälä, T, Tenkanen, M, & Penttilä, M. (1997). cDNA cloning of a 
Trichoderma reesei cellulase and demonstration of endoglucanase activity by 
expression in yeast. Eur. J. Biochem., 249, 584-591. 
[55] Reinikainen, T. (1994). The cellulose-binding domain of cellobiohydrolase I from 
Trichoderma reesei. Interaction with cellulose and application in protein 
immobilization. Academic dissertation. Espoo: VTT Publications 206. 115 p. + app. 46 p. 
[56] Tomme, P, Van Tilbeurgh, H, Petterson, G, Van Damme, J, Vandekerckhove, J, 
Knowles, J, Teeri, T, & Claeyssens, M. (1988). Studies of the cellulolytic system of 
Trichoderma reesei QM9414: Analysis of domain function in two cellulobiohydrolases 
by limited proteolysis. Eur. J. Biochem., 170, 575-581. 
 
Cellulose – Biomass Conversion 96 
[57] Srisodsuk, M. (1994). Mode of Action of Trichoderma reesei Cellobiohydrolase I on 
Crystalline Cellulose. Finland: VTT Publications, Espoo, Durand H, Clanet M, Tiraby G. 
1988 Genetic improvement of Trichoderma reesei for large scale cellulase production. 
Enzyme Microb Technol., 10, 341-346. 
[58] Reinikainen, T, Teleman, O, & Teeri, T. (1995). Effects of pH and ionic strength on the 
adsorption and activity of native and mutated cellobiohydrolase I from Trichoderma 
reesei. Proteins, 22, 392-403. 
[59] Suurnäkki, A, Tenkanen, M, Siika-aho, M, Niku-paavola, M, Viikari, L, & Buchert, J. 
(2000). Trichoderma reesei cellulases and their core domains in the hydrolysis and 
modification of chemical pulp. Cellulose., 7, 189-209. 
[60] Esteghlalian, A, Srivastava, V, Gilkes, N, Kilburn, D, Warren, R, & Saddler, J. (2001). Do 
Cellulose Binding Domains Increase Substrate Accessibility? Applied Biochemistry and 
Biotechnology, 91-93, 575-592. 
[61] Cowling, E. (1958). A Review Literature on the Enzymatic Degradation of Wood and 
Cellulose. USDA Forest Service Report, (2116) 
[62] Khalid, M, & Yang, W. Kishwar, N; Rajput, Z. and Arijo A. ((2006). Study of cellulolytic 
soil fungi and two nova species and new medium J Zhejiang Univ SCIENCE B, 7, 459-
466. 
[63] Mandels, M, & Sternberg, D. (1976). Recent advances in cellulase technology. Ferment. 
Technol., 54, 267-286. 
[64] Benoliel, B, Fabrício, B, Castelo-branco, A, De Siqueira, S, Parachin, N, & Fernando, A. 
(2005). Hydrolytic enzymes in Paracoccidioides brasiliensis- ecological aspects. Genetics 
and Molecular Research, 2, 450-561. 
[65] Punnapayak, H, Kuhirun, M, & Thanonkeo, P. (1999). Cellulolytic fungi and the 
bioconversion of fiber from Agave sisalana Science Asia., 25, 133-136. 
[66] Kirk, K, & Cullen, D. (1998). Enzymology and molecular genetics of wood degradation 
by white rot fungi. In: Young RA, Akhtar M (eds) Environmental friendly technologies 
for pulp and paper industry. Wiley, New York, 273-307. 
[67] El-Zawahry, Y, & Mostafa, I. (1983). Study on the production of cellulase enzyme by 
non-irradiated and irradiated isolates of Trichoderma viride. Rad. Res., 15, 103-110. 
[68] Singh, A, & Kumar, P. (1991). Fusarium oxysporum: status in bioethanol production. 
Critical Reviews in Biotechnology., 11, 129-147. 
[69] Murali, H, Mohan, M, Manja, K, & Sankaran, R. (2004). Cellulolytic activity of four 
Fusarium spp. World Journal of Microbiology and Biotechnology., 10, 487 
[70] Peij, N, Gielkens, M, Veries, R, Visser, J, & Graaff, L. (1998). The transcriptional 
activator XlnR Regulates both xylanolytic and endoglucanase gene expression in 
Aspergillus niger. Appl. Environ. Microbiol., 64, 3615-3619. 
[71] Singh, A, Singh, N, & Bishnoi, N. (2009). Production of Cellulases by Aspergillus 
Heteromorphus from wheat straw under submerged fermentation. International 
Journal of Environmental Science and Engineering, 1, 23-26. 
[72] Frisvad, J, & Thrane, U. (2000). Mycotoxin production by common filamentous fungi. 
In: Introductionto food and airborne fungi, 6th ed. (Samson et al. Eds.). Centraalbureau 
voor Schimmelcultures, Utrecht, Netherlands., 321-331. 
 
Fungal Biodegradation of Agro-Industrial Waste 97 
[73] Saloheimo, M, Kuja-panula, J, Ylösmäki, E, Ward, M, & Penttilä, M. (2002). Enzymatic 
properties and intracellular localization of the novel Trichodermareesei β-glucosidase 
BGLII (Cel1A). Appl. Environ. Microbiol., 68, 4546-4553. 
[74] Kenealy, W, & Jeffries, T. (2003). Enzyme Processes for Pulp and Paper: A Review of 
Recent Developments, In Wood deterioration and preservation advances in our 
changing world / Barry Goodell, Darrel D. Nicholas, Tor P. Schultz, Chapter 12 page , 
210-239. 
[75] Jacobs, C, Venditti, R, & Joyce, T. (1997). Effect of enzyme pretreatments on 
conventional kraft pulpingtappi pulping conference, San Francisco, 593-601. 
[76] Jacobs, C, Venditti, R, & Joyce, T. (1998). Effects of enzymatic pre-treatment on the 
diffusion of sodium hydroxide in wood”, TAPPI, 81, 260-266. 
[77] Bajpai, P. (1999). Application of enzymes in the pulp and paper industry. Biotechnol. 
Prog., 15, 147-157. 
[78] Rahkamo, L, Siika-aho, M, Vehviläinen, M, Dolk, L, Viikari, P, Nousiainen, p, & 
Buchert, j. (1996). Modification of hardwood dissolving pulp with purified Trichoderma 
reesei cellulases. Cellulose, 3, 153-163. 
[79] Gubitz, G, Mansfield, S, Bohm, D, & Saddler, J. (1998). Effect of endoglucanases and 
hemicellulases in magnetic and flotation deinking of xerographic and laser-printed 
paper, J. BiotechnoL., 65, 209 215. 
[80] Kim, T, Ow, S, & Eom, T. (1991). Tappi Pulping Conference Proceedings. TAPPI PRESS, 
Atlanta. 
[81] Heikinheimo, L. (2002). Trichoderma reesei cellulases in processing of cotton. 
Dissertation for the degree of Doctor of Technology. Espoo. VTT Publications 483.  
[82] Liu, J.; Otto, E.; Lange, N.; Husain, P.; Condon, B. and Lund, H. (2000): Selecting 
cellulases for Bio polishing based on enzyme selectivity and process conditions. Textile 
Chemist and Colorist, 32, 30–36.  
[83] Asferg, L, & Videbaek, T. (1990). Softening and polishing of cotton fabrics by cellulose 
treatment. ITB., 2, 5-8. 
[84] Tyndall, R. (1992). Application of cellulase enzymes to cotton fabrics and garments. 
Textile Chem. Color., 24, 23-26. 
[85] Buschle-diller, G, Zeronian, S, Pan, N, & Yoon, M. (1994). Enzymatic hydrolysis of 
cotton, linen, ramie and viscose rayon fabrics. Textile Res. J., 64, 270-279. 
[86] Paster, M. (2003). Industrial bioproduct: Today and tomorrow. U.S. Department of 
Energy, Office of Energy Efficiency and Renewable Energy, Office of the Biomass 
Program. Washington, D.C. 
[87] Campbell, C, & Laherrere, J. (1998). The end of cheap oil. Sci. Am., 3, 78-83. 
[88] Motavalli, J. (2012). Flex-Fuel Amendment Makes for Strange Bedfellows". The New 
York Times. 
[89] Iyayi, E. (2004). Changes in the cellulose, sugar and crude protein contents of agro 
industrial by-products fermented with Aspergillus niger, Aspergillus flavus and 
Penicillium sp. African Journal of Biotechnology., 3, 186-188. 
[90] Jalk, D, Nerud, R, & Siroka, P. (1998). The effectiveness of biological treatment of wheat 
straw by white rot fungi. Folia Microbiol., 43, 687-689. 
 
Cellulose – Biomass Conversion 96 
[57] Srisodsuk, M. (1994). Mode of Action of Trichoderma reesei Cellobiohydrolase I on 
Crystalline Cellulose. Finland: VTT Publications, Espoo, Durand H, Clanet M, Tiraby G. 
1988 Genetic improvement of Trichoderma reesei for large scale cellulase production. 
Enzyme Microb Technol., 10, 341-346. 
[58] Reinikainen, T, Teleman, O, & Teeri, T. (1995). Effects of pH and ionic strength on the 
adsorption and activity of native and mutated cellobiohydrolase I from Trichoderma 
reesei. Proteins, 22, 392-403. 
[59] Suurnäkki, A, Tenkanen, M, Siika-aho, M, Niku-paavola, M, Viikari, L, & Buchert, J. 
(2000). Trichoderma reesei cellulases and their core domains in the hydrolysis and 
modification of chemical pulp. Cellulose., 7, 189-209. 
[60] Esteghlalian, A, Srivastava, V, Gilkes, N, Kilburn, D, Warren, R, & Saddler, J. (2001). Do 
Cellulose Binding Domains Increase Substrate Accessibility? Applied Biochemistry and 
Biotechnology, 91-93, 575-592. 
[61] Cowling, E. (1958). A Review Literature on the Enzymatic Degradation of Wood and 
Cellulose. USDA Forest Service Report, (2116) 
[62] Khalid, M, & Yang, W. Kishwar, N; Rajput, Z. and Arijo A. ((2006). Study of cellulolytic 
soil fungi and two nova species and new medium J Zhejiang Univ SCIENCE B, 7, 459-
466. 
[63] Mandels, M, & Sternberg, D. (1976). Recent advances in cellulase technology. Ferment. 
Technol., 54, 267-286. 
[64] Benoliel, B, Fabrício, B, Castelo-branco, A, De Siqueira, S, Parachin, N, & Fernando, A. 
(2005). Hydrolytic enzymes in Paracoccidioides brasiliensis- ecological aspects. Genetics 
and Molecular Research, 2, 450-561. 
[65] Punnapayak, H, Kuhirun, M, & Thanonkeo, P. (1999). Cellulolytic fungi and the 
bioconversion of fiber from Agave sisalana Science Asia., 25, 133-136. 
[66] Kirk, K, & Cullen, D. (1998). Enzymology and molecular genetics of wood degradation 
by white rot fungi. In: Young RA, Akhtar M (eds) Environmental friendly technologies 
for pulp and paper industry. Wiley, New York, 273-307. 
[67] El-Zawahry, Y, & Mostafa, I. (1983). Study on the production of cellulase enzyme by 
non-irradiated and irradiated isolates of Trichoderma viride. Rad. Res., 15, 103-110. 
[68] Singh, A, & Kumar, P. (1991). Fusarium oxysporum: status in bioethanol production. 
Critical Reviews in Biotechnology., 11, 129-147. 
[69] Murali, H, Mohan, M, Manja, K, & Sankaran, R. (2004). Cellulolytic activity of four 
Fusarium spp. World Journal of Microbiology and Biotechnology., 10, 487 
[70] Peij, N, Gielkens, M, Veries, R, Visser, J, & Graaff, L. (1998). The transcriptional 
activator XlnR Regulates both xylanolytic and endoglucanase gene expression in 
Aspergillus niger. Appl. Environ. Microbiol., 64, 3615-3619. 
[71] Singh, A, Singh, N, & Bishnoi, N. (2009). Production of Cellulases by Aspergillus 
Heteromorphus from wheat straw under submerged fermentation. International 
Journal of Environmental Science and Engineering, 1, 23-26. 
[72] Frisvad, J, & Thrane, U. (2000). Mycotoxin production by common filamentous fungi. 
In: Introductionto food and airborne fungi, 6th ed. (Samson et al. Eds.). Centraalbureau 
voor Schimmelcultures, Utrecht, Netherlands., 321-331. 
 
Fungal Biodegradation of Agro-Industrial Waste 97 
[73] Saloheimo, M, Kuja-panula, J, Ylösmäki, E, Ward, M, & Penttilä, M. (2002). Enzymatic 
properties and intracellular localization of the novel Trichodermareesei β-glucosidase 
BGLII (Cel1A). Appl. Environ. Microbiol., 68, 4546-4553. 
[74] Kenealy, W, & Jeffries, T. (2003). Enzyme Processes for Pulp and Paper: A Review of 
Recent Developments, In Wood deterioration and preservation advances in our 
changing world / Barry Goodell, Darrel D. Nicholas, Tor P. Schultz, Chapter 12 page , 
210-239. 
[75] Jacobs, C, Venditti, R, & Joyce, T. (1997). Effect of enzyme pretreatments on 
conventional kraft pulpingtappi pulping conference, San Francisco, 593-601. 
[76] Jacobs, C, Venditti, R, & Joyce, T. (1998). Effects of enzymatic pre-treatment on the 
diffusion of sodium hydroxide in wood”, TAPPI, 81, 260-266. 
[77] Bajpai, P. (1999). Application of enzymes in the pulp and paper industry. Biotechnol. 
Prog., 15, 147-157. 
[78] Rahkamo, L, Siika-aho, M, Vehviläinen, M, Dolk, L, Viikari, P, Nousiainen, p, & 
Buchert, j. (1996). Modification of hardwood dissolving pulp with purified Trichoderma 
reesei cellulases. Cellulose, 3, 153-163. 
[79] Gubitz, G, Mansfield, S, Bohm, D, & Saddler, J. (1998). Effect of endoglucanases and 
hemicellulases in magnetic and flotation deinking of xerographic and laser-printed 
paper, J. BiotechnoL., 65, 209 215. 
[80] Kim, T, Ow, S, & Eom, T. (1991). Tappi Pulping Conference Proceedings. TAPPI PRESS, 
Atlanta. 
[81] Heikinheimo, L. (2002). Trichoderma reesei cellulases in processing of cotton. 
Dissertation for the degree of Doctor of Technology. Espoo. VTT Publications 483.  
[82] Liu, J.; Otto, E.; Lange, N.; Husain, P.; Condon, B. and Lund, H. (2000): Selecting 
cellulases for Bio polishing based on enzyme selectivity and process conditions. Textile 
Chemist and Colorist, 32, 30–36.  
[83] Asferg, L, & Videbaek, T. (1990). Softening and polishing of cotton fabrics by cellulose 
treatment. ITB., 2, 5-8. 
[84] Tyndall, R. (1992). Application of cellulase enzymes to cotton fabrics and garments. 
Textile Chem. Color., 24, 23-26. 
[85] Buschle-diller, G, Zeronian, S, Pan, N, & Yoon, M. (1994). Enzymatic hydrolysis of 
cotton, linen, ramie and viscose rayon fabrics. Textile Res. J., 64, 270-279. 
[86] Paster, M. (2003). Industrial bioproduct: Today and tomorrow. U.S. Department of 
Energy, Office of Energy Efficiency and Renewable Energy, Office of the Biomass 
Program. Washington, D.C. 
[87] Campbell, C, & Laherrere, J. (1998). The end of cheap oil. Sci. Am., 3, 78-83. 
[88] Motavalli, J. (2012). Flex-Fuel Amendment Makes for Strange Bedfellows". The New 
York Times. 
[89] Iyayi, E. (2004). Changes in the cellulose, sugar and crude protein contents of agro 
industrial by-products fermented with Aspergillus niger, Aspergillus flavus and 
Penicillium sp. African Journal of Biotechnology., 3, 186-188. 
[90] Jalk, D, Nerud, R, & Siroka, P. (1998). The effectiveness of biological treatment of wheat 
straw by white rot fungi. Folia Microbiol., 43, 687-689. 
 
Cellulose – Biomass Conversion 98 
[91] Gordon, G, Mcsweeney, C, & Phillips, M. (1995). An important role for ruminal 
anaerobic fungi in the voluntary intake of poor quality forages by ruminants. In: 
Wallace RJ, Lahlou-Kassi A (Eds), Rumen ecology research planning. Proc. Workshop, 
Addis Ababa, Ethiopia. , 91-102. 
[92] Rajoka, M, & Malik, K. (1997). Cellulase production by Cellulomonas biazotea cultured 
in media containing different cellulosic substrates. Bioresource Technology.,59, 21-27. 
[93] Miller, G. (1959). Use of dinitrosalicyclic acid reagent for determination of reducing 
sugar. Anal. Chem., 31, 426-428.  
[94] Lowry, O, Rosebrouch, N, Farr, A, & Randall, R. (1951). Protein measurement with the 
Folin Phenol reagent. J. Biol. Chem., 193, 265-275. 
[95] Bollag, D, & Edelstein, S. (1991). Protein Methods. New York, Chichester, Brisbane, 
Toronto, Singapore, Wiley-Liss. 
[96] Kluepfel, D., 1988. Screening of prokaryotes for cellulose and hemicelluloses degrading 
enzymes. Methods Enzymol., 160: 180-186. 
[97] Hurst, P, Nielsen, J, Patrick, A, & Shepherd, M. (1977). Purification and Properties of a 
Cellulase from Aspergillus niger. Biochem. J., 165, 33-41. 
[98] Immanuel, G, Dhanusa, R, Prema, P, & Palavesam, A. (2006). Effect of different growth 
parameters on endoglucanase enzyme activity by bacteria isolated from coir retting 
effluents of estuarine environment. Int. J. Environ. Sci. Tech., 3, 25-34. 
[99] Ray, A, Bairagi, A, Ghosh, K, & Sen, S. (2007). Optimization of fermentation conditions 
for cellulose production by Bacillus subtilis CY5 and Bacillus Circulans TP3 isolated 
from fish gut. Acta I Chthyologica et piscatoria., 37, 47-53. 
[100] Ojumu, T, Solomon, B, Betiku, E, Layokun, S, & Amigun, B. (2003). Cellulase 
Production by Aspergillus flavus Linn Isolate NSPR 101 fermented in sawdust, bagasse 
and corncob African Journal of Biotechnology., 2, 150-152. 
[101] Acharya, P, Acharya, D, & Modi, H. (2008). Optimization for cellulase production by 
Aspergillus nigerusing saw dust as substrate. Afr. J. Biotechnol., 7, 4147-4152. 
[102] Shamala, T, & Sreekantiah, K. (1987). Successive cultivation of selected cellulolytic 
fungi on rice straw and wheat bran for economic production of cellulases and D- 
xylanase. Enzyme Microb. Technol., 9, 97-101. 
[103] Nigam, P, & Singh, D . (1994). Solid-state (substrate) fermentation systems and their 
applications in biotechnology Journal of Basic Microbiology., 34, 405- 423. 
[104] Chahal, D. (1985). Solid-State Fermentation with Trichoderma reesei for Cellulase 
Production. Appl Environ Microbiol., 49, 205-210. 
[105] Macris, B, Kekos, D, Evangelid, X, Galiotou-panayotou, M, & Rodis, P. (1987). Solid 
state fermentation of straw with Neurospora Crassa for CMCase and B-glucosidase 
production. Biotechnology Letters, 9, 661-664. 
[106] Sul, O, Kim, J, & Park, S. Jun Son, Y.; Park, B.; Chung, D.; Jeong, C. and Han, I. (2004). 
Characterization and molecular cloning of a novel endoglucanase from Trichoderma sp. 
C-4. Appl Microbiol Biotechnol., 66, 63-70. 
[107] Bakare, M, Adewale, I, Ajayi, A, & Shonukan, O. (2005). Purification and 
characterization of cellulose from the wild-type and two improved mutants of 
Pseudomonas fluorescens. African Journal of Biotechnology., 4, 898-904. 
 
Fungal Biodegradation of Agro-Industrial Waste 99 
[108] Tong, C, Cole, A, & Maxwell, G. (1980). Purification and properties of the cellulases 
from the thermophilic fungus Thermoascus aurantiacus. Biochem. J., 191, 83-94. 
[109] Inglin, M, Feinberg, B, & Loewenberg, J. (1980). Partial purification and 
characterization of a new intracellular beta-glucosidase of Trichoderma reesei. Biochem 
J., 185,515-519. 
[110] Sadia, M, Aslam, N, Naim, S, Saleem, H, & Jamil, A. (2005). Purification of 
endoglucanase from Trichoderma harzianum Pakistan Journal of Life and Social 
Sciences, 3, 40-44. 
[111] Dutta, T, Sengupta, R, Sahoo, S, Ray, S, Bhattacharjee, A, & Ghosh, S. (2007). A novel 
cellulase free alkaliphilic xylanase from alkali tolerant Penicillium citrinum: production, 
purification and characterization. Letters in Applied Microbiology, 44, 206-211. 
[112] Bhikhabhai, R, Johansson, G, & Pettersson, G. (1984). Isolation of cellulolytic enzymes 
from Trichoderma reesei QM 9414. J Appl Biochem., 6, 336-345. 
[113] Kim, D, Jeong, Y, Jang, Y, & Lee, J. (1994). Purification and characterization of 
endoglucanase and exoglucanase components from Trichoderma viride Journal of 
fermentation and bioengineering, 77, 363-369. 
[114] Petrova, S, Bakalova, N, & Kolev, D. (2009). Properties of two endoglucanases from a 
mutant strain Trichoderma sp. M7 with potential application in the paper. Applied 
Biochemistry and Microbiology, 45, 150 155. 
[115] Holt, S, & Hartman, P. (1994). A zymogram method to detect endoglucanases from 
Bacillus subtilis, Myrothecium verrucaria and Trichoderma reesei. Journal of industrial 
microbiology and Biotechnology., 13, 2-4. 
[116] Liu, j. and Xia, w. (2006): Purification and characterization of a bifunctional enzyme 
with chitosanase and cellulase activity from commercial cellulase Biochemical 
Engineering Journal. , 30, 82-87.  
[117] Shindia, A. (1990). Studies on fungal degradation of composts in Egypt. Ph.D. Thesis, 
Faculty of Science, Zagazig Univ., Zagazig, Egypt. 
[118] Kalra, M, Sidhu, M, & Sandhu, D. (1986). Partial purification, characterization and 
regulation of cellulolytic enzymes from Trichoderma longibrachiatum. Journal of 
Applied Microbiology., 61, 73-80. 
[119] Ülker, A, & Sprey, B. (1990). Characterization of an unglycosylated low molecular 
weight glucan glucanohydrolase of Trichoderma reesei FEMS Microbiology Letters, 69, 
215- 219., 1, 4. 
[120] Gashe, B. (1992). Cellulase production and activity by Trichoderma sp. A-001 Journal 
of Applied Microbiology., 73, 79-82. 
[121] Mandels, M, & Reese, E. (1964). Fungal cellulases and the microbial decomposition of 
cellulosic fabric. Dev. Ind. Microbiol., 5, 5-20. 
[122] Mandels, M, & Reese, E. (1963). Inhibition of cellulases and β- g1ucosidases in 
Advances in Enzymic hydrolysis of cellulose and related materials. 115- 158. (Reese, E. 
T., Ed., Pergarnon Press, london , 299.  
[123] Catriona, A, Sheila, I, & Thomas, M. (1994). Characterization of a D-glucosidase from 
the anaerobic rumen fungus Neocallimastix frontalis with particular reference to at- 
tack on cello-oligosaccharides. J. Biotechnol., 37, 217-227. 
 
Cellulose – Biomass Conversion 98 
[91] Gordon, G, Mcsweeney, C, & Phillips, M. (1995). An important role for ruminal 
anaerobic fungi in the voluntary intake of poor quality forages by ruminants. In: 
Wallace RJ, Lahlou-Kassi A (Eds), Rumen ecology research planning. Proc. Workshop, 
Addis Ababa, Ethiopia. , 91-102. 
[92] Rajoka, M, & Malik, K. (1997). Cellulase production by Cellulomonas biazotea cultured 
in media containing different cellulosic substrates. Bioresource Technology.,59, 21-27. 
[93] Miller, G. (1959). Use of dinitrosalicyclic acid reagent for determination of reducing 
sugar. Anal. Chem., 31, 426-428.  
[94] Lowry, O, Rosebrouch, N, Farr, A, & Randall, R. (1951). Protein measurement with the 
Folin Phenol reagent. J. Biol. Chem., 193, 265-275. 
[95] Bollag, D, & Edelstein, S. (1991). Protein Methods. New York, Chichester, Brisbane, 
Toronto, Singapore, Wiley-Liss. 
[96] Kluepfel, D., 1988. Screening of prokaryotes for cellulose and hemicelluloses degrading 
enzymes. Methods Enzymol., 160: 180-186. 
[97] Hurst, P, Nielsen, J, Patrick, A, & Shepherd, M. (1977). Purification and Properties of a 
Cellulase from Aspergillus niger. Biochem. J., 165, 33-41. 
[98] Immanuel, G, Dhanusa, R, Prema, P, & Palavesam, A. (2006). Effect of different growth 
parameters on endoglucanase enzyme activity by bacteria isolated from coir retting 
effluents of estuarine environment. Int. J. Environ. Sci. Tech., 3, 25-34. 
[99] Ray, A, Bairagi, A, Ghosh, K, & Sen, S. (2007). Optimization of fermentation conditions 
for cellulose production by Bacillus subtilis CY5 and Bacillus Circulans TP3 isolated 
from fish gut. Acta I Chthyologica et piscatoria., 37, 47-53. 
[100] Ojumu, T, Solomon, B, Betiku, E, Layokun, S, & Amigun, B. (2003). Cellulase 
Production by Aspergillus flavus Linn Isolate NSPR 101 fermented in sawdust, bagasse 
and corncob African Journal of Biotechnology., 2, 150-152. 
[101] Acharya, P, Acharya, D, & Modi, H. (2008). Optimization for cellulase production by 
Aspergillus nigerusing saw dust as substrate. Afr. J. Biotechnol., 7, 4147-4152. 
[102] Shamala, T, & Sreekantiah, K. (1987). Successive cultivation of selected cellulolytic 
fungi on rice straw and wheat bran for economic production of cellulases and D- 
xylanase. Enzyme Microb. Technol., 9, 97-101. 
[103] Nigam, P, & Singh, D . (1994). Solid-state (substrate) fermentation systems and their 
applications in biotechnology Journal of Basic Microbiology., 34, 405- 423. 
[104] Chahal, D. (1985). Solid-State Fermentation with Trichoderma reesei for Cellulase 
Production. Appl Environ Microbiol., 49, 205-210. 
[105] Macris, B, Kekos, D, Evangelid, X, Galiotou-panayotou, M, & Rodis, P. (1987). Solid 
state fermentation of straw with Neurospora Crassa for CMCase and B-glucosidase 
production. Biotechnology Letters, 9, 661-664. 
[106] Sul, O, Kim, J, & Park, S. Jun Son, Y.; Park, B.; Chung, D.; Jeong, C. and Han, I. (2004). 
Characterization and molecular cloning of a novel endoglucanase from Trichoderma sp. 
C-4. Appl Microbiol Biotechnol., 66, 63-70. 
[107] Bakare, M, Adewale, I, Ajayi, A, & Shonukan, O. (2005). Purification and 
characterization of cellulose from the wild-type and two improved mutants of 
Pseudomonas fluorescens. African Journal of Biotechnology., 4, 898-904. 
 
Fungal Biodegradation of Agro-Industrial Waste 99 
[108] Tong, C, Cole, A, & Maxwell, G. (1980). Purification and properties of the cellulases 
from the thermophilic fungus Thermoascus aurantiacus. Biochem. J., 191, 83-94. 
[109] Inglin, M, Feinberg, B, & Loewenberg, J. (1980). Partial purification and 
characterization of a new intracellular beta-glucosidase of Trichoderma reesei. Biochem 
J., 185,515-519. 
[110] Sadia, M, Aslam, N, Naim, S, Saleem, H, & Jamil, A. (2005). Purification of 
endoglucanase from Trichoderma harzianum Pakistan Journal of Life and Social 
Sciences, 3, 40-44. 
[111] Dutta, T, Sengupta, R, Sahoo, S, Ray, S, Bhattacharjee, A, & Ghosh, S. (2007). A novel 
cellulase free alkaliphilic xylanase from alkali tolerant Penicillium citrinum: production, 
purification and characterization. Letters in Applied Microbiology, 44, 206-211. 
[112] Bhikhabhai, R, Johansson, G, & Pettersson, G. (1984). Isolation of cellulolytic enzymes 
from Trichoderma reesei QM 9414. J Appl Biochem., 6, 336-345. 
[113] Kim, D, Jeong, Y, Jang, Y, & Lee, J. (1994). Purification and characterization of 
endoglucanase and exoglucanase components from Trichoderma viride Journal of 
fermentation and bioengineering, 77, 363-369. 
[114] Petrova, S, Bakalova, N, & Kolev, D. (2009). Properties of two endoglucanases from a 
mutant strain Trichoderma sp. M7 with potential application in the paper. Applied 
Biochemistry and Microbiology, 45, 150 155. 
[115] Holt, S, & Hartman, P. (1994). A zymogram method to detect endoglucanases from 
Bacillus subtilis, Myrothecium verrucaria and Trichoderma reesei. Journal of industrial 
microbiology and Biotechnology., 13, 2-4. 
[116] Liu, j. and Xia, w. (2006): Purification and characterization of a bifunctional enzyme 
with chitosanase and cellulase activity from commercial cellulase Biochemical 
Engineering Journal. , 30, 82-87.  
[117] Shindia, A. (1990). Studies on fungal degradation of composts in Egypt. Ph.D. Thesis, 
Faculty of Science, Zagazig Univ., Zagazig, Egypt. 
[118] Kalra, M, Sidhu, M, & Sandhu, D. (1986). Partial purification, characterization and 
regulation of cellulolytic enzymes from Trichoderma longibrachiatum. Journal of 
Applied Microbiology., 61, 73-80. 
[119] Ülker, A, & Sprey, B. (1990). Characterization of an unglycosylated low molecular 
weight glucan glucanohydrolase of Trichoderma reesei FEMS Microbiology Letters, 69, 
215- 219., 1, 4. 
[120] Gashe, B. (1992). Cellulase production and activity by Trichoderma sp. A-001 Journal 
of Applied Microbiology., 73, 79-82. 
[121] Mandels, M, & Reese, E. (1964). Fungal cellulases and the microbial decomposition of 
cellulosic fabric. Dev. Ind. Microbiol., 5, 5-20. 
[122] Mandels, M, & Reese, E. (1963). Inhibition of cellulases and β- g1ucosidases in 
Advances in Enzymic hydrolysis of cellulose and related materials. 115- 158. (Reese, E. 
T., Ed., Pergarnon Press, london , 299.  
[123] Catriona, A, Sheila, I, & Thomas, M. (1994). Characterization of a D-glucosidase from 
the anaerobic rumen fungus Neocallimastix frontalis with particular reference to at- 
tack on cello-oligosaccharides. J. Biotechnol., 37, 217-227. 
 
Cellulose – Biomass Conversion 100 
[124] Steiner, J, Socha, C, & Eyzaguirre, J. (1994). Culture conditions for enhanced cellulose 
production by a native strain of Penicillium purpurogenum. World J Microbiol and 
Biotech., 10, 280-284. 
[125] Ali, S. and Sayed, A. (1992): Regulation of cellulase biosynthesis in Aspergillus terreus. 
World J. Microbiol. Biotechnol., 8, 73–75. 
[126] Kotchoni, O, Gachomo, W, Omafuvbe, B, & Shonukan, O. (2006). Purification and 
Biochemical Characterization of Carboxymethyl Cellulase (CMCase) from a Catabolite 
repression insensitive mutant of Bacillus pumilus. International journal of agriculture 
and biology., 8, 286-292. 
[127] Kim, C. (1995). Characterization and Substrate Specificity of an Endo-b-D Glucanase I 
(Avicelase I) from an Extracellular Multienzyme Complex of Bacillus circulans. Applied 






© 2013 Martin et al., licensee InTech. This is an open access chapter distributed under the terms of the 
Creative Commons Attribution License (http://creativecommons.org/licenses/by/3.0), which permits 
unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited. 
Recombinant Cellulase and Cellulosome Systems 
Andrew S. Wieczorek, Damien Biot-Pelletier and Vincent J.J. Martin 
Additional information is available at the end of the chapter 
http://dx.doi.org/10.5772/54225 
1. Introduction 
The non-renewable fossil resources currently exploited by the oil and gas industries are the 
objects of growing concern owing to their finite supply and contribution to global warming. 
Lignocellulosic biomass is a sustainable alternative to fossil resources, and has the added 
advantage of not competing with human and animal nutrition. Indeed, lignocellulosic 
biomass, in particular its main polymer component cellulose, is a potential carbon source for 
the production of fuels and commodity chemicals in microbes. 
Hydrolysis of cellulose polymer molecules to liberate the readily fermentable glucose they 
contain is a necessary step in their use as feedstock by fermenting organisms. The hydrolysis 
of cellulose is typically carried out by glycoside hydrolase enzymes termed cellulases, and 
produced by specialist microorganisms. Organisms that naturally feed on and hydrolyse 
cellulose are mainly found among filamentous fungi, such as the highly exploited 
Trichoderma reesei, and obligate anaerobic bacteria such as those of the Clostridium genera. 
The complete breakdown of cellulose to glucose requires the cooperation of three different 
types of cellulases. Endoglucanases (EGLs) cleave amorphous cellulose randomly at endo 
sites to release cellodextrins of various lengths. Cellobiohydrolases (CBHs), on the other 
hand, are required for the hydrolysis of crystalline cellulose, and release cellobiose by acting 
at the reducing and non-reducing ends of cellulose strands [1, 2]. Finally, β-glucosidases 
(BGLs) produce glucose from the hydrolysis of the cellobiose and cello-oligomers produced 
by EGLs and CBHs. The three types of enzymes are believed to act synergistically. EGLs 
cleave at random inside strands, creating termini for CBHs, which in turn contribute to 
loosening of cellulose crystallinity, making further material available to EGLs [2]. Some 
cellulases, as well as other proteins involved in cellulose degradation, carry a cellulose-
binding domain (CBD) that acts to tether them to their polymeric substrate, and allows them 
to processively degrade cellulose by crawling along its strands [3]. Certain organisms 
assemble their cellulases on their cell surface as multi-enzyme complexes termed 
cellulosomes, notably to enhance synergy between enzymes and promote substrate 
channelling [4]. 
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The bionconversion of cellulose to biofuels or commodity chemicals must proceed through 
several steps. Following pre-treatment of the biomass, cellulose is hydrolyzed as described 
in the above paragraph. The glucose liberated by cellulose hydrolysis can then be fed to 
microbes that produce compounds of interest, for example the yeast Saccharomyces cerevisiae, 
which ferments it to ethanol. Doing these two steps one after the other is known as 
sequential hydrolysis and fermentation (SHF). It requires the addition of costly cellulase 
cocktails separately produced by fungi, and accumulation of glucose during the hydrolysis 
step leads to end product inhibition. The capital cost of having multiple separate steps, and 
the time required for sequential conversion processes further reduce the profitability of 
sequential hydrolysis and fermentation [5]. Simultaneous saccharification and fermentation 
(SSF) reduces the number of steps and alleviates the end-product inhibition issue, however 
it still requires the addition of exogenous cellulases [6]. To further reduce costs, a strategy 
known as consolidated bioprocessing (CBP) has been proposed, which entails the in situ 
production of cellulases by the fermenting organism. This strategy consolidates enzyme 
production, hydrolysis and fermentation into a single step. However, CBP requires an 
organism efficient at both degrading cellulose and fermenting glucose to a single product at 
high titers. Such an organism does not exist in nature [7]. To overcome this obstacle, two 
solutions can be envisioned. Efficient cellulose degraders may be engineered to produce 
chemicals of interest, or alternatively, organisms that natively produce such compounds can 
be endowed with recombinant cellulase genes. 
Thus, the recombinant expression of cellulases, or cellulase systems, enables CBP. It may 
also be used to reduce exogenous enzyme loads required by SSF, and may have benefits for 
the production of the cellulase cocktails used in both SHF and SSF. The recombinant and 
heterologous expression of cellulases in microorganisms may also benefit other industries. 
The textile industry, for example, uses cellulases to create stonewashing effects on cellulose-
derived clothing fibres. Use of cellulase-expressing lactic acid bacteria, on the other hand, is 
of interest for the ensilage of hay fed to livestock. For these reasons, considerable research 
has been done to engineer organisms that express recombinant cellulases and cellulase 
systems. The aim of this chapter is to review the progress made in the engineering of such 
organisms. We first review the production of cellulases expressed as freely secreted or cell 
surface-anchored enzymes, and divide our discussion based on the types of organisms 
engineered (yeast, bacteria, then fungi). We then put special emphasis on the production of 
artificial recombinant cellulosomes and cellulosome-inspired architectures, outlining the 
different manners in which they can be assembled, and which microorganisms were used to 
do so. 
2. Cell surface-anchored and secreted recombinant cellulase systems 
The scientific literature is ripe with examples of secreted or surface-anchored recombinant 
cellulases and cellulase systems expressed in yeast, bacterial and fungal hosts. Most research 
has focused on a handful of organisms, namely Saccharomyces cerevisiae, the enteric bacteria 
Escherichia coli and Klebsiella oxytoca, the gram-negative bacterium Zymomonas mobilis, and 
the cellulolytic fungus Trichoderma reesei. Other species have garnered less attention, yet 
represent an interest to the field and should not be dismissed. 
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This section focuses on work aimed at producing organisms that can efficiently degrade 
cellulose via the expression of recombinant cellulases. Because the recombinant expression 
of cellulases was extensively reviewed in a number of publications in the last decade [8-10], 
the text is centered on the most significant outcomes, and provides an overview of the most 
recent work.  
2.1. Expression of cellulases in yeast 
Attempts at expressing recombinant cellulases in yeast abound owing to the traditional role 
of the brewer's yeast Saccharomyces cerevisiae in ethanol production. The use of other yeast 
species for recombinant expression of cellulases is also discussed in this section, namely 
species that display interesting metabolic capabilities or stress tolerance characteristics. 
2.1.1. Recombinant cellulase expression in Saccharomyces cerevisiae  
A significant proportion of recombinant cellulase expression studies were performed in 
yeast, and almost all of that work was done in Saccharomyces cerevisiae. The millennia-old 
utilization of this organism for ethanol production, its relatively well-studied physiology, 
and the diversity of readily available tools for its genetic manipulation mean that it is an 
important candidate for the engineering of a cellulose-degrading ethanologen. 
Since the 1990s, numerous cellulases from various bacterial and fungal sources were cloned 
and expressed in S. cerevisiae, and those have been reviewed elsewhere [8, 9]. Over the last 
thirteen years, a few studies representing significant progress towards the production of a 
cellulose-fermenting yeast strain were published. Cho and coworkers [11, 12] reported an early 
example of a recombinant yeast strain that could functionally express several cellulases. Using 
δ-integration, they inserted multiple copies of two cellulase genes - encoding a bifunctional 
endo/exo-glucanase and a BGL- into the chromosomes of S. cerevisiae. The recombinant 
organism displayed enhanced growth on cellooligosaccharides when compared to wildtype, 
and required reduced loads of exogenous cellulases when applied in SSF [12]. However, levels 
of cellulase expression were deemed low, and did not enable growth and ethanol production 
using cellulose as the sole carbon source. A later study similarly expressed the three types of 
cellulases required for cellulose degradation in S. cerevisiae [13]. The EGL and CBH, from 
Trichoderma reesei, and the BGL, from Aspergillus aculeatus, were co-displayed as α-agglutinin 
fusions on the surface of yeast cells, enabling the liberation of glucose from phosphoric acid 
swollen cellulose (PASC), and fermentation to ethanol when the cells were pre-grown in rich 
media. Den Haan and coworkers [14] reported similar accomplishments, co-expressing an 
EGL from T. reesei and a BGL from the yeast Saccharomycopsis fibuligera in S. cerevisiae. This 
study was allegedly the first report of direct conversion of cellulose to ethanol by cellulase-
expressing yeast, as it was reported that the engineered strain could grow and produce modest 
yields of ethanol (1.0 g/L in 192 hours) from PASC in media also containing yeast extract and 
peptone (YP-PASC). A study published almost simultaneously by the same authors reported 
the low level expression of CBHs in yeast [15], but expression of these enzymes in the PASC-
fermenting BGL/EGL background was not reported.  
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Following these milestone studies, other groups reported on the expression of cellulases in 
S. cerevisiae and their use for fermentation of cellulose to ethanol. Jeon and coworkers 
reported the expression of EglE from Clostridium thermocellum and BGL1 of S. fibuligera in the 
budding yeast. The resulting yeast strain could produce ethanol from carboxymethyl 
cellulose (8.56 g/L, 16 hours), β-D-glucan (9.67 g/L, 16 hours) and PASC (7.16 g/L, 36 hours) 
after pre-culturing in synthetic galactose medium and extensive washing in minimal media 
[16]. This was a progress compared to previous studies, in that it did not require yeast 
extract or peptone to produce ethanol from cellulosic substrates. Another study  
[17] compared the performance of two recombinant yeast strains in directly converting 
cellulose to ethanol in YP-PASC medium. A BGL from A. aculeatus was anchored to the cell 
surface, while an EGL and a CBH were either anchored or secreted. Higher ethanol yields 
were obtained when all three enzymes were surface-anchored. These results suggested that 
this configuration enhances the ability of yeast to degrade cellulose and use the resulting 
sugars in a manner reminiscent of cellulosome-enzyme-microbe complexes (discussed in 
Section 3). 
Direct conversion of cellulose to ethanol poses the problem of finding the optimal ratios of 
the different types of cellulase. A novel strategy, termed cocktail δ-integration was recently 
proposed to address this issue [18]. This strategy involves the simultaneous transformation 
and integration in the yeast chromosomes of BGLs, EGLs and CBHs on a single DNA 
fragment with a single selection marker. Fragments are designed to carry varying numbers 
of each cellulase gene. Integrants are then compared in their ability to degrade cellulose, and 
those with the best ratios can be identified. The procedure can be repeated several times 
using different selection markers. After three rounds of cocktail δ-integration, Yamada and 
coworkers [18] were able to generate a strain with twice the activity on PASC, but half the 
number of cellulase genes than a similar strain generated using a conventional method. 
These results strongly argue for a successful optimization of cellulase ratio. The activity of 
the ratio-optimized strain was further improved by making it diploid [19]. The optimized 
diploid showed an ability to produce ethanol directly from PASC (7.6 g/L in 72 hours) or 
pretreated rice straw (7.5 g/L) in yeast peptone (YP) medium without addition of exogenous 
enzymes. This was the first report of direct conversion to ethanol of agricultural waste 
residue without exogenous enzyme addition by recombinant cellulase-expressing yeast [19]. 
Other strategies used to incorporate enzymes at specific ratios into artificial cellulosomes 
using yeast consortia are discussed later in this chapter (Section 3.4.1).  
Two independent studies gave examples of improved SSF using cellulase-expressing yeast. 
One study [20] reported the transformation of an industrial strain with a BGL-carrying 
plasmid, enabling the use of cellobiose as the sole carbon source and its conversion to 
ethanol, producing 3.3 g/L in 48 hours. When supplementing with exogenous cellulases, the 
strain was shown to produce 20 g/L of ethanol from pre-treated corncobs, a yield similar to 
outcomes obtained with the parent strain supplemented with additional BGL. Another SSF 
study [21] reported the production of 7.94 g/L of ethanol in 24 hours from barley β-D-glucan 
using yeast co-displaying a BGL and an EGL from Aspergillus oryzae. 
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In recent years, a few thermotolerant enzymes have been expressed in S. cerevisiae. For 
example, BGL4 from Humicola grisea was recently cloned in the budding yeast [22]. 
Interestingly, the recombinant enzyme displayed resistance to glucose inhibition in addition 
to thermotolerance. Others have reported on the expression of thermotolerant cellulases in 
yeast using a mutagenesis and recombination strategies rather than a discovery approach to 
further improve stability and activity of the recombinant enzymes [23-25]. 
Inadequate secretion of cellulases by recombinant yeast is an obstacle to their successful 
application in an industrial context. To address this issue, a library of approximately 4800 
non-essential deletion mutants was systematically transformed with a plasmid carrying an 
endoglucanase gene from the bacterium C. thermocellum [26]. Mutants were compared in 
their ability to degrade carboxymethyl cellulose, and 55 of them showed increased activity. 
The mutants covered a large spectrum of cellular functions, including transcription, 
translation, phospholipid synthesis, endosome/vacuole function, ER/Golgi function, 
nitrogen starvation response, and the cytoskeleton. The effect of a subset of these mutations 
was tested on the level of activity of another cellulase, a BGL from A. aculeatus. Interestingly, 
five out of the nine mutations tested increased BGL activity in addition to EGL activity, 
suggesting that certain mutations may increase the secretion level of several cellulases, and 
potentially all enzymes within a cellulase system [26]. 
2.1.2. Recombinant cellulase expression in other yeast species 
While most studies expressing recombinant cellulase systems in yeast have used 
Saccharomyces cerevisiae, other species, superior to brewer's yeast in some respects, have also 
been used. 
The yeast Scheffersomyces stipitis (formerly Pichia stipitis) is one of the organisms considered 
for its potential in the bioconversion of lignocellulosic biomass, owing to its native cellulase 
activity, but foremost to its pentose-fermenting capabilities. Indeed, hemicellulose, the 
second most abundant sugar polymer of plant cell walls after cellulose, is composed largely 
of xylose, which S. cerevisiae cannot ferment. S. stipitis, on the other hand, produces the 
largest yields of ethanol from xylose that have been observed to date [27]. S. stipitis naturally 
consumes lignocellulosic biomass, therefore cellulase activity, notably β-glucosidase 
activity, has been detected in this organism [28], while its genome was found to encode 
several putative cellulolytic enzymes [29]. Yet, during the development of molecular 
genetics tools for S. stipitis, recombinant cellulases were used as reporters of protein 
expression [30]. 
Saccharomyces cerevisiae is generally not viable in conditions of temperature optimal for 
cellulase activity. Indeed, cellulases from the common cellulolytic microbes C. thermocellum 
and T. reesei are found to lose most of their activity at temperatures below 40°C [31], while S. 
cerevisiae grows poorly above 38°C [32] and could not so far be engineered to remain 
productive at temperatures that exceed 42°C [33]. In addition, acids are commonly used in 
the pretreatment of lignocellulosic biomass, while both high temperatures and acidic 
conditions can be used in preventing contamination during fermentation. For these reasons, 
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application in an industrial context. To address this issue, a library of approximately 4800 
non-essential deletion mutants was systematically transformed with a plasmid carrying an 
endoglucanase gene from the bacterium C. thermocellum [26]. Mutants were compared in 
their ability to degrade carboxymethyl cellulose, and 55 of them showed increased activity. 
The mutants covered a large spectrum of cellular functions, including transcription, 
translation, phospholipid synthesis, endosome/vacuole function, ER/Golgi function, 
nitrogen starvation response, and the cytoskeleton. The effect of a subset of these mutations 
was tested on the level of activity of another cellulase, a BGL from A. aculeatus. Interestingly, 
five out of the nine mutations tested increased BGL activity in addition to EGL activity, 
suggesting that certain mutations may increase the secretion level of several cellulases, and 
potentially all enzymes within a cellulase system [26]. 
2.1.2. Recombinant cellulase expression in other yeast species 
While most studies expressing recombinant cellulase systems in yeast have used 
Saccharomyces cerevisiae, other species, superior to brewer's yeast in some respects, have also 
been used. 
The yeast Scheffersomyces stipitis (formerly Pichia stipitis) is one of the organisms considered 
for its potential in the bioconversion of lignocellulosic biomass, owing to its native cellulase 
activity, but foremost to its pentose-fermenting capabilities. Indeed, hemicellulose, the 
second most abundant sugar polymer of plant cell walls after cellulose, is composed largely 
of xylose, which S. cerevisiae cannot ferment. S. stipitis, on the other hand, produces the 
largest yields of ethanol from xylose that have been observed to date [27]. S. stipitis naturally 
consumes lignocellulosic biomass, therefore cellulase activity, notably β-glucosidase 
activity, has been detected in this organism [28], while its genome was found to encode 
several putative cellulolytic enzymes [29]. Yet, during the development of molecular 
genetics tools for S. stipitis, recombinant cellulases were used as reporters of protein 
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Saccharomyces cerevisiae is generally not viable in conditions of temperature optimal for 
cellulase activity. Indeed, cellulases from the common cellulolytic microbes C. thermocellum 
and T. reesei are found to lose most of their activity at temperatures below 40°C [31], while S. 
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productive at temperatures that exceed 42°C [33]. In addition, acids are commonly used in 
the pretreatment of lignocellulosic biomass, while both high temperatures and acidic 
conditions can be used in preventing contamination during fermentation. For these reasons, 
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expression of recombinant cellulase systems has been attempted in a few stress tolerant 
species of yeast. For example, the thermotolerant Kluyveromyces marxianus was used in a 
number of SSF studies in which cellulases were added exogenously [34-37]. The strain was 
subsequently engineered to express three thermostable cellulases, endowing it with the 
ability to grow at 45°C on both cellobiose and carboxymethyl cellulose and to ferment 
cellobiose to ethanol [38]. The multi-stress tolerant Issatchenka orientalis was also successfully 
engineered for recombinant cellulase expression. This organism is tolerant to acid, salt and 
elevated temperature, in addition to being ethanol tolerant, making it a suitable candidate 
for cellulose bioconversion [39]. Kitagawa and coworkers [40] provided the first report of 
heterologous gene expression in I. orientalis, isolating and cloning the necessary auxotrophy 
markers and building a recombinant cassette for the production of A. aculeatus BGL. The 
engineered strain showed BGL activity and was able to grow and produce ethanol on 
cellobiose in conditions of elevated temperature, acidity and salinity. SSF trials using this 
strain achieved measureable ethanol outputs, albeit at lower levels than what was obtained 
with the parental strain supplemented with exogenous BGL. Still, to achieve similar yields, 
reduced BGL supplementation was required for the recombinant strain. 
2.2. Expression of cellulases in bacteria 
This section reviews recent research aimed at expressing recombinant cellulases in bacteria. 
Although the workhouse and longtime protein overproducing Escherichia coli has received 
significant interest, several other species with specialized functions have also been 
exploited. These functions include: the ability to assimilate cellulose-derived 
oligosaccharides, native production of biofuel molecules or organic acids, and 
thermophilicity.  
2.2.1. Recombinant cellulase expression in enteric bacteria 
The enteric bacterium E. coli has a long history of being used for the expression of 
recombinant proteins, and numerous tools for the genetic engineering of this organism are 
readily available. Furthermore, E. coli has among the simplest and cheapest growth 
requirements. It is thus an attractive canvas for the engineering of a cellulose-utilizing 
industrial strain. Therefore, it comes to no surprise that studies have reported the 
heterologous expression of cellulase systems in this organism. Significant advances have 
also been reported in Klebsiella oxytoca, a bacterium related but superior to E. coli in its native 
ability to assimilate and use cello- and xylo-oligosaccharides. 
Wildtype E. coli and K. oxytoca are not prolific ethanologens and neither have cellulolytic 
activity. The classical strategy to turn these organisms into ethanol producers is to endow 
them with an alcohol dehydrogenase and a pyruvate decarboxylase genes from the 
ethanologenic bacterium Zymomonas mobilis (Section 2.2.2) [41]. It is normally with this 
background that enteric bacteria have been used for recombinant cellulase expression. 
Several papers over the course of the last twenty years have reported the engineering of E. 
coli and K. oxytoca in this manner [42-47]. The most advanced examples report the expression 
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of the endoglucanase genes celY and celZ from the phytopathogenic bacterium Erwinia 
chrysanthemi in an ethanologenic K. oxytoca background [46, 47]. This recombinant cellulase 
system, in conjunction with the native BGL activity of K. oxytoca enabled the direct 
conversion of crystalline cellulose to ethanol with addition of exogenous cellulases [46], 
while amorphous cellulose could be readily converted to ethanol without exogenous 
cellulase supplementation [47]. However, as is the case for reports of direct cellulose-to-
ethanol conversion by yeast, these successes depended on the presence of yeast extract and 
peptone in the fermentation medium. 
More recently, a proof-of-concept study by Bokinsky and coworkers [48] reported the 
expression of complete sets of cellulases and hemicellulases in E. coli for the conversion of 
lignocellulosic biomass to second-generation biofuels. In this study, a library of EGLs was 
tested for expression in E. coli, while collections of BGL and xylobiosidases were evaluated 
for their ability to enable growth of E. coli on cellobiose and xylobiose, respectively. The best 
EGL and BGL genes were introduced into E. coli to generate a cellulose-degrading strain. 
The best xylobiosidase was similarly combined with a previously identified xylanase to 
generate a hemicellulose-degrading strain. Growth on ionic liquid-pretreated lignocellulosic 
feedstock (switchgrass, eucalyptus and yard waste) was demonstrated. Combining both 
strains allowed enhanced growth on all substrates. The strains were further engineered to 
express one of three operons for the production of advanced biofuel molecules (fatty acyl 
ethyl esters, butanol or pinene) from ionic liquid-pretreated switchgrass, achieving modest 
yields. This study is the first report of a complete cellulose-to-biofuel conversion in bacteria 
using natural feedstock. Moreover, no exogenous cellulases were added, and all hydrolysis 
and fermentation experiments in this study were performed in minimal media with 
cellulose or hemicellulose as the sole carbon source. 
2.2.2. Recombinant cellulase expression in Zymomonas mobilis  
Zymomonas mobilis is an ethanologenic gram-negative bacterium. Unlike S. cerevisiae, it 
converts glucose to ethanol via the Entner-Doudoroff pathway, enabling ethanol yields that 
could more closely match theoretical yield values than the classical glycolytic pathway. It is 
considered superior to brewer's yeast in other respects. Indeed, it has higher tolerance to 
ethanol, enabling superior yields, which it produces with high productivities [7, 49-55]. 
Therefore, several reports of recombinant cellulase expression in Z. mobilis have been 
published [55-59]. Among early reports of recombinant cellulase expression in Z. mobilis [56-
58], only one succeeded in exporting an EGL to the extracellular milieu using the protein's 
native signal [56]. In that study, approximately 10% of the EGL protein was found to be 
extracellular, while most of the cell-associated activity was found in the periplasm [56]. 
Recent studies fused recombinant cellulases to native Z. mobilis export signals in an attempt 
to direct a larger proportion of the enzymes to the extracellular milieu. In one study, a BGL 
from Ruminococcus albus was fused to the glucose–fructose oxidoreductase and 
gluconolactonase export signals of Z. mobilis, resulting in the secretion of only 4.7% and 
11.2% of the protein, respectively. The resulting strain was able to use cellobiose and 
ferment it to ethanol [55]. A more recent study used two different secretion signals native to 
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expression of recombinant cellulase systems has been attempted in a few stress tolerant 
species of yeast. For example, the thermotolerant Kluyveromyces marxianus was used in a 
number of SSF studies in which cellulases were added exogenously [34-37]. The strain was 
subsequently engineered to express three thermostable cellulases, endowing it with the 
ability to grow at 45°C on both cellobiose and carboxymethyl cellulose and to ferment 
cellobiose to ethanol [38]. The multi-stress tolerant Issatchenka orientalis was also successfully 
engineered for recombinant cellulase expression. This organism is tolerant to acid, salt and 
elevated temperature, in addition to being ethanol tolerant, making it a suitable candidate 
for cellulose bioconversion [39]. Kitagawa and coworkers [40] provided the first report of 
heterologous gene expression in I. orientalis, isolating and cloning the necessary auxotrophy 
markers and building a recombinant cassette for the production of A. aculeatus BGL. The 
engineered strain showed BGL activity and was able to grow and produce ethanol on 
cellobiose in conditions of elevated temperature, acidity and salinity. SSF trials using this 
strain achieved measureable ethanol outputs, albeit at lower levels than what was obtained 
with the parental strain supplemented with exogenous BGL. Still, to achieve similar yields, 
reduced BGL supplementation was required for the recombinant strain. 
2.2. Expression of cellulases in bacteria 
This section reviews recent research aimed at expressing recombinant cellulases in bacteria. 
Although the workhouse and longtime protein overproducing Escherichia coli has received 
significant interest, several other species with specialized functions have also been 
exploited. These functions include: the ability to assimilate cellulose-derived 
oligosaccharides, native production of biofuel molecules or organic acids, and 
thermophilicity.  
2.2.1. Recombinant cellulase expression in enteric bacteria 
The enteric bacterium E. coli has a long history of being used for the expression of 
recombinant proteins, and numerous tools for the genetic engineering of this organism are 
readily available. Furthermore, E. coli has among the simplest and cheapest growth 
requirements. It is thus an attractive canvas for the engineering of a cellulose-utilizing 
industrial strain. Therefore, it comes to no surprise that studies have reported the 
heterologous expression of cellulase systems in this organism. Significant advances have 
also been reported in Klebsiella oxytoca, a bacterium related but superior to E. coli in its native 
ability to assimilate and use cello- and xylo-oligosaccharides. 
Wildtype E. coli and K. oxytoca are not prolific ethanologens and neither have cellulolytic 
activity. The classical strategy to turn these organisms into ethanol producers is to endow 
them with an alcohol dehydrogenase and a pyruvate decarboxylase genes from the 
ethanologenic bacterium Zymomonas mobilis (Section 2.2.2) [41]. It is normally with this 
background that enteric bacteria have been used for recombinant cellulase expression. 
Several papers over the course of the last twenty years have reported the engineering of E. 
coli and K. oxytoca in this manner [42-47]. The most advanced examples report the expression 
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of the endoglucanase genes celY and celZ from the phytopathogenic bacterium Erwinia 
chrysanthemi in an ethanologenic K. oxytoca background [46, 47]. This recombinant cellulase 
system, in conjunction with the native BGL activity of K. oxytoca enabled the direct 
conversion of crystalline cellulose to ethanol with addition of exogenous cellulases [46], 
while amorphous cellulose could be readily converted to ethanol without exogenous 
cellulase supplementation [47]. However, as is the case for reports of direct cellulose-to-
ethanol conversion by yeast, these successes depended on the presence of yeast extract and 
peptone in the fermentation medium. 
More recently, a proof-of-concept study by Bokinsky and coworkers [48] reported the 
expression of complete sets of cellulases and hemicellulases in E. coli for the conversion of 
lignocellulosic biomass to second-generation biofuels. In this study, a library of EGLs was 
tested for expression in E. coli, while collections of BGL and xylobiosidases were evaluated 
for their ability to enable growth of E. coli on cellobiose and xylobiose, respectively. The best 
EGL and BGL genes were introduced into E. coli to generate a cellulose-degrading strain. 
The best xylobiosidase was similarly combined with a previously identified xylanase to 
generate a hemicellulose-degrading strain. Growth on ionic liquid-pretreated lignocellulosic 
feedstock (switchgrass, eucalyptus and yard waste) was demonstrated. Combining both 
strains allowed enhanced growth on all substrates. The strains were further engineered to 
express one of three operons for the production of advanced biofuel molecules (fatty acyl 
ethyl esters, butanol or pinene) from ionic liquid-pretreated switchgrass, achieving modest 
yields. This study is the first report of a complete cellulose-to-biofuel conversion in bacteria 
using natural feedstock. Moreover, no exogenous cellulases were added, and all hydrolysis 
and fermentation experiments in this study were performed in minimal media with 
cellulose or hemicellulose as the sole carbon source. 
2.2.2. Recombinant cellulase expression in Zymomonas mobilis  
Zymomonas mobilis is an ethanologenic gram-negative bacterium. Unlike S. cerevisiae, it 
converts glucose to ethanol via the Entner-Doudoroff pathway, enabling ethanol yields that 
could more closely match theoretical yield values than the classical glycolytic pathway. It is 
considered superior to brewer's yeast in other respects. Indeed, it has higher tolerance to 
ethanol, enabling superior yields, which it produces with high productivities [7, 49-55]. 
Therefore, several reports of recombinant cellulase expression in Z. mobilis have been 
published [55-59]. Among early reports of recombinant cellulase expression in Z. mobilis [56-
58], only one succeeded in exporting an EGL to the extracellular milieu using the protein's 
native signal [56]. In that study, approximately 10% of the EGL protein was found to be 
extracellular, while most of the cell-associated activity was found in the periplasm [56]. 
Recent studies fused recombinant cellulases to native Z. mobilis export signals in an attempt 
to direct a larger proportion of the enzymes to the extracellular milieu. In one study, a BGL 
from Ruminococcus albus was fused to the glucose–fructose oxidoreductase and 
gluconolactonase export signals of Z. mobilis, resulting in the secretion of only 4.7% and 
11.2% of the protein, respectively. The resulting strain was able to use cellobiose and 
ferment it to ethanol [55]. A more recent study used two different secretion signals native to 
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Z. mobilis, and suggested to use distinct pathways. These endogenous signals were fused to 
the catalytic domain of two Acidothermus cellulolyticus EGLs, enabling the export of 40%-50% 
of the recombinant cellulases to either the periplasm or extracellular milieu [59]. This latter 
study did not report on the ability of the strains to grow on or convert cellulosic substrates. 
Interestingly, it provided a confirmation to an earlier study that suggested the presence of 
endogenous cellulase activity in Z. mobilis [60]. 
2.2.3. Recombinant cellulase expression in other bacterial hosts 
Other bacterial species with useful industrial properties have been used for the expression 
of recombinant cellulases. Species such as Clostridium acetobutylicum and Clostridium 
beijerinckii can be used in the industrial scale production of solvents and biofuels in the 
acetone-butanol-ethanol (ABE) process [61]. Enthusiasm for biofuels and synthetic biology 
in recent years has renewed interest for the high yields of solvents, in particular butanol, 
achieved by these organisms. The classical source of carbon for the ABE process was potato 
starch, however recent research has been aimed at enabling the use of cellulose, a more 
sustainable and industrially suitable carbon source, by solventogenic Clostridium. The 
genome of C. acetobutylicum encodes genes for putative cellulosome components, which will 
be discussed later in this chapter (Section 3.3.2). However, growth of this microbe, while 
successful on hemicellulose [62, 63] has so far not been observed with cellulose as the sole 
carbon source [64], despite observations that various substrates induce the expression of 
cellulases in C. acetobutylicum [65, 66]. Therefore, solventogenic Clostridium were engineered 
to express recombinant cellulases. Most efforts were aimed at reconstituting functional 
Clostridium cellulolyticum cellulosomes in C. acetobutylicum, but expression of isolated 
cellulases was also attempted. In an early study, an EGL from the cellulolytic bacteria 
Clostridium cellulovorans was expressed in C. acetobutylicum [67]. While the resulting strain 
could degrade carboxymethyl cellulose in Congo Red plate assays, it failed to grow on 
cellulose as the sole carbon source. Mingardon and coworkers expressed six C. cellulolyticum 
cellulases in C. acetobutylicum and found that three enzymes, those with lower molecular 
weights, were successfully secreted [68]. The larger enzymes failed to generate viable clones, 
or led to accumulation of cellulase protein in the cytoplasm. In a subsequent study, the same 
group reported the successful secretion of large cellulases by fusing them to sequences of 
scaffoldins and cellulose binding modules of C. cellulolyticum [69]. The related species C. 
beijerinckii was also used for the heterologous expression of recombinant cellulases. 
Expression of an EGL from the cellulolytic fungus Neocallimastix patriciarum in C. beijerinckii 
yielded results that resembled those observed with C. acetobutylicum. Indeed, the 
recombinant C. beijerinckii strain displayed cellulolytic activity in Congo Red plate assays, 
but failed to grow on cellulose. Interestingly, the fungal EGL improved growth and solvent 
yields of the microbe on lichenan, a polymer of glucose similar to cellulose [70]. 
Lactic acid bacteria (LAB) have also served as hosts for recombinant cellulase expression. 
The interest of LAB lies in their potential as silage inocula, probiotics, and industrial lactic 
acid producers. Several LAB species, including Lactobacillus plantarum and Lactococcus lactis 
have been engineered for the improved lactic fermentation of forage by expressing cellulose-
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degrading enzymes. Early studies reported the successful expression and secretion of 
functional EGLs from plasmids [71] or from the chromosome [72] in L. plantarum. 
Chromosome integration of a Bacillus sp. EGL in L. plantarum was later shown to elicit 
increased acidification of forage in micro-ensiling experiments [73]. Similarly, L. lactis was 
transformed with a cellulase gene from the rumen fungus Neocallimastix sp. [74]. The 
recombinant L. lactis strain enhanced the digestibility of forage when used in ensiling 
experiments. Lactobacilli species L. gasseri and L. johnsonii, natural inhabitants of the 
mammalian gastrointestinal tract, were also engineered to express a C. thermocellum 
endoglucanase [75]. The aim of this study was to generate probiotics that would facilitate 
digestion of plant cell walls by monogastric animals, thus alleviating the need for the 
onerous supplementation of animal feed with exogenous cellulases. The resulting strains 
displayed cellulase activity on carboxymethyl cellulose, and had characteristics desirable for 
probiotics. A lactate dehydrogenase-deficient strain of L. plantarum was later engineered to 
express a C. thermocellum EGL, allowing the successful hydrolysis and conversion of barley 
β-D-glucan to lactic acid in anaerobic conditions, achieving best yields with addition of 
exogenous BGL [76]. 
We have already mentioned the relevance and interest of thermotolerant or thermophilic 
enzymes for the bioconversion of cellulose. While tools for the genetic engineering of 
thermophilic bacteria are still in their infancy [77], one example of cellulase expression is 
found in the thermophile Thermoanaerobacterium saccharolyticum [78]. In this study, 
development of recombinant protein expression systems used cellulases and other glycoside 
hydrolases from C. thermocellum as test proteins, and cellulase activity was detected. 
2.3. Expression of cellulases in fungi  
Several species of fungi are superior protein secretors, and as such show high potential for 
the industrial-scale production of enzymes. Not surprisingly, the cellulase cocktails used in 
industry for the bioconversion of cellulose or for the treatment of textile fibers are typically 
produced by cellulolytic fungi [79]. The organism most commonly used for this purpose is 
the filamentous fungus Trichoderma reesei, because of the high titers of cellulase enzymes that 
it secretes [80]. Recombinant approaches have been applied to enhance the production of 
native cellulases or to express heterologous cellulolytic enzymes in T. reesei and other fungi.  
To increase yields of EGL produced by T. reesei, Miettinen-Oinonen and Suominen reported 
a strategy whereby the native cbh2 locus was disrupted to redirect the secretory capabilities 
of the fungus towards other proteins [81]. This CBH-deficient background was transformed 
with constructs of T. reesei EGL genes placed under the control of the strong cbh2 promoter. 
These modifications, coupled to an increase in EGL copy number, were successful in 
augmenting the levels of secreted EGL, and in increasing the performance of the T. reesei-
secreted enzyme in stonewashing treatment of denim fabric. A follow-up study by the same 
group tested the effect of promoter swapping, deletion of native enzymes, and copy number 
increase on the level of CBH secretion, yielding comparable results [82]. Another approach 
aimed at increasing the activity of the T. reesei-secreted cellulase cocktail was to fuse an A. 
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Z. mobilis, and suggested to use distinct pathways. These endogenous signals were fused to 
the catalytic domain of two Acidothermus cellulolyticus EGLs, enabling the export of 40%-50% 
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Interestingly, it provided a confirmation to an earlier study that suggested the presence of 
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sustainable and industrially suitable carbon source, by solventogenic Clostridium. The 
genome of C. acetobutylicum encodes genes for putative cellulosome components, which will 
be discussed later in this chapter (Section 3.3.2). However, growth of this microbe, while 
successful on hemicellulose [62, 63] has so far not been observed with cellulose as the sole 
carbon source [64], despite observations that various substrates induce the expression of 
cellulases in C. acetobutylicum [65, 66]. Therefore, solventogenic Clostridium were engineered 
to express recombinant cellulases. Most efforts were aimed at reconstituting functional 
Clostridium cellulolyticum cellulosomes in C. acetobutylicum, but expression of isolated 
cellulases was also attempted. In an early study, an EGL from the cellulolytic bacteria 
Clostridium cellulovorans was expressed in C. acetobutylicum [67]. While the resulting strain 
could degrade carboxymethyl cellulose in Congo Red plate assays, it failed to grow on 
cellulose as the sole carbon source. Mingardon and coworkers expressed six C. cellulolyticum 
cellulases in C. acetobutylicum and found that three enzymes, those with lower molecular 
weights, were successfully secreted [68]. The larger enzymes failed to generate viable clones, 
or led to accumulation of cellulase protein in the cytoplasm. In a subsequent study, the same 
group reported the successful secretion of large cellulases by fusing them to sequences of 
scaffoldins and cellulose binding modules of C. cellulolyticum [69]. The related species C. 
beijerinckii was also used for the heterologous expression of recombinant cellulases. 
Expression of an EGL from the cellulolytic fungus Neocallimastix patriciarum in C. beijerinckii 
yielded results that resembled those observed with C. acetobutylicum. Indeed, the 
recombinant C. beijerinckii strain displayed cellulolytic activity in Congo Red plate assays, 
but failed to grow on cellulose. Interestingly, the fungal EGL improved growth and solvent 
yields of the microbe on lichenan, a polymer of glucose similar to cellulose [70]. 
Lactic acid bacteria (LAB) have also served as hosts for recombinant cellulase expression. 
The interest of LAB lies in their potential as silage inocula, probiotics, and industrial lactic 
acid producers. Several LAB species, including Lactobacillus plantarum and Lactococcus lactis 
have been engineered for the improved lactic fermentation of forage by expressing cellulose-
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degrading enzymes. Early studies reported the successful expression and secretion of 
functional EGLs from plasmids [71] or from the chromosome [72] in L. plantarum. 
Chromosome integration of a Bacillus sp. EGL in L. plantarum was later shown to elicit 
increased acidification of forage in micro-ensiling experiments [73]. Similarly, L. lactis was 
transformed with a cellulase gene from the rumen fungus Neocallimastix sp. [74]. The 
recombinant L. lactis strain enhanced the digestibility of forage when used in ensiling 
experiments. Lactobacilli species L. gasseri and L. johnsonii, natural inhabitants of the 
mammalian gastrointestinal tract, were also engineered to express a C. thermocellum 
endoglucanase [75]. The aim of this study was to generate probiotics that would facilitate 
digestion of plant cell walls by monogastric animals, thus alleviating the need for the 
onerous supplementation of animal feed with exogenous cellulases. The resulting strains 
displayed cellulase activity on carboxymethyl cellulose, and had characteristics desirable for 
probiotics. A lactate dehydrogenase-deficient strain of L. plantarum was later engineered to 
express a C. thermocellum EGL, allowing the successful hydrolysis and conversion of barley 
β-D-glucan to lactic acid in anaerobic conditions, achieving best yields with addition of 
exogenous BGL [76]. 
We have already mentioned the relevance and interest of thermotolerant or thermophilic 
enzymes for the bioconversion of cellulose. While tools for the genetic engineering of 
thermophilic bacteria are still in their infancy [77], one example of cellulase expression is 
found in the thermophile Thermoanaerobacterium saccharolyticum [78]. In this study, 
development of recombinant protein expression systems used cellulases and other glycoside 
hydrolases from C. thermocellum as test proteins, and cellulase activity was detected. 
2.3. Expression of cellulases in fungi  
Several species of fungi are superior protein secretors, and as such show high potential for 
the industrial-scale production of enzymes. Not surprisingly, the cellulase cocktails used in 
industry for the bioconversion of cellulose or for the treatment of textile fibers are typically 
produced by cellulolytic fungi [79]. The organism most commonly used for this purpose is 
the filamentous fungus Trichoderma reesei, because of the high titers of cellulase enzymes that 
it secretes [80]. Recombinant approaches have been applied to enhance the production of 
native cellulases or to express heterologous cellulolytic enzymes in T. reesei and other fungi.  
To increase yields of EGL produced by T. reesei, Miettinen-Oinonen and Suominen reported 
a strategy whereby the native cbh2 locus was disrupted to redirect the secretory capabilities 
of the fungus towards other proteins [81]. This CBH-deficient background was transformed 
with constructs of T. reesei EGL genes placed under the control of the strong cbh2 promoter. 
These modifications, coupled to an increase in EGL copy number, were successful in 
augmenting the levels of secreted EGL, and in increasing the performance of the T. reesei-
secreted enzyme in stonewashing treatment of denim fabric. A follow-up study by the same 
group tested the effect of promoter swapping, deletion of native enzymes, and copy number 
increase on the level of CBH secretion, yielding comparable results [82]. Another approach 
aimed at increasing the activity of the T. reesei-secreted cellulase cocktail was to fuse an A. 
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cellulolyticus EGL domain to native CBH expressed in T. reesei. The resulting bi-functional 
enzyme increased the saccharification yields of T. reesei [83]. 
Several studies have reported the heterologous expression of thermophilic fungal cellulases 
in mesophilic fungi, notably T. reesei, Aspergillus oryzae and Humicola insolens (reviewed in 
[84]). For example, protein variants of the Cel12A enzyme of T. reesei rationally designed for 
increased thermal stability and activity were expressed in the efficient protein secretor 
Aspergillus niger [85]. In another study, the cellobiohydrolase Cel7A from T. reesei was 
expressed in A. niger, and mass spectrometry was used to compare N-glycosylation between 
the recombinant and the native protein. The cellobiohydrolase contained six times more N-
linked glycans when expressed in A. niger, and its activity was reduced, underlining the 
critical effect of post-translation modifications on recombinant cellulases [86]. Recently, a 
library of EGLs from various fungi were cloned and expressed in A. niger [87]. Both activity 
and level of expression were compared to that of TrCel5A, one of the major endoglucanases 
from T. reesei. This screen identified three EGLs, from species Aureobasidium pullulans, 
Gloeophyllum trabeum and Sporotrichum thermophile with expression levels and hydrolysis 
performances superior to those of the Trichoderma enzyme [87].  
3. Recombinant cellulosomes  
The degradation of recalcitrant cellulosic substrates into fermentable carbohydrates requires 
multiple catalytic activities [4]. Many cellulolytic fungi are capable of degrading crystalline 
cellulose by secreting cocktails of free hydrolytic enzymes [88]. Alternatively, the hydrolysis 
of cellulosic substrates can be carried out by macromolecular enzyme complexes [4]. The 
incorporation of enzymes in a larger multi-enzyme complex yields several benefits 
associated with substrate channeling as well as synergy among neighboring enzymes [89]. 
Substrate channeling refers to the flow of intermediate metabolites from one reaction to 
another, where individual catalytic activities are co-localized in a central protein scaffold. In 
the case of cellulose hydrolysis, longer chain polysaccharides produced by non-processive 
cellulases become the substrate for processive cellulases, which can produce short chain 
cellodextrins and cellobiose as primary products. Enzyme synergy results when the sum of 
individual enzyme activities is augmented by their incorporation in multi-enzyme 
complexes. From a biotechnological perspective, optimizing the spatial organization of 
enzymes through co-localization can greatly enhance the channeling of hydrolysis 
intermediates to enzymes that will use them as substrates. A number of cellulolytic bacteria 
have evolved to assemble multi-enzyme complexes such as cellulosomes. Cellulosomes 
have become inspiration for the engineering of recombinant complexes with defined 
enzyme compositions. For instance, the thermophilic bacterium C. thermocellum, which is 
documented to have one of the most efficient system for cellulose hydrolysis [89], produces 
one of the most thoroughly studied and well-characterized cellulosomes. The engineering of 
multiple cellulases into macromolecular cellulolytic complexes is a strategy that has been 
adopted by a number of research groups in the development of microorganisms that can 
degrade cellulose and produce commodity chemicals and biofuels.  
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3.1. Nature’s building blocks for engineering recombinant cellulosomes 
Cellulosomes are cellulose-degrading protein complexes comprised of a multitude of 
hydrolytic enzymes with varying catalytic activities that associate with a central scaffold 
protein [90]. The variability in architecture of cellulosomes from different organisms has 
been a significant source of inspiration for the engineering of protein scaffolds and multi-
enzyme complexes [91-94]. The assembly of the cellulosome complex is mediated via non-
covalent interactions between non-catalytic dockerin and cohesin domains. These domains 
serve as the building blocks that hold the complex together and dictate its architecture. Two 
characteristics of a dockerin and cohesin pair determine the specificity of the interaction: the 
species from which they are derived, as well as the type of interaction. Type 1 and type 2 
cohesins from a single organism do not interact with dockerins of the opposite type (e.g. 
type 1 cohesins do not interact with type 2 dockerins, and vice-versa). In the case of C. 
thermocellum, type 1 dockerins and cohesins mediate the interaction between enzymes and 
scaffold proteins, while type 2 dockerins and cohesins mediate binding of scaffolds and cell 
surface anchor proteins. Cellulosomal enzymes carry type 1 dockerin domains which bind 
any of the nine type 1 cohesin domains found on the central scaffold protein CipA [95]. 
Cellulosomal scaffolds such as CipA typically contain a CBD that brings the complex in 
close proximity to the cellulose fibers, allowing the different cellulases to act in synergy on 
the crystalline substrate. CipA protein also carries a type 2 dockerin domain, which interacts 
with type 2 cohesins located on cell wall anchor proteins OlpB and SdbA [96, 97]. These 
anchor proteins ensure the attachment of the complex on the cell surface. In addition, 
cohesin and dockerin domains derived from different organisms do not bind with one 
another. Therefore, cohesins and dockerins from different species as well as those of 
different types have become the building blocks used by researchers to engineer custom-
designed recombinant cellulosomes or cellulosome-inspired complexes with precise 
compositions. The strategies adopted by most researchers in this effort can be divided into 
three categories discussed in subsequent sections. These include (i) the production of 
recombinant enzymes and scaffolds in host strains followed by their purification and 
assembly in vitro (Figure 1A), (ii) the production of all components in a single strain 
resulting in the in vivo assembly of resulting complexes in the culture supernatant (Figure 
1B), and (iii) the surface-tethering of scaffolds towards the in vivo assembly of artificial 
cellulosomes on the cell surface of the host organism (Figure 1C).  
3.2. In vitro assembly of recombinant cellulosomes 
The assembly of custom-designed cellulosomes initially involved the production of 
individual components in an organism of choice, followed by their purification and 
assembly in vitro. Desirable characteristics for a bacteria designed to overexpress individual 
components include ease of manipulation of the organism, and low endogenous proteolytic 
activity. Since multiple strains are used to generate individual components, this strategy is 
not limited to a single organism being used for the production of each recombinant subunit, 
since further purification and in vitro assembly of the final complex is required (Fig. 1A).  
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anchor proteins ensure the attachment of the complex on the cell surface. In addition, 
cohesin and dockerin domains derived from different organisms do not bind with one 
another. Therefore, cohesins and dockerins from different species as well as those of 
different types have become the building blocks used by researchers to engineer custom-
designed recombinant cellulosomes or cellulosome-inspired complexes with precise 
compositions. The strategies adopted by most researchers in this effort can be divided into 
three categories discussed in subsequent sections. These include (i) the production of 
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assembly in vitro (Figure 1A), (ii) the production of all components in a single strain 
resulting in the in vivo assembly of resulting complexes in the culture supernatant (Figure 
1B), and (iii) the surface-tethering of scaffolds towards the in vivo assembly of artificial 
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components include ease of manipulation of the organism, and low endogenous proteolytic 
activity. Since multiple strains are used to generate individual components, this strategy is 
not limited to a single organism being used for the production of each recombinant subunit, 
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Figure 1. Strategies for the assembly of artificial cellulosome complexes. (A) Enzyme-dockerin 
fusions and scaffold chimeras are produced by different strains of a host organism (e.g. S1, S2, S3, S4), 
purified, and subsequently assembled in vitro. (B) Enzymes and scaffold subunits are secreted by a 
single host organism into the culture supernatant where they self-assemble into cellulosomes in vivo. (C) 
A host organism tethers a scaffold to its surface while secreting recombinant enzyme-dockerin fusions, 
resulting in the in vivo assembly of the cellulosome complex on the cell surface. 
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3.2.1. Expression of cellulosome components in E. coli 
Early work on the in vitro assembly of cellulosomes focused mostly on demonstrating the 
effects of having cellulase enzymes bound to a scaffold on activity towards cellulose. In a 
study by Kataeva and coworkers, the EGL CelD was shown to bind stoichiometrically with 
fragments of the CipA scaffold protein, and CelD-CipA complexes showed increased 
activity on cellulose compared with free CelD enzyme. A major observation was that the 
activity of the complex was dependent on the presence of a cellulose binding domain (CBD), 
not necessarily the amount of CelD present. The authors hypothesized that the CBD located 
on the scaffold protein was either indirectly contributing to the hydrolysis process by 
optimally positioning CelD to act on the crystalline substrate, or that it was playing a more 
direct role, participating in the partial decomposition of the substrate and ultimately, 
allowing access to CelD [98]. A subsequent study by Ciruela and colleagues revealed that 
the binding of another EGL, CelE, with full length CipA, resulted in the assembly of 
artificial cellulosomes with increased activity on crystalline cellulose compared to free 
enzymes [99]. Interestingly, although the CBD of CipA was capable of binding both 
crystalline and amorphous cellulose, the increase in activity observed when CelE was 
complexed with CipA was only observed on the former, suggesting the pivotal role of the 
scaffold-enzyme complex in degrading the crystalline substrate. Both studies conducted by 
Kataeva and Ciruela involved the incorporation of a single enzyme into artificial 
cellulosomes. Murashima and coworkers used a truncated version of the C. cellulovorans 
scaffold protein CbpA (Mini-CbpA) and three enzymes, EngE, EngH, and EngS, for the in 
vitro assembly of artificial cellulosomes containing combinations of two enzymes [100]. 
Synergy was affected by both the type and stoichiometric ratios of enzyme used. Optimal 
combinations of enzymes were determined based on increased activity on crystalline 
cellulose. In this case, however, the effects of relative enzyme positioning within the 
complex could not be deduced due to the non-specific binding of each enzyme with any of 
the two cohesins present on the scaffold. The multiple cellulase activities required to 
degrade crystalline cellulose and the possibility to optimize their positioning within an 
artificial cellulosome prompted the construction of recombinant protein scaffolds using 
cohesins with different specificities. 
Initial work describing the construction of chimeric scaffolds was carried out by Fierobe and 
coworkers, where the fusion of cohesins derived from the cellulosomes of C. thermocellum 
and C. cellulolyticum were used to engineer complexes with dual enzyme activities [101]. The 
authors engineered a total of four scaffolds that contained two divergent cohesins 
positioned at various locations relative to the CBD. Two C. cellulolyticum cellulases, CelA 
and CelF, were engineered to contain either native or C. thermocellum dockerins. All 
components were over-produced in E. coli, purified and assembled in vitro into three-
component cellulosomes. The authors once again demonstrated the necessity of the CBD for 
increased hydrolysis of the cellulose substrate, and observed that the sequential or 
simultaneous assembly of each component yielded similar activities. Increased synergy, 
however, was observed when enzymes were positioned adjacent to each other, suggesting a 
possible mechanism of substrate channeling between catalytic domains. In a subsequent 
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not necessarily the amount of CelD present. The authors hypothesized that the CBD located 
on the scaffold protein was either indirectly contributing to the hydrolysis process by 
optimally positioning CelD to act on the crystalline substrate, or that it was playing a more 
direct role, participating in the partial decomposition of the substrate and ultimately, 
allowing access to CelD [98]. A subsequent study by Ciruela and colleagues revealed that 
the binding of another EGL, CelE, with full length CipA, resulted in the assembly of 
artificial cellulosomes with increased activity on crystalline cellulose compared to free 
enzymes [99]. Interestingly, although the CBD of CipA was capable of binding both 
crystalline and amorphous cellulose, the increase in activity observed when CelE was 
complexed with CipA was only observed on the former, suggesting the pivotal role of the 
scaffold-enzyme complex in degrading the crystalline substrate. Both studies conducted by 
Kataeva and Ciruela involved the incorporation of a single enzyme into artificial 
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scaffold protein CbpA (Mini-CbpA) and three enzymes, EngE, EngH, and EngS, for the in 
vitro assembly of artificial cellulosomes containing combinations of two enzymes [100]. 
Synergy was affected by both the type and stoichiometric ratios of enzyme used. Optimal 
combinations of enzymes were determined based on increased activity on crystalline 
cellulose. In this case, however, the effects of relative enzyme positioning within the 
complex could not be deduced due to the non-specific binding of each enzyme with any of 
the two cohesins present on the scaffold. The multiple cellulase activities required to 
degrade crystalline cellulose and the possibility to optimize their positioning within an 
artificial cellulosome prompted the construction of recombinant protein scaffolds using 
cohesins with different specificities. 
Initial work describing the construction of chimeric scaffolds was carried out by Fierobe and 
coworkers, where the fusion of cohesins derived from the cellulosomes of C. thermocellum 
and C. cellulolyticum were used to engineer complexes with dual enzyme activities [101]. The 
authors engineered a total of four scaffolds that contained two divergent cohesins 
positioned at various locations relative to the CBD. Two C. cellulolyticum cellulases, CelA 
and CelF, were engineered to contain either native or C. thermocellum dockerins. All 
components were over-produced in E. coli, purified and assembled in vitro into three-
component cellulosomes. The authors once again demonstrated the necessity of the CBD for 
increased hydrolysis of the cellulose substrate, and observed that the sequential or 
simultaneous assembly of each component yielded similar activities. Increased synergy, 
however, was observed when enzymes were positioned adjacent to each other, suggesting a 
possible mechanism of substrate channeling between catalytic domains. In a subsequent 
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effort, Fierobe and colleagues successfully generated a library of 75 different chimeric 
cellulosomes and tested their activities on both crystalline and less recalcitrant substrates 
[102]. The enzymes incorporated into the bifunctional complexes consisted of a combination of 
C. cellulolyticum cellulases CelA, CelC, CelE, CelF, or CelG. Synergy due to enzyme assembly 
on the chimeric scaffolds was only observed when acting on the more recalcitrant substrates 
such as Avicel and bacterial microcrystalline cellulose, with less or no synergy observed when 
acting on the less crystalline substrates bacterial cellulose and PASC. To further augment the 
synergistic and overall activities of bifunctional artificial cellulosomes, Fierobe and coworkers 
generated trifunctional cellulosomes [91]. In order to control the relative position of the 
enzymes within the complexe, a third dockerin-cohesin pair derived from Ruminococcus 
flavefaciens was used in which the interaction is characterized by both high affinity and lack of 
cross-reactivity with other cohesin-dockerin pairs. Upon incorporation of three cellulases, the 
complexes demonstrated significantly higher activity than their bifunctional counterparts. The 
synergy among the complexed enzymes was also demonstrated.  
In an effort to generate artificial cellulosome systems with novel geometries and potentially 
higher overall activities on cellulose, Mingardon and coworkers constructed chimeric 
scaffolds and cellulases designed to self-assemble in precise spatial arrangements [92]. A 
hybrid cellulosome consisted of enzymes targeted to a central scaffold, a covalent 
cellulosome was generated by covalently fusing all components together in a single 
polypeptide chain, and three other cellulosomes with novel architectures were engineered 
as well. Still, the hybrid cellulosome, which more closely resembled traditional cellulosome 
architectures, demonstrated significantly higher activity than all others [92]. Some other 
notable observations were that the least effective cellulosome contained the most CBDs and 
that in certain architectures, cohesin-dockerin pairs could dissociate, most probably due to 
conformational strain. 
Cellulosic biomass is mostly composed of lignin and hemicellulose in addition to cellulose. 
To bestow hemicellulase activity upon engineered cellulosomes, Morais and colleagues 
intergraded two xylanases as well as a xylose binding domain to a scaffold containing three 
divergent cohesins from Acetivibrio cellulolyticus, C. thermocellum, and R. flavefaciens [103]. 
The assembled complexes demonstrated a 1.5 fold increase in activity on hatched wheat 
straw when compared with the free enzyme mixtures, and the authors attributed this to 
substrate targeting by the xylose binding domain as well as to the proximity of the enzymes 
within the complex [103]. This system was further improved in a subsequent study whereby 
another dockerin-cohesin pair derived from Bacteriodes cellulosolvens was incorporated 
resulting in a four component artificial cellulosome that could accomodate two EGLs and 
two xylanases [104]. An overall 2.4-fold increase in activity on hatched wheat straw was 
observed compared with the free enzyme mixtures. 
3.2.2 Expression of cellulosome components in B. subtilis 
While E. coli remains an attractive host for the production of enzymes and scaffolds the 
presence of endogenous proteases can lead to the degradation of desired proteins. Another 
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attractive host towards the production of recombinant cellulosomes is B. subtilis, since it can 
be easily genetically manipulated, is characterized by fast growth, and is an efficient protein 
secretor. A strain of B. subtilis deficient in eight major extracellular proteases, B. subtilis 
WB800, was engineered and used as a host for the production and secretion of C. 
cellulovorans EngE since this enzyme was shown to be partially degraded in E. coli [105]. 
Murashima and colleagues were successful in using this protease-deficient strain to produce 
EngE, and subsequent incubation with scaffold Mini-CbpA, which contains a CBD as well as 
two cohesins, resulted in assembly of an enzyme-scaffold complex capable of binding 
cellulose [105].   
3.3. In vivo secretion and assembly of recombinant cellulosomes 
The overexpression and purification of individual scaffolds and enzymes towards the 
assembly of artificial cellulosomes poses extra costs and steps towards cellulose hydrolysis. 
Rather, the development of a CBP-capable organism would require the production, 
secretion and in vivo assembly of artificial cellulosomes in the extracellular space (Fig. 1B).  
3.3.1. Secretion of recombinant cellulosomes by B. subtilis 
Initial work began as an extension of Murashima and colleagues’ work employing B. subtilis 
WB800 as a host for heterologous production of all components. Cho and colleagues 
constructed an expression cassette encoding both Mini-CbpA and EngE on a single vector 
which was established in B. subtilis WB800 [106]. The result was the secretion and 
subsequent assembly of both enzyme and scaffold components into an artificial cellulosome 
complex which was localized in the supernatant. This study was the first report of the in vivo 
assembly of artificial cellulosomes by a single organism, although the activity of this strain 
against cellulosic substrates was not verified. A study by Arai and colleagues used a 
different approach towards the in vivo assembly of recombinant cellulosomes. In this case, 
three strains of B. subtilis WB800 were engineered to secrete either EngB, XynB, or 
MiniCbpA into the culture supernatant [107]. By co-culturing enzyme and scaffold 
producing strains, complexes formed in the supernatant and were characterized by the 
appropriate enzymatic activity. This provided a novel method for assembling complexes in 
vivo based on intercellular complementation. 
3.3.2. Secretion of recombinant cellulosomes by C. acetobutylicum 
C. acetobutylicum is an organism which has been employed in the production of a number of 
acids and solvents including acetone, butanol, and ethanol. The potential to engineer this 
organism to degrade cellulose as a cheap and abundant carbon source has garnered 
significant attention in the past decade. Interestingly, this bacterium is not cellulolytic, 
however investigation of its genome sequence reveals a cellulosomal gene cluster encoding 
a number of hydrolytic enzymes as well as a scaffold protein CipA [64, 108]. Sabathe and 
colleagues were successful in engineering C. acetobutylicum to secrete and assemble a 
functional minicellulosome in vivo [109]. Since CipA had been previously demonstrated to 
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two xylanases [104]. An overall 2.4-fold increase in activity on hatched wheat straw was 
observed compared with the free enzyme mixtures. 
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attractive host towards the production of recombinant cellulosomes is B. subtilis, since it can 
be easily genetically manipulated, is characterized by fast growth, and is an efficient protein 
secretor. A strain of B. subtilis deficient in eight major extracellular proteases, B. subtilis 
WB800, was engineered and used as a host for the production and secretion of C. 
cellulovorans EngE since this enzyme was shown to be partially degraded in E. coli [105]. 
Murashima and colleagues were successful in using this protease-deficient strain to produce 
EngE, and subsequent incubation with scaffold Mini-CbpA, which contains a CBD as well as 
two cohesins, resulted in assembly of an enzyme-scaffold complex capable of binding 
cellulose [105].   
3.3. In vivo secretion and assembly of recombinant cellulosomes 
The overexpression and purification of individual scaffolds and enzymes towards the 
assembly of artificial cellulosomes poses extra costs and steps towards cellulose hydrolysis. 
Rather, the development of a CBP-capable organism would require the production, 
secretion and in vivo assembly of artificial cellulosomes in the extracellular space (Fig. 1B).  
3.3.1. Secretion of recombinant cellulosomes by B. subtilis 
Initial work began as an extension of Murashima and colleagues’ work employing B. subtilis 
WB800 as a host for heterologous production of all components. Cho and colleagues 
constructed an expression cassette encoding both Mini-CbpA and EngE on a single vector 
which was established in B. subtilis WB800 [106]. The result was the secretion and 
subsequent assembly of both enzyme and scaffold components into an artificial cellulosome 
complex which was localized in the supernatant. This study was the first report of the in vivo 
assembly of artificial cellulosomes by a single organism, although the activity of this strain 
against cellulosic substrates was not verified. A study by Arai and colleagues used a 
different approach towards the in vivo assembly of recombinant cellulosomes. In this case, 
three strains of B. subtilis WB800 were engineered to secrete either EngB, XynB, or 
MiniCbpA into the culture supernatant [107]. By co-culturing enzyme and scaffold 
producing strains, complexes formed in the supernatant and were characterized by the 
appropriate enzymatic activity. This provided a novel method for assembling complexes in 
vivo based on intercellular complementation. 
3.3.2. Secretion of recombinant cellulosomes by C. acetobutylicum 
C. acetobutylicum is an organism which has been employed in the production of a number of 
acids and solvents including acetone, butanol, and ethanol. The potential to engineer this 
organism to degrade cellulose as a cheap and abundant carbon source has garnered 
significant attention in the past decade. Interestingly, this bacterium is not cellulolytic, 
however investigation of its genome sequence reveals a cellulosomal gene cluster encoding 
a number of hydrolytic enzymes as well as a scaffold protein CipA [64, 108]. Sabathe and 
colleagues were successful in engineering C. acetobutylicum to secrete and assemble a 
functional minicellulosome in vivo [109]. Since CipA had been previously demonstrated to 
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not be secreted in this organism, the authors replaced the original signal peptide with that of 
the C. cellulolyticum scaffold protein CipC. Overexpression and secretion of a truncated 
version of CipA containing two cohesin domains and a CBD resulted in its binding with 
endogenous cellulase Cel48A, and formation of a secreted cellulosome in vivo [109]. In 
analyzing the activity of the recombinant cellulosome on Avicel, bacterial cellulose, PASC 
and carboxymethyl cellulose, no detectable activity was observed when using the crystalline 
substrates, as is the case for native C. acetobutylicum. Low levels of activity were observed on 
carboxymethyl cellulose and PASC, however such levels did not exceed those demonstrated 
by the native cellulosome. A next logical step was to produce artificial scaffold chimeras in 
this organism, capable of binding enzymes at very precise locations via divergent cohesin 
domains derived from different bacterial species. Perret and colleagues first engineered this 
organism to produce and secrete scaffold miniCipC1 which is a truncated form of C. 
cellulolyticum scaffold CipC, and subsequently generated chimeric scaffold Scaf3 which 
contains cohesins from both C. cellulolyticum and C. thermocellum, as well as a CBD [93]. 
After visualizing the chimeric scaffold using SDS-PAGE, the protein was blotted on a 
nitrocellulose membrane and was subsequently shown to bind both Cel48 and Cel9 
containing a dockerin from C. cellulolyticum, as well as Cel9 with a dockerin from C. 
thermocellum.   
3.4. In vivo surface-anchoring of recombinant cellulosomes 
The architecture of the cellulosome establishes proximal and synergistic effects of enzymes 
within the complex when associated with the substrate [95, 110, 111]. In natural and 
recombinant systems, these synergistic effects are further augmented by an extra level of 
synergy resulting from the cellulosome’s association with the surface of cells, yielding 
cellulose-enzyme-microbe (CEM) ternary complexes [89, 112-118]. CEM ternary complexes 
benefit from the effects of microbe-enzyme synergy, ultimately limiting the escape of 
hydrolysis products and enzymes, increasing access to substrate hydrolysis products, 
minimizing the distance products must diffuse before cellular uptake occurs, concentrating 
enzymes at the substrate surface, protecting hydrolytic enzymes from proteases and thermal 
degradation, as well as optimizing the chemical environment at the substrate-microbe 
interface [89, 112-116]. In several cellulosome-producing bacteria, including C. thermocellum, 
the cellulosome is anchored to the surface of cells, resulting in one of the most efficient 
systems for bacterial cellulose hydrolysis [4, 116]. In an effort to mimic such a system, 
microbial engineers have adopted this strategy as a next logical step towards the 
improvement of recombinant cellulosome systems with the ultimate goal of increasing the 
efficiency of the bioconversion process.  
3.4.1. Anchoring recombinant cellulosomes on the cell surface of S. cerevisiae 
Much interest towards the development of a CBP-capable organism comes from a desire to 
generate biofuels such as ethanol from cheap and abundant substrates. Therefore, much 
attention has been directed towards engineering cellulosome systems in ethanologenic 
organisms such as S. cerevisiae. Lily and colleagues were successful in targeting hybrid 
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scaffold Scaf3p to the cell surface of S. cerevisiae by fusing it with the glycosyl 
phosphatidylinositol (GPI) signal peptide of the Cwp2 protein for linking to the β-1,6 glucan 
of the yeast cell wall [119]. The scaffold contained two divergent cohesins from C. 
thermocellum and C. cellulolyticum as well as a CBD. Microsocopy revealed that the CBD was 
functional in adhering cells to filter paper, and the successful targeting of a Cel5a-dockerin 
fusion to the scaffold confirmed functionality of the cohesin modules. The ability to generate 
scaffold chimeras using non-cohesin modules was established by Ito and colleagues [120]. 
This research group generated artificial scaffolds by fusing the Z domain of Staphylococcus 
aureus Protein A with a cohesin from the C. cellulovorans cellulosome and displayed them on 
the cell surface [120]. The scaffold chimeras were engineered to contain two Z domains as 
well as two cohesins for precisely targeting different enzymes to the cell surface. The 
authors fused two enzymes, EGII and BGLI, to either a dockerin domain or Fc domain, 
which successfully targeted the enzymes to the cohesin and Z domains, respectively [120]. 
Hydrolysis experiments on β-glucan revealed that co-displaying EGII-FC and BGL-dock 
resulted in cells capable of degrading this soluble cellulosic substrate, but due to lack of a 
CBD on the engineered scaffold, this strain would most likely be inefficient at hydrolyzing 
more recalcitrant cellulosic substrates. A more direct approach to ethanol production was 
adopted by Tsai and coworkers, where yeast strains were engineered to display a trimeric 
scaffold containing three divergent cohesins from C. thermocellum, C. cellulolyticum and R. 
flavefaciens as well as a CBD [121]. Three enzymes, C. thermocellum CelA, and C. cellulolyticum 
CelE and CelG were overproduced in E. coli and successfully targeted to corresponding 
cohesin domains on the scaffold by fusion with appropriate dockerin domains, resulting in 
the surface-display of trifunctional cellulosomes. The anchor system used in this study 
consisted of displaying the Aga1 protein which interacted with the Aga2 protein fused with 
the scaffold. Replacing endoglucanase CelG with C. thermocellum β-glucosidase BglA 
resulted in significant increases in glucose liberation from PASC, and the resulting strain 
was capable of directly producing ethanol from this substrate. Incubating cells in the 
presence of PASC resulted in ethanol production that corresponds to 95% of the 
theoretically attainable ethanol yield. The authors also observed no accumulation of glucose 
in the medium during the fermentation assays, suggesting that the released glucose was 
immediately taken up by cells during the SSF process [121].  
The production of both enzymes and scaffold in a single yeast strain was achieved by Wen 
and colleagues [94]. The scaffold contained three cohesins as well as a CBD and was 
successfully displayed by use of the α-agglutinin adhesion receptor. In vivo secretion of an 
EGL, CBH, and BGL resulted in the assembly of tetrameric complexes, and the resulting 
yeast strain was capable of directly converting PASC to ethanol at a yield of 1.8 g/L. 
Interestingly, the authors also observed that when Bgl1 was positioned within the complex, 
in close proximity to EGII and CBHII, increased activity was observed, most probably due 
to removal of the cellobiose at the cell surface which may have been inhibiting EGII and 
CBHII. In comparison with the work by Tsai and colleagues, this represented the first report 
of producing and assembling a trifunctional cellulosome on the cell surface by the in vivo 
production of all components. The relatively low levels of EGII and Bgl1 produced by this 
strain, however, suggested that burdening the secretion machinery of the organism was a 
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not be secreted in this organism, the authors replaced the original signal peptide with that of 
the C. cellulolyticum scaffold protein CipC. Overexpression and secretion of a truncated 
version of CipA containing two cohesin domains and a CBD resulted in its binding with 
endogenous cellulase Cel48A, and formation of a secreted cellulosome in vivo [109]. In 
analyzing the activity of the recombinant cellulosome on Avicel, bacterial cellulose, PASC 
and carboxymethyl cellulose, no detectable activity was observed when using the crystalline 
substrates, as is the case for native C. acetobutylicum. Low levels of activity were observed on 
carboxymethyl cellulose and PASC, however such levels did not exceed those demonstrated 
by the native cellulosome. A next logical step was to produce artificial scaffold chimeras in 
this organism, capable of binding enzymes at very precise locations via divergent cohesin 
domains derived from different bacterial species. Perret and colleagues first engineered this 
organism to produce and secrete scaffold miniCipC1 which is a truncated form of C. 
cellulolyticum scaffold CipC, and subsequently generated chimeric scaffold Scaf3 which 
contains cohesins from both C. cellulolyticum and C. thermocellum, as well as a CBD [93]. 
After visualizing the chimeric scaffold using SDS-PAGE, the protein was blotted on a 
nitrocellulose membrane and was subsequently shown to bind both Cel48 and Cel9 
containing a dockerin from C. cellulolyticum, as well as Cel9 with a dockerin from C. 
thermocellum.   
3.4. In vivo surface-anchoring of recombinant cellulosomes 
The architecture of the cellulosome establishes proximal and synergistic effects of enzymes 
within the complex when associated with the substrate [95, 110, 111]. In natural and 
recombinant systems, these synergistic effects are further augmented by an extra level of 
synergy resulting from the cellulosome’s association with the surface of cells, yielding 
cellulose-enzyme-microbe (CEM) ternary complexes [89, 112-118]. CEM ternary complexes 
benefit from the effects of microbe-enzyme synergy, ultimately limiting the escape of 
hydrolysis products and enzymes, increasing access to substrate hydrolysis products, 
minimizing the distance products must diffuse before cellular uptake occurs, concentrating 
enzymes at the substrate surface, protecting hydrolytic enzymes from proteases and thermal 
degradation, as well as optimizing the chemical environment at the substrate-microbe 
interface [89, 112-116]. In several cellulosome-producing bacteria, including C. thermocellum, 
the cellulosome is anchored to the surface of cells, resulting in one of the most efficient 
systems for bacterial cellulose hydrolysis [4, 116]. In an effort to mimic such a system, 
microbial engineers have adopted this strategy as a next logical step towards the 
improvement of recombinant cellulosome systems with the ultimate goal of increasing the 
efficiency of the bioconversion process.  
3.4.1. Anchoring recombinant cellulosomes on the cell surface of S. cerevisiae 
Much interest towards the development of a CBP-capable organism comes from a desire to 
generate biofuels such as ethanol from cheap and abundant substrates. Therefore, much 
attention has been directed towards engineering cellulosome systems in ethanologenic 
organisms such as S. cerevisiae. Lily and colleagues were successful in targeting hybrid 
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scaffold Scaf3p to the cell surface of S. cerevisiae by fusing it with the glycosyl 
phosphatidylinositol (GPI) signal peptide of the Cwp2 protein for linking to the β-1,6 glucan 
of the yeast cell wall [119]. The scaffold contained two divergent cohesins from C. 
thermocellum and C. cellulolyticum as well as a CBD. Microsocopy revealed that the CBD was 
functional in adhering cells to filter paper, and the successful targeting of a Cel5a-dockerin 
fusion to the scaffold confirmed functionality of the cohesin modules. The ability to generate 
scaffold chimeras using non-cohesin modules was established by Ito and colleagues [120]. 
This research group generated artificial scaffolds by fusing the Z domain of Staphylococcus 
aureus Protein A with a cohesin from the C. cellulovorans cellulosome and displayed them on 
the cell surface [120]. The scaffold chimeras were engineered to contain two Z domains as 
well as two cohesins for precisely targeting different enzymes to the cell surface. The 
authors fused two enzymes, EGII and BGLI, to either a dockerin domain or Fc domain, 
which successfully targeted the enzymes to the cohesin and Z domains, respectively [120]. 
Hydrolysis experiments on β-glucan revealed that co-displaying EGII-FC and BGL-dock 
resulted in cells capable of degrading this soluble cellulosic substrate, but due to lack of a 
CBD on the engineered scaffold, this strain would most likely be inefficient at hydrolyzing 
more recalcitrant cellulosic substrates. A more direct approach to ethanol production was 
adopted by Tsai and coworkers, where yeast strains were engineered to display a trimeric 
scaffold containing three divergent cohesins from C. thermocellum, C. cellulolyticum and R. 
flavefaciens as well as a CBD [121]. Three enzymes, C. thermocellum CelA, and C. cellulolyticum 
CelE and CelG were overproduced in E. coli and successfully targeted to corresponding 
cohesin domains on the scaffold by fusion with appropriate dockerin domains, resulting in 
the surface-display of trifunctional cellulosomes. The anchor system used in this study 
consisted of displaying the Aga1 protein which interacted with the Aga2 protein fused with 
the scaffold. Replacing endoglucanase CelG with C. thermocellum β-glucosidase BglA 
resulted in significant increases in glucose liberation from PASC, and the resulting strain 
was capable of directly producing ethanol from this substrate. Incubating cells in the 
presence of PASC resulted in ethanol production that corresponds to 95% of the 
theoretically attainable ethanol yield. The authors also observed no accumulation of glucose 
in the medium during the fermentation assays, suggesting that the released glucose was 
immediately taken up by cells during the SSF process [121].  
The production of both enzymes and scaffold in a single yeast strain was achieved by Wen 
and colleagues [94]. The scaffold contained three cohesins as well as a CBD and was 
successfully displayed by use of the α-agglutinin adhesion receptor. In vivo secretion of an 
EGL, CBH, and BGL resulted in the assembly of tetrameric complexes, and the resulting 
yeast strain was capable of directly converting PASC to ethanol at a yield of 1.8 g/L. 
Interestingly, the authors also observed that when Bgl1 was positioned within the complex, 
in close proximity to EGII and CBHII, increased activity was observed, most probably due 
to removal of the cellobiose at the cell surface which may have been inhibiting EGII and 
CBHII. In comparison with the work by Tsai and colleagues, this represented the first report 
of producing and assembling a trifunctional cellulosome on the cell surface by the in vivo 
production of all components. The relatively low levels of EGII and Bgl1 produced by this 
strain, however, suggested that burdening the secretion machinery of the organism was a 
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potential bottleneck. To address this issue, the Chen group adopted a different approach 
towards the in vivo assembly of trifunctional complexes on the cell surface which entailed 
intercellular complementation by a yeast consortium [122]. In this case, one strain produced 
a trifunctional scaffold containing three divergent cohesins and a CBD, while each of three 
other strains produced an exoglucanase, EGL, or BGL which were targeted to specific sites 
on the artificial scaffold by fusion with corresponding dockerin domains. The authors also 
reported that an optimal ratio of each strain within the consortium resulted in two-fold 
increase in ethanol production when compared with a consortium containing equal 
proportions of each strain.  
3.4.2. Anchoring recombinant cellulosomes on the cell surface of L. lactis 
While of the attention to the engineering of organisms to display artificial cellulosomes has 
been directed towards ethanol-producing microbes, the metabolic diversity among 
microorganisms suggests that such a strategy can be implemented towards the production 
of other commodity chemicals including organic acids. In an effort to assemble cellulosome-
inspired multi-enzyme complexes on the surface of a bacterium, Wieczorek and Martin 
engineered a strain of L. lactis to anchor mini-scaffolds on the cell surface [123]. While 
several bacterial species non-covalently anchor cellulosomes to the cell surface by means of 
S-layer homologous domains, other organisms such as R. flavefaciens display cellulosomes by 
covalently anchoring them to the cell wall by sortase. Therefore, the authors in this study fused 
fragments of C. thermocellum CipA scaffold with a C-terminal LPXTG-containing anchor motif 
from Streptococcus pyogenes M6 protein, resulting in their successful surface-display. By fusing 
the scaffolds with the export-specific reporter, S.aureus nuclease NucA, the authors were able 
to easily detect them in the extracellular medium. Fusion of E. coli β-glucuronidase UidA with 
the dockerin from major C. thermocellum cellulosomal enzyme CelS, resulted in its successful 
targeting to the surface-displayed scaffolds. While the assembled complexes were not 
cellulolytic, the investigation yielded insights into parameters affecting secretion and 
anchoring of the recombinant scaffolds, including the observation that scaffold size was not a 
significant bottleneck in display efficiency. The strain used was deficient in its major 
extracellular housekeeping protease HtrA, which has been demonstrated to be responsible for 
the degradation of secreted recombinant proteins. In a subsequent study, the authors fused 
type 1 and type 2 cohesins to generate scaffold chimeras capable of binding UidA and E. coli β-
galactosidase LacZ fused with type 1 and type 2 dockerins (unpublished data). This system 
yielded novel insights into the assembly of displayed complexes, suggesting that enzyme size 
and position relative to the cell surface may play a role in determining the overall net 
enzymatic profile of the displayed complexes. 
3.4.3. Anchoring recombinant cellulosomes on the cell surface of B. subtilis 
The interest in B. subtilis as a potential candidate for the consolidated bioprocessing of 
cellulosic substrates into chemicals and fuels resulted in the development of recombinant 
cellulosome systems in this organism. The attractiveness of this host is compounded by 
several characteristics including its ability to metabolize C5 and C6 sugars as well as its 
natural ability to uptake long-chain cellodextrins. Anderson and colleagues used a system 
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similar to the Martin group's by employing the sortase-mediated anchoring of proteins on 
the cell surface [124]. This group initially demonstrated proof of concept by displaying a 
single enzyme, Cel8A, and subsequently went on to display cohesin domains capable of 
interacting with an appropriate Cel8A-dockerin fusion. It was observed that proteolytic 
degradation of the displayed enzymes resulted in an 80% decrease in activity after only 6 
hours, an effect hypothesized to result from the presence of the extracellular housekeeping 
protease WprA. Inserting this system into a WprA- strain resulted in a significant reduction 
in the observed proteolysis of the enzymes. The most complex artificial cellulosome 
generated by this group included a surface-anchored chimeric scaffold containing three 
divergent cohesins and a CBD. Incubation of cells with enzyme-dockerin fusions purified 
from E. coli resulted in the assembly of functional minicellulosomes on the cell surface. Soon 
afterwards, the Zhang group reported the engineering of a scaffold-displaying B. subtilis 
strain capable of binding three enzymes and the subsequent assembly of an artificial 
cellulosome on the cell surface [125]. These authors investigated the effect of the CEM 
ternary complex by comparing a cell-bound artificial cellulosome, a cell-free artificial 
cellulosome, and a commercial fungal cellulose mixture. Comparative enzyme assays were 
conducted on the recalcitrant substrate Avicel, as well as amorphous cellulose. When 
comparing the activity of cell-bound cellulosomes vs. cell-free cellulosomes, a larger 
significant increase in CEM synergy on Avicel as opposed to amorphous cellulose was 
observed in the cell-displayed constructs. The authors suggest this effect to be due to larger 
product inhibition at the boundary layer when active on crystalline cellulose. Since EGL 
demonstrates higher hydrolysis activity on amorphous cellulose, and CBH is more sensitive 
to product inhibition, the observed results suggest that the benefits of anchoring 
cellulosomes on the cell surface are a necessary component of a CBP-capable organism. In 
Table 1, successfully generated recombinant cellulosome components are listed according to 































































(cohth / cohcl) 
Scaf1-5  
(cohth / cohcl) 
Scaf6  
(cohth / cohcl / cohrf)
Scaf3, Scaf6  
(cohth / cohcl / cohrf)
Cel D  
 
Cel E  
 
Cel E, H, S  
 
Cel A, F 
 
Cel A, C, E, F, 
G 
Cel A, C, E, F, 
G  
Cel F, G 
 

















Cellulose – Biomass Conversion 118 
potential bottleneck. To address this issue, the Chen group adopted a different approach 
towards the in vivo assembly of trifunctional complexes on the cell surface which entailed 
intercellular complementation by a yeast consortium [122]. In this case, one strain produced 
a trifunctional scaffold containing three divergent cohesins and a CBD, while each of three 
other strains produced an exoglucanase, EGL, or BGL which were targeted to specific sites 
on the artificial scaffold by fusion with corresponding dockerin domains. The authors also 
reported that an optimal ratio of each strain within the consortium resulted in two-fold 
increase in ethanol production when compared with a consortium containing equal 
proportions of each strain.  
3.4.2. Anchoring recombinant cellulosomes on the cell surface of L. lactis 
While of the attention to the engineering of organisms to display artificial cellulosomes has 
been directed towards ethanol-producing microbes, the metabolic diversity among 
microorganisms suggests that such a strategy can be implemented towards the production 
of other commodity chemicals including organic acids. In an effort to assemble cellulosome-
inspired multi-enzyme complexes on the surface of a bacterium, Wieczorek and Martin 
engineered a strain of L. lactis to anchor mini-scaffolds on the cell surface [123]. While 
several bacterial species non-covalently anchor cellulosomes to the cell surface by means of 
S-layer homologous domains, other organisms such as R. flavefaciens display cellulosomes by 
covalently anchoring them to the cell wall by sortase. Therefore, the authors in this study fused 
fragments of C. thermocellum CipA scaffold with a C-terminal LPXTG-containing anchor motif 
from Streptococcus pyogenes M6 protein, resulting in their successful surface-display. By fusing 
the scaffolds with the export-specific reporter, S.aureus nuclease NucA, the authors were able 
to easily detect them in the extracellular medium. Fusion of E. coli β-glucuronidase UidA with 
the dockerin from major C. thermocellum cellulosomal enzyme CelS, resulted in its successful 
targeting to the surface-displayed scaffolds. While the assembled complexes were not 
cellulolytic, the investigation yielded insights into parameters affecting secretion and 
anchoring of the recombinant scaffolds, including the observation that scaffold size was not a 
significant bottleneck in display efficiency. The strain used was deficient in its major 
extracellular housekeeping protease HtrA, which has been demonstrated to be responsible for 
the degradation of secreted recombinant proteins. In a subsequent study, the authors fused 
type 1 and type 2 cohesins to generate scaffold chimeras capable of binding UidA and E. coli β-
galactosidase LacZ fused with type 1 and type 2 dockerins (unpublished data). This system 
yielded novel insights into the assembly of displayed complexes, suggesting that enzyme size 
and position relative to the cell surface may play a role in determining the overall net 
enzymatic profile of the displayed complexes. 
3.4.3. Anchoring recombinant cellulosomes on the cell surface of B. subtilis 
The interest in B. subtilis as a potential candidate for the consolidated bioprocessing of 
cellulosic substrates into chemicals and fuels resulted in the development of recombinant 
cellulosome systems in this organism. The attractiveness of this host is compounded by 
several characteristics including its ability to metabolize C5 and C6 sugars as well as its 
natural ability to uptake long-chain cellodextrins. Anderson and colleagues used a system 
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similar to the Martin group's by employing the sortase-mediated anchoring of proteins on 
the cell surface [124]. This group initially demonstrated proof of concept by displaying a 
single enzyme, Cel8A, and subsequently went on to display cohesin domains capable of 
interacting with an appropriate Cel8A-dockerin fusion. It was observed that proteolytic 
degradation of the displayed enzymes resulted in an 80% decrease in activity after only 6 
hours, an effect hypothesized to result from the presence of the extracellular housekeeping 
protease WprA. Inserting this system into a WprA- strain resulted in a significant reduction 
in the observed proteolysis of the enzymes. The most complex artificial cellulosome 
generated by this group included a surface-anchored chimeric scaffold containing three 
divergent cohesins and a CBD. Incubation of cells with enzyme-dockerin fusions purified 
from E. coli resulted in the assembly of functional minicellulosomes on the cell surface. Soon 
afterwards, the Zhang group reported the engineering of a scaffold-displaying B. subtilis 
strain capable of binding three enzymes and the subsequent assembly of an artificial 
cellulosome on the cell surface [125]. These authors investigated the effect of the CEM 
ternary complex by comparing a cell-bound artificial cellulosome, a cell-free artificial 
cellulosome, and a commercial fungal cellulose mixture. Comparative enzyme assays were 
conducted on the recalcitrant substrate Avicel, as well as amorphous cellulose. When 
comparing the activity of cell-bound cellulosomes vs. cell-free cellulosomes, a larger 
significant increase in CEM synergy on Avicel as opposed to amorphous cellulose was 
observed in the cell-displayed constructs. The authors suggest this effect to be due to larger 
product inhibition at the boundary layer when active on crystalline cellulose. Since EGL 
demonstrates higher hydrolysis activity on amorphous cellulose, and CBH is more sensitive 
to product inhibition, the observed results suggest that the benefits of anchoring 
cellulosomes on the cell surface are a necessary component of a CBP-capable organism. In 
Table 1, successfully generated recombinant cellulosome components are listed according to 
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*Corresponds to complexes containing the largest number o divergent cohesins and integrated enzymes. 
**Scaffolds listed are containing the largest number of cohesin modules from that study. Names in parenthesis 
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4. Conclusion 
Recent decades have yielded significant advances in the engineering of non-cellulolytic 
organisms towards the degradation of cellulosic substrates into fermentable sugars. The 
recombinant production of cellulases is both a necessary and effective means to both 
characterize and utilize non-native enzymes in a host organism of choice. In addition, the 
recalcitrance of crystalline cellulose and complexity of hemicellulose requires multiple 
enzymes working together to fully achieve this bioconversion process. The potential of 
custom-designed recombinant cellulosomes to optimize ratio and positioning of enzymes 
within artificial complexes contribute to this goal. Still, significant advances are necessary in 
order for the cost-effective transformation of cellulose into valuable commodity chemicals 
such as bioethanol, non-biofuel hydrocarbons, and organic acids to become an industrial 
standard. For example, of significant importance is the optimizing of secretion and 
anchoring mechanisms in host organisms, two factors which can prove to be bottlenecks in 
the engineering process. Indeed, the native metabolic diversity of microbes designed to 
utilize cellulose as an energy source, as well as the advent of synthetic biology through 
which non-native and novel pathways can be introduced into these organisms, suggest that 
the bioconversion of cellulosic substrates into valuable chemicals is not so far from reach. 
Constructing more efficient recombinant cellulases, as well as the assembly of cellulosomes 
with complex architectures inspired by bacteria such as R. Flavifaciens and A. cellulolyticus, 
are possible avenues to explore in this field. With the inevitable depletion of reserves of 
conventional energy sources such as petroleum and other fossil fuels, it becomes more 
evident that cellulosic biomass is not only an attractive source for the production of 
alternative fuel sources, but may soon become a necessary one. 
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4. Conclusion 
Recent decades have yielded significant advances in the engineering of non-cellulolytic 
organisms towards the degradation of cellulosic substrates into fermentable sugars. The 
recombinant production of cellulases is both a necessary and effective means to both 
characterize and utilize non-native enzymes in a host organism of choice. In addition, the 
recalcitrance of crystalline cellulose and complexity of hemicellulose requires multiple 
enzymes working together to fully achieve this bioconversion process. The potential of 
custom-designed recombinant cellulosomes to optimize ratio and positioning of enzymes 
within artificial complexes contribute to this goal. Still, significant advances are necessary in 
order for the cost-effective transformation of cellulose into valuable commodity chemicals 
such as bioethanol, non-biofuel hydrocarbons, and organic acids to become an industrial 
standard. For example, of significant importance is the optimizing of secretion and 
anchoring mechanisms in host organisms, two factors which can prove to be bottlenecks in 
the engineering process. Indeed, the native metabolic diversity of microbes designed to 
utilize cellulose as an energy source, as well as the advent of synthetic biology through 
which non-native and novel pathways can be introduced into these organisms, suggest that 
the bioconversion of cellulosic substrates into valuable chemicals is not so far from reach. 
Constructing more efficient recombinant cellulases, as well as the assembly of cellulosomes 
with complex architectures inspired by bacteria such as R. Flavifaciens and A. cellulolyticus, 
are possible avenues to explore in this field. With the inevitable depletion of reserves of 
conventional energy sources such as petroleum and other fossil fuels, it becomes more 
evident that cellulosic biomass is not only an attractive source for the production of 
alternative fuel sources, but may soon become a necessary one. 
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1. Introduction 
Lignocellulosic biomass such as agricultural, industrial, and forestry residues as well as 
dedicated crops constitute renewable and abundant resources with great potential for a low-
cost and uniquely sustainable bioconversion to value-added bioproducts. Thus, many 
organic fuels and chemicals that can be obtained from lignocellulosic biomass can reduce 
greenhouse gas emissions, enhance energy security, improve the economy, dispose of 
problematic solid wastes, and improve air quality. In particular, liquid biofuels are attractive 
candidates, since little or no change is needed to the current petroleum-based fuel 
technologies. However, the biorefining process remains economically unfeasible due to a 
lack of biocatalysts that can overcome costly hurdles such as cooling from high temperature, 
pumping of oxygen/stirring, and, neutralization from acidic or basic pH. Therefore, 
bioconversion of the lignocellulosic components into fermentable sugars is an essential step 
in the biorefinery.  
In nature, a variety of microorganisms including bacteria and fungi have the ability to 
degrade lignocellulosic biomass to C-5 and/or C-6 sugars. Moreover, new concepts have 
been proposed to enable the overall goal of cost reduction. These include genetically 
modifying the cell wall composition of energy crops in order to make their conversion 
easier, and combining the processes of glycoside hydrolases (GHs) and polysaccharide 
lyases (PLs) production, saccharification, and fermentation. Several clostridial species 
produce an extracellular enzyme complex called the cellulosomes and free extracellular 
enzymes called non-cellulosomes [1,2]. The cellulosomes are particularly designed for 
efficient degradation of plant cell wall polysaccharides such as cellulose, hemicellulose, and 
pectins. The component parts of the multi-component complex are integrated by virtue of a 
unique family of integrating modules, the cohesins and the dockerins, whose distribution 
and specificity dictate the overall cellulosome architecture. On the other hand, several 
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clostridial species are able to ferment carbohydrates to acetone, butanol, and ethanol (ABE). 
Industrial application of this process, also known as ABE fermentation, has a long history, 
but the process economics after 1960 became unfavorable compared to the petrochemical 
process, and its commercial exploitation was gradually abandoned. The inefficiency of the 
fermentation still hampers commercial reintroduction of this renewable butanol production 
process. However, improving the yields and productivities of the solvent products is key to 
its successful reintroduction. 
2. Solvent-producing clostridia 
Biological production of butanol (n-butanol, 1-butanol) has a long history as an industrially 
significant fermentation process [3]. An excellent review article by Jones and Woods on the 
history of acetone–butanol–ethanol (ABE) fermentation processes is available [4]. After 
Pasteur discovered bacterial butanol production from his landmark anaerobic cultivation in 
1861, fermentative ABE production prospered during the early 20th century, and after 
ethanol became the second largest industrial fermentation process in the world. In 1945, two 
thirds of industrially used butanol was produced by fermentation in U.S. However, the ABE 
fermentation process lost competitiveness by the 1960s due to the increase of feedstock costs 
and advancement of the petrochemical industry except in Russia and in South Africa, where 
the substrate and labor costs were low. The ABE fermentation processes in South Africa and 
Russia continued to operate until the late 1980s and early 1990s [5]. It has recently been 
reported that the Russian fermentation industry is concentrating on the conversion of 
agricultural biomass into butanol5. The successful industrial-level butanol fermentation in 
these countries can provide guidelines to our current efforts to produce butanol in large-
scale. Commercial solvent titres peak at about 20 g/L from 55 to 60 g/L of substrate, resulting 
in solvent yields of approx. 0.35 g/g sugar consumed [6]. The butanol:solvent molar ratio is 
typically 0.6 with an A:B:E ratio of 3:6:14. C. acetobutylicum strain EA2018 was also developed 
using chemical mutagenesis and found to produce higher butanol:solvent ratios (0.7) than 
the parental strain (0.6) [7]. This strain has been licensed to several commercial producers in 
China (GBL market data). The acetone pathway has also been knocked out in this strain 
resulting in higher butanol:solvent ratios (0.8) but no overall increase in higher butanol titre 
was observed [8]. Butanol is the preferred solvent since it attracts the highest price in the 
chemical market. Between butanol and ethanol, butanol is a choice of fuel as compared to 
ethanol, mainly because of its higher energy density, lower volatility and reduced 
corrosiveness. In addition, butanol has relatively better compatibility for current car engines 
and infrastructures, offering more convenience and versatility in applications [9,10]. Thus, 
butanol production from lignocellulosic materials has attracted much attention from 
contemporary researchers in the discipline of bioenergy. 
Several clostridial species such as Clostridium acetobutylicum, C. beijerinckii, C. pasteurianum, 
C. saccharobutylicum, and C. saccharoperbutylacetonicum are known to be solventogenic, 
producing acetone, butanol, and ethanol, but they present relatively low tolerance to 
butanol [5,11,12]. Among wild-type clostridial species, typical end concentrations of butanol 
are around 12 g/L from fermentation of glucose [12]. The fermentation efficiency was 
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reported to be hampered due to the accumulated butanol (e.g., >7.4 g/L) [12], which could 
lead to cell growth inhibition and premature cessation of fermentation [13]. Such negative 
inhibition leads to low achievable butanol concentration and will thus increase the 
downstream costs associated with product purification [13]. Attempts have been made to 
improve the butanol concentration up to 17.8 g/L by genetically manipulating the wild-type 
clostridial species [12]. Nevertheless, genetically modified bacteria are usually unstable due 
to plasmid excision [14], leading to the deterioration of butanol-producing capability within 
batches of experiments. Hence, the search for novel and enhanced wild-type microbes with 
improved butanol tolerance is of great necessity for industrial applications [15]. 
3. Metabolic engineering of mesophilic clostridia 
Synthetic biology has recently been used to introduce biosynthetic capacity for butanol into 
non-natural hosts. The choice between using or engineering natural function versus 
importing biosynthetic function has been reviewed [16]. Commonly used host strains 
include Escherichia coli and Saccharomyces cerevisiae that are relatively easy to genetically 
manipulate but do not tolerate more than 2% 1-butanol [17]. In addition, these strains do not 
display broad substrate ranges and cannot compete with natural or engineered clostridia for 
the production of 1-butanol from a broad range substrates including pentose sugars and 
sugars derived from cellulosic feedstocks. 
For successful metabolic engineering of C. acetobutylicum, it is necessary to have efficient 
genetic engineering tools for metabolic pathway manipulation. In 2001, the complete 
genome sequence of C. acetobutylicum was published [18]. The C. acetobutylicum ATCC 824 
genome consists of a 3.94 Mbp chromosome and a 192,000 bp megaplasmid pSOL1. A total 
of 3,740 and 178 ORFs were identified on the chromosome and megaplasmid, respectively. 
C. acetobutylicum has distinctive families of proteins involved in sporulation, anaerobic 
energy conversion, and carbohydrate degradation, which are well matched to the 
physiological characteristics of C. acetobutylicum. For butanol formation, two mechanisms 
have been identified in this strain; one is related to solventogenesis (ABE forming process) 
and the other is alcohologenesis (butanol and ethanol forming process). The key genes 
involved in solventogenesis are shown in Figure 1A. The genes involved in alcohologenesis 
remain unidentified. It is currently believed that the enzymes encoded by the adhE 
(aldehyde/alcohol dehydrogenase; CAP0035), pdc (pyruvate decarboxylase; CAP0025), and 
edh (ethanol dehydrogenase; CAP0059) genes are associated with this metabolism [12].  
Several Bacullus subtilis–C. acetobutylicum and E. coli–C. acetobutylicum shuttle vectors were 
developed in the early 1990s [19,20]. Mermelstein et al. made a breakthrough in metabolic 
engineering of C. acetobutylicum ATCC 824 [21]. Since C. acetobutylicum ATCC 824 possesses 
a strong restriction system encoded by Cac824I (recognizing 50-GCNGC-30), which prevents 
efficient transformation of recombinant plasmid prepared in E. coli. Thus, they developed a 
B. subtilis–C. acetobutylicum shuttle vector pFNK1, which allowed higher transformation 
efficiency. Using this shuttle vector, the acetoacetate decarboxylase (adc), and the 
phosphotransbutyrylase (ptb) genes were successfully expressed at elevated levels in strain 
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Figure 1. (A) Metabolic pathways in C. acetobutylicum [3]. Reactions which predominate during 
acidogenesis and solventogenesis are indicated by dotted and solid arrows, respectively. Thick arrows 
indicate reactions which activate the whole fermentative metabolism. Gray letters indicate genes and 
enzymes for the reactions. CAC and CAP numbers are the ORF numbers in genome and megaplasmid, 
respectively. (B) The pathway for isobutanol production in C. cellulolyticum [59] from cellulose. In order 
to achieve direct isobutanol production from pyruvate, the genes encoding B. subtilis -acetolactate 
synthase, E. coli acetohydroxyacid isomeroreductase, E. coli dihydroxy acid dehydratase, Lactococcus 
lactis ketoacid decarboxylase, and E. coli and L. lactis alcohol dehydrogenases were cloned, respectively. 
ATCC 824. The development of an in vivo methylation system was an important step [22]. 
Methylation of the shuttle vectors with w3TI methyltransferase (encoded by B. subtilis phage 
w3T) prior to transformation greatly reduces or prevents the degradation of the 
transforming plasmid DNA by the attack of a strong restriction system (Cac824I) present in 
C. acetobutylicum [22]. The copy number of commonly used plasmids in C. acetobutylicum is 
around 7–20 copies per cell, which seem to be suitable for metabolic engineering purposes 
[23]. Significant advances for C. acetobutylicum have been made to methods for gene 
integration [24]. Superior performance has also been demonstrated from genetically 
engineered derivatives of C. acetobutylicum ATCC 824 [25,26]. Methods based on a group II 
intron system for gene knockout have been described [27,28]. More recently an improved 
method, based on allele coupled exchange (ACE), has been described for stable integration 
of larger DNA fragments [29]. It is now possible to construct multi-step biosynthetic 
pathways paving the way for new synthetic clostridia.  
Isobutanol is a more promising fermentation product because it is less toxic than 1-butanol. 
Unlike ethanol, isobutanol can also be blended at any ratio with gasoline or used directly in 
current engines without modification [30]. It is an attractive biofuel but cannot substitute for 
B A 
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1-butanol in the chemical market. One synthetic approach for isobutanol production 
involves the introduction of genes encoding enzymes that convert either acetyl-CoA or 
pyruvate to isobutanol. Alternatively, genes encoding enzymes that convert 2-keto acids 
intermediates (from amino acid synthesis) into isobutanol and branched-chain alcohols; 2-
methyl-1-butanol and 3-methyl-1-butanol can be introduced [31,32,33]. Several companies 
are currently involved in scale-up and demonstration. Gevo Inc. (http://www.gevo.com) has 
engineered E. coli to produce isobutanol [34] and recently acquired a commercial-scale 
ethanol plant in Minnesota for retrofit to produce isobutanol. The company has also 
received Environmental Protection Agency certification to blend isobutanol in fossil fuels. 
DuPont has also engineered several biocatalysts for isobutanol [35] and assigned the 
technology to ButamaxTM Advanced Biofuels (http://www.butamax.com), a joint venture 
between BP and Dupont. ButamaxTM is collaborating with Kingston Research Limited, 
another BP–Dupont joint venture, to build a demonstration plant in the UK. Previously, the 
cellulosome-producing C. cellulolyticum has also been genetically engineered for improved 
ethanol production [36]. With this respect, most of the research concerning the construction 
of an organism for consolidated bioprocessing has focused on ethanol production. Despite 
this, it has been asserted that higher alcohols (i.e., alcohols with more than two carbons), 
such as isobutanol, are better candidates for gasoline replacement because they have energy 
density, octane value, and Reid vapor pressure that are more similar to those of gasoline 
[37].  
4. Cellulosome-pruducing CLostridium cellulovorans 
The anaerobic clostridia are found in the soil, on decaying plant materials, in rumens, in 
sewage sludge, in termite gut, in wood-chip piles, in compost piles, and at paper mills and 
wood processing plants (Table 1). Most of these bacteria occur in natural habitats such as 
soil and decaying plant materials, but some are enriched by human activities, such as in 
compost piles, in sewage plants, and at wood processing plants. Other natural habitats 
include the anaerobic rumen of various ruminants and the gut of termites, where they 
process plant materials for the host organism’s nutrition. The biotechnological potential of 
polysaccharolytic enzymes has resulted in the isolation and characterization of a large 
number of anaerobic, Gram-positive, spore-forming bacteria, the majority of which have 
been allocated to the genus Clostridium. Among some clostridia, the cellulosomes produced 
by Clostridium species are particularly designed for efficient degradation of plant cell wall 
polysaccharides. The component parts of the multicomponent complex are integrated by 
virtue of a unique family of integrating modules, the cohesins and the dockerins (Fig. 2A), 
whose distribution and specificity dictate the overall cellulosome architecture [38]. The 
cellulosomes are characterized by the presence of two general components: (1) the 
nonenzymatic scaffolding protein(s) with enzyme-binding sites called cohesins and (2) a 
variety of cellulosomal enzymes with dockerins, which interact with the cohesins in the 
scaffolding protein. 
Since 2002, over 100 genome sequencing projects of Clostridium species have been done or 
are being done mainly by the United States Department of Energy Joint Genome Institute 
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1-butanol in the chemical market. One synthetic approach for isobutanol production 
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Table 1. Cellulolytic clostridial species from natural biomass decaying ecosystems 
 
Figure 2. Model for C. cellulovorans cellulosomes. (A) Model of cohesin–dockerin interaction. (B) Recent 
model of cellulosomes attached to its substrate and cell surface. 
(DOE-JGI). The whole genome sequences of cellulosome-producing Clostridium species, i.e., 
thermophilic C. thermocellum ATCC27405 and mesophilic C. cellulolyticum H10 were 
sequenced by the JGI in 2007 and 2009, respectively. In 2009 the complete genome of C. 
cellulovorans was sequenced using the next-generation DNA sequencers to compare not only 
cellulosomal genes but also noncellulosomal ones among cellulosome-producing clostridia 
[39]. C. cellulovorans is able to degrade native substrates in soft biomass such as corn fiber 
and rice straw efficiently by producing the cellulosomes. The whole genome sequence of C. 
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cellulovorans comprised 4,220 predicted genes in 5.10 Mbp. As a result, the genome size of C. 
cellulovorans was about 1 Mbp larger than that of other cellulosome-related clostridia, 
mesophilic C. acetobutylicum and C. cellulolyticum, and thermophilic C. thermocellum. A total 
of 57 cellulosomal genes were found in the C. cellulovorans genome (Table 2) and coded for 
not only CAZymes but also lipases, peptidases, and proteinase inhibitors [40,41]. 
Cellulosomal genes among clostridial genomes were identified and classified as cohesin-
containing scaffolding proteins and dockerin-containing proteins. So far, the scaffolding 
proteins for constructing cellulosomes were found in C. acetobutylicum [42], C. cellulolyticum 














C. cellulovorans 743B DF093537-DF093556 5.10 4220 57 31.1 
C. acetobutylicum ATCC 824 AE001437 3.94 3672 12 30.9 
C. cellulolyticum H10 CP001348 4.07 3390 65 37.4 
C. thermocellum ATCC 27405 CP000568 3.84 3191 84 39.0 
Table 2. General features of cellulosomal clostridial genomes compared with that of C. cellulovorans 
Among a total of 57 cellulosomal genes of the C. cellulovorans genome, 53 dockerin-
containing proteins and four cohesin-containing scaffolding proteins were found, 
respectively [40]. More interestingly, two scaffolding proteins, CbpB and CbpC, consisting 
of a carbohydrate-binding module (CBM) of family 3, a surface–layer homology domain and 
a cohesin domain, were recently found and tandemly localized in the C. cellulovorans 
genome, while there were no such scaffolding proteins in other cellulosomal clostridia. 
Thus, by examining genome sequences from multiple Clostridium species, comparative 
genomics offers new insight into genome evolution and the way natural selection molds 
functional DNA sequence evolution. A recent model for the C. cellulovorans cellulosome 
reveals that the enzymatic subunits are bound to the scaffolding through the interaction of 
the cohesins and dockerins to form the cellulosome (Fig. 2B). 
Carbohydrate-active enzymes (CAZymes) are categorized into different classes and families 
in the CAZy database (for more information please visit the CAZy web page; 
www.cazy.org). CAZymes that cleave, build, and rearrange oligo- and polysaccharides play 
a central role in the biology of bacteria and fungi and are key to optimizing biomass 
degradation by these species. Currently, more than 2,500 GHs have been identified and 
classified into 115 families [47]. Interestingly, the same enzyme family may contain members 
from bacteria, fungi, and plants with several different activities and substrate specifications 
[48]. However, fungal cellulases (hydrolysis of β-1,4-glycosidic bonds) have been mostly 
found within a few GH families including 5, 6, 7, 8, 9, 12, 44, 45, 48, 61, and 74 [47,49]. 
Cellulases have a small independently folded CBM that is connected to the catalytic domain 
by a flexible linker [48]. The CBMs are responsible for binding the enzyme to the crystalline 
cellulose, and thus enhance the enzyme activity [38]. Currently, many CBMs have been 
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cellulovorans comprised 4,220 predicted genes in 5.10 Mbp. As a result, the genome size of C. 
cellulovorans was about 1 Mbp larger than that of other cellulosome-related clostridia, 
mesophilic C. acetobutylicum and C. cellulolyticum, and thermophilic C. thermocellum. A total 
of 57 cellulosomal genes were found in the C. cellulovorans genome (Table 2) and coded for 
not only CAZymes but also lipases, peptidases, and proteinase inhibitors [40,41]. 
Cellulosomal genes among clostridial genomes were identified and classified as cohesin-
containing scaffolding proteins and dockerin-containing proteins. So far, the scaffolding 
proteins for constructing cellulosomes were found in C. acetobutylicum [42], C. cellulolyticum 
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by a flexible linker [48]. The CBMs are responsible for binding the enzyme to the crystalline 
cellulose, and thus enhance the enzyme activity [38]. Currently, many CBMs have been 
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identified and classified into 54 families; however, only 20 families (1, 13, 14, 18, 19, 20, 21, 
24, 29, 32, 35, 38, 39, 40, 42, 43, 47, 48, 50, and 52) have been found in fungi. Among 53 
cellulosomal genes encoding dockerin containing proteins in the C. cellulovorans genome, a 
total of 29 genes coded for cellulolytic, hemicellulolytic and pectin-degrading enzymes [40]. 
Compared with the genome-sequenced species within cellulosomal clostridia, the proteome 
of C. cellulovorans focusing on dockerin-containing proteins showed representation of many 
proteins with known functions. In the C. cellulovorans cellulosome, there are 16 cellulase 
genes belonging to families GH5, GH9 and GH48, six mannanase genes belonging to 
families GH5 and GH26, three xylanase genes belonging to families GH8, GH10 and GH11, 
an endo-beta-galactosidase gene belonging to family GH98, and two pectate lyase genes 
belonging to families PL1 and PL9. 
5. Cellulose metabolism of C. acetobutylicum 
Cellulosomal gene clusters were conserved only in mesophilic clostridia (Fig. 3) [40]. 
Furthermore, these cellulosomal genes were randomly distributed in the C. cellulovorans 
genome except for the cellulosomal genes related to a large cellulosomal cluster, whereas 
two large cellulosomal gene clusters were found in the C. cellulolyticum genome. Even 
though the organization of genes encoding cellulosome subunits differs among mesophilic 
cellulolytic clostridia, there is nonetheless a clear similarity, particularly when looking at the 
cluster of genes following the main scaffoldin gene. Such a cluster is not found in C. 
thermocellum. This would suggest that the cellulosomes of the mesophilic clostridia, 
including the ‘ghost’ cellulosome of C. acetobutylicum, may have arisen from a common 
ancestral gene cluster. However, attempts have been made to develop a C. acetobutylicum 
strain that can utilize cellulose directly. There is evidence that C. acetobutylicum ATCC 824 
can produce an active cellulosome. The celF gene, encoding a unique cellulase, was found to 
be up-regulated in C. acetobutylicum ATCC 824 during growth on xylose or lichenan [50]. 
However, C. acetobutylicum ATCC 824 had no cellulolytic activity suggesting that some 
element of the cellulosome is missing or not expressed. In an effort to make C. acetobutylicum 
utilize cellulose more directly, the engB gene from C. cellulovorans or the gene encoding the 
scaffold protein from C. cellulolyticum and C. thermocellum were introduced into C. 
acetobutylicum. However, the level of expressed heterologous cellulase was rather low 
[51,52]. On the other hand, the man5K gene encoding the mannanase Man5K from C. 
cellulolyticum was cloned alone or as an operon with the gene cipC1 encoding a truncated 
scaffoldin (miniCipC1) of the same origin in the solventogenic C. acetobutylicum [53]. The 
recombinant strains of the solventogenic bacterium were both found to secrete active 
Man5K in the range of milligrams per liter. In the case of the strain expressing only man5K, a 
large fraction of the recombinant enzyme was truncated and lost the N-terminal dockerin 
domain, but it remained active towards galactomannan. When man5K was coexpressed with 
cipC1 in C. acetobutylicum, the recombinant strain secreted almost exclusively full-length 
mannanase, which bound to the scaffoldin miniCipC1, thus showing that complexation to 
the scaffoldin stabilized the enzyme. Moreover, the secreted heterologous complex was 
found to be functional: it binds to crystalline cellulose via the carbohydrate-binding module 
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of the miniscaffoldin, and the complexed mannanase is active towards galactomannan. 
Taken together, these data showed that C. acetobutylicum is a suitable host for the 
production, assembly, and secretion of heterologous minicellulosomes. More studies are 
needed to characterize the existing cellulosomal gene cluster in C. acetobutylicum before 
further metabolic engineering. 
 
Figure 3. Cellulosome-related gene clusters in the genome of mesophilic clostridia. 
6. Consolidated bioprocessing by Clostridial species 
Consolidated bioprocessing, or CBP, the conversion of lignocellulose into desired products 
in one step without added enzymes, has been a subject of increased research effort in recent 
years [54]. Naturally occurring cellulolytic microorganisms are starting points for CBP 
organism development via the native strategy, with anaerobes being of particular interest 
[55]. The primary objective of such developments is to engineer product yields and titers to 
satisfy the requirements of an industrial process. Metabolic engineering of mixed-acid 
fermentations in relation to these objectives has been successful in the case of mesophilic, 
non-cellulolytic, enteric bacteria [56]. Far more limited work of this type has been 
undertaken with cellulolytic bacteria, primarily because of the absence of suitable gene-
transfer techniques. Recent developments, however, appear to be removing this limitation 
for some organisms. 
The lack of efficient genetic engineering tools including a gene knock-out system for C. 
acetobutylicum has hampered further strain improvement for a long time. As described 
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earlier, much effort is exerted to develop genetic engineering tools for clostridia. In the mean 
time, Liao and collaborators recently reported metabolic engineering of E. coli for butanol 
production [57]. The mutant E. coli BW25113 (adhE ldhA frdBC fnr pta) strain 
overexpressing the crt, bcd, etfAB, hbd and adhE2 genes of C. acetobutylicum, and atoB gene of 
E. coli was able to produce 552 mg/L butanol using 2% (w/v) glycerol as a carbon source. In 
another case, E. coli JM109 strain overexpressing the crt, bcd, etfAB, hbd, adhE and thiL genes 
of C. acetobutylicum was developed. This engineered E. coli strain was able to produce 16 
mM butanol using 4% (w/v) glucose as a carbon source [58]. More recently, metabolic 
engineering has been used for the development of C. cellulolyticum H10 for isobutanol 
synthesis directly from cellulose [59] (Fig. 1B). In this study, by expressing enzymes that 
direct the conversion of pyruvate to isobutanol using an engineered valine biosynthesis 
pathway, the recombinant C. cellulolyticum was able to produce up to 660 mg/liter of 
isobutanol when grown on crystalline cellulose. To our knowledge, this was the first 
demonstration of isobutanol production directly from cellulose. 
Butanol production from crystalline cellulose by co-cultures of the thermophilic and 
cellulosome-producing C. thermocellum and the mesophilic and butanol-producing C. 
saccharoperbutylacetonicum (strain N1-4) has been reported recently [60]. Butanol was 
produced from Avicel cellulose after it was incubated with C. thermocellum for at least 24 h at 
60°C before the addition of the solventogenic strain N1-4. Butanol produced by strain N1-4 
on 4% Avicel cellulose peaked (7.9 g/liter) after 9 days of incubation at 30°C, and acetone 
was undetectable in this coculture system. Less butanol was produced by C. acetobutylicum 
and C. beijerinckii in co-culture with C. thermocellum under the same conditions than by strain 
N1-4, indicating that strain N1-4 was the optimal strain for producing butanol from 
crystalline cellulose in this system. 
7. Conclusion 
It should be noted that one of the most critical factors not only for biofuel production but 
also for the whole biomass biorefinery concept is securing low price substrates for the 
processes. To compete with the conventional fossil resource-based chemical industry, the 
biotechnology industry needs a reliable, cost-effective raw materials infrastructure. The cost 
effectiveness of biomass production and the efficient storage and transport of harvested 
biomass resources will be critical elements for securing raw materials. Environmental 
impacts and sustainability are also important issues. There is a cautious prediction that 
agricultural crop production may not match future industrial demand. A significant amount 
of research has been dedicated to engineering organisms that are capable of consolidated 
bioprocessing (CBP). These CBP organisms are anticipated to have the ability to efficiently 
degrade lignocellulose, and to convert the resulting sugars to biofuels and chemical 
compounds at high productivities. Towards this goal, the production of biorefinery 
products from lignocellulose has been shown to be feasible using mesophilic clostridia. Both 
the successes and problems encountered in establishing new pathways in clostridial species 
will aid in the adaptation of the consolidated bioprocessing strategy in related mesophilic 
clostridial species such as C. acetobutylicum and C. cellulovorans. 
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earlier, much effort is exerted to develop genetic engineering tools for clostridia. In the mean 
time, Liao and collaborators recently reported metabolic engineering of E. coli for butanol 
production [57]. The mutant E. coli BW25113 (adhE ldhA frdBC fnr pta) strain 
overexpressing the crt, bcd, etfAB, hbd and adhE2 genes of C. acetobutylicum, and atoB gene of 
E. coli was able to produce 552 mg/L butanol using 2% (w/v) glycerol as a carbon source. In 
another case, E. coli JM109 strain overexpressing the crt, bcd, etfAB, hbd, adhE and thiL genes 
of C. acetobutylicum was developed. This engineered E. coli strain was able to produce 16 
mM butanol using 4% (w/v) glucose as a carbon source [58]. More recently, metabolic 
engineering has been used for the development of C. cellulolyticum H10 for isobutanol 
synthesis directly from cellulose [59] (Fig. 1B). In this study, by expressing enzymes that 
direct the conversion of pyruvate to isobutanol using an engineered valine biosynthesis 
pathway, the recombinant C. cellulolyticum was able to produce up to 660 mg/liter of 
isobutanol when grown on crystalline cellulose. To our knowledge, this was the first 
demonstration of isobutanol production directly from cellulose. 
Butanol production from crystalline cellulose by co-cultures of the thermophilic and 
cellulosome-producing C. thermocellum and the mesophilic and butanol-producing C. 
saccharoperbutylacetonicum (strain N1-4) has been reported recently [60]. Butanol was 
produced from Avicel cellulose after it was incubated with C. thermocellum for at least 24 h at 
60°C before the addition of the solventogenic strain N1-4. Butanol produced by strain N1-4 
on 4% Avicel cellulose peaked (7.9 g/liter) after 9 days of incubation at 30°C, and acetone 
was undetectable in this coculture system. Less butanol was produced by C. acetobutylicum 
and C. beijerinckii in co-culture with C. thermocellum under the same conditions than by strain 
N1-4, indicating that strain N1-4 was the optimal strain for producing butanol from 
crystalline cellulose in this system. 
7. Conclusion 
It should be noted that one of the most critical factors not only for biofuel production but 
also for the whole biomass biorefinery concept is securing low price substrates for the 
processes. To compete with the conventional fossil resource-based chemical industry, the 
biotechnology industry needs a reliable, cost-effective raw materials infrastructure. The cost 
effectiveness of biomass production and the efficient storage and transport of harvested 
biomass resources will be critical elements for securing raw materials. Environmental 
impacts and sustainability are also important issues. There is a cautious prediction that 
agricultural crop production may not match future industrial demand. A significant amount 
of research has been dedicated to engineering organisms that are capable of consolidated 
bioprocessing (CBP). These CBP organisms are anticipated to have the ability to efficiently 
degrade lignocellulose, and to convert the resulting sugars to biofuels and chemical 
compounds at high productivities. Towards this goal, the production of biorefinery 
products from lignocellulose has been shown to be feasible using mesophilic clostridia. Both 
the successes and problems encountered in establishing new pathways in clostridial species 
will aid in the adaptation of the consolidated bioprocessing strategy in related mesophilic 
clostridial species such as C. acetobutylicum and C. cellulovorans. 
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1. Introduction 
With the gradual depletion of fossil energy resources in the global scope, the conversion of 
cellulose into biofuels attracts considerable attentions, since it is the most abundant 
renewable polysaccharide on the earth. The main sources of cellulose are woods, 
agricultural residues, hydrophytes and straws (Dieter and Thomas et al. 2003; Hon, 1996). 
Rice straw is a frequently abandoned crop straw in Asia and is often burned. This wastes 
cellulose and pollutes the air. Thus, utilizing rice straw to produce biofuel has promise. 
Generally, the procedure of converting rice straw into fuels is removal of the protective 
lignin first, followed by transformation of cellulose into glucose and at last, converting these 
sugars to biofuel by fermentation.  
Removing lignin is critical to utilizing cellulose (Reith et al. 2003). Lignin content, 
crystallinity and particle size, limit the digestibility of cellulose (Hendriks and Zeeman, 
2009). Therefore, various pretreatments remove or alter the hemicellulose or lignin and 
decrease the crystallinity of cellulose to enhance enzymatic hydrolysis efficiency (Goering, et 
al., 1970; Mosier et al., 2005; Zhao et al., 2009). The major methods include pretreatment by 
milling (Sato et al., 2009; Delgenés et al., 2002; Chang and Holtzapple, 2000; Palmowski and 
Muller, 1999), acid (Keikhosro K, 2006; Nguyen, Q, 2004; Ye and Jay, 2005; Taherzadeh and 
Karimi, 2007; Iranmahboob, F, 2002), steam explosion (Mukhopadhyay and Fangueiro, 2009; 
Brownell et al., 1986; Negro et al., 1992), liquid hot water (Liu and Wyman, 2005), alkali (Das 
and Chakraborty, 2009; Goswami et al., 2009; Fengel and Wegener, 1984; Laser et al., 2002), 
wet oxidation (Palonen and Thomsen, 2004; Kumar and Wyman, 2009), ammonia fiber 
explosion (AFEX) (Taherzadeh and Karimi, 2008; Li et al., 2009; Zheng et al., 1998; Wu et al., 
1999), SO2 catalyzed steam explosion (Balint and Emma, 2010) etc. Although these common 
pretreatments have made great successes in recycling cellulose from lignocellulosic biomass, 
they are not appropriate enough for biofuel production by industrialization if considering 
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the disadvantages of them such as low efficient, huge energy consumption, high 
requirements for conditions of operations, environment pollution and so on.  
Recently, rice straw has been pretreated with, ionic liquid (Vitz, J. and Erdmenger, 2009), 
low-temperature plasma (Li and Yao, 2012), microwave-assisted dilute lye (Li and Yao, 
2012). In this chapter, we concentrate upon the novel pretreatment method of rice straw 
based on sulfur trioxide micro-thermal explosion (STEX), the moderate conditions for the 
operation of this pretreatment method make it a promising technology to reduce costs and 
increase the utilization of lignocellulosic cellulose. 
2. Principles of sulfur trioxide micro-thermal explosion  
The principles of STEX can be described by the model diagram shown in Fig.1. sulfur 
trioxide (SO3) gas diffuses into the interior of rice straw through its capillary channels, reacts 
with the water in the tissue space and surface. As a result of violent exothermic process of 
the reaction, the gas in the limited tissue space expands and an in-situ detachment between 
the cellulose and the lignin will occur, moreover, lignin will be sulphonated partly during 
this process which may increase the solubility of the lignin in dilute lye. The operation can 
be performed under atmospheric pressure at about 50℃, it makes the subsequent treatment 
of stripping off lignin by dilute alkali solution more effectively as compared to the 
procedure by dilute alkali only (Yao and Hu etc. 2011).  
 
Figure 1. STEX collaborative dilute alkali model diagram 
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2.1. Gas diffuse and chemical exotherm in situ generating explosion 
Comparing to liquid, gas diffuses more quickly and deeply into interior of rice straw 
through its capillary channels. When SO3 gas accesses to the interior of rice straw, micro-
thermo explosions take place as a result of reaction between SO3 and water remaining in the 
pores of the rice straw, which make great changes of the interior structure of the rice straw.   
The capillary channels presence in the original straw are arranged irregularly and some of 
its opening have been blocked (Fig.2A). The blocked openings are not conductive to the 
entry of cellulose hydrolysis enzyme. After straw is treated by SO3 gas, the channels in the 
straw increase and are bundled, as if the internal structure of the straw are "hollowed out" 
(Fig.2B), which will promote the access of the substances during the subsequent handling. 
With increase of the STEX time, the channel structure becomes more obvious (Fig.2C). 
However, when the STEX time is more than 60 min, channels aggregate together and 
become not so obvious (Fig.2D and Fig.2E). The elongated STEX time may cause the internal 
environment of the straw more acidic, and induces acid hydrolysis, thereby major 
components of the rice straw degrade and the structure of the rice straw is damaged. 
2.2. Procedure of sulfur trioxide micro-thermal explosion collaborative dilute 
alkali  
The STEX for rice straw is convenient and can be performed under atmospheric pressure at 
about 50℃. A typical procedure of this method in the laboratory can be divided into two 
steps: First, 1g rice straw is cut into small pieces of about 2-3 cm in length, and hung over 
the upper portion of a test tube with 1mL oleum (Sulfur trioxide 50%) loading in the bottom, 
after raising the temperature of the system to 50℃ SO3 gas is generated and reacts with the 
upper straw for 5~120min. Second, the as-prepared rice straw is soaked in NaOH solution 
(1%, w/v) with the solid-liquid ratio of 1:10, the mixture is stirred at 90rpm with placing the 
reaction flask in a water bath at 50℃ for 2h, then the solids are washed with 800 mL of 
deionized water before the subsequent enzymatic hydrolysis procedure. 
3. Structure of rice straw pretreated by SO3 gas 
STEX undermines the structure of straw at a microscopic level that makes it conducive to 
the subsequent alkali stripping. In this section, the results of scanning electron microscope 
(SEM), X-ray diffraction (XRD), and fourier transform infrared (FTIR) spectroscopy will 
reveal the effects of STEX on rice straw.  
3.1. Surface morphology and crystallinity 
3.1.1. Surface morphology observation by SEM  
The microscopic morphologies of pretreated-straws are shown in Fig.3. Regarding the 
untreated straw, a compact structure comprised of plant cell wall compositions such as  
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Figure 2. SEM of rice straw cross-sectional with the STEX, A-original straw, B-STEX 15min, C-STEX 
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epidermis, vascular bundles, lumens, dents and parenchyma still remains. To the rice straw 
treated by sulfur trioxide, the flaking traces and some holes can be observed on the straw 
surface (Fig.3B). As mentioned previously, gaseous sulfur trioxide can react with water in 
straw and release great heat in-situ at the same time. As a result, the air and water vapor in 
the limited interior spaces of the straw expand sharply to make a hot explosion from the 
interior and cause effective detachment between cellulose and lignin; it makes the 
subsequent removal of lignin with dilute lye more efficient. As shown in Fig.3C, vesicle 
shaped particles were stripped away effectively and exposures of cellulose filaments were 
significant after treatment of STEX treated-straw with 1% w/v NaOH for 2 hours at 50℃. 
 
Figure 3. SEM imagines of straw samples with different treatment. A-original straw, B-STEX treated-
straw, C-STEX collaborative dilute lye treated-straw  
The disruption of the vesicle structure increases with reaction time between rice straw and 
SO3 (Fig.4). In our experiments, when the reaction time was prolonged to 120 min, the 




Cellulose – Biomass Conversion 148 
 
 
Figure 2. SEM of rice straw cross-sectional with the STEX, A-original straw, B-STEX 15min, C-STEX 





Sulfur Trioxide Micro-Thermal Explosion for Rice Straw Pretreatment 149 
epidermis, vascular bundles, lumens, dents and parenchyma still remains. To the rice straw 
treated by sulfur trioxide, the flaking traces and some holes can be observed on the straw 
surface (Fig.3B). As mentioned previously, gaseous sulfur trioxide can react with water in 
straw and release great heat in-situ at the same time. As a result, the air and water vapor in 
the limited interior spaces of the straw expand sharply to make a hot explosion from the 
interior and cause effective detachment between cellulose and lignin; it makes the 
subsequent removal of lignin with dilute lye more efficient. As shown in Fig.3C, vesicle 
shaped particles were stripped away effectively and exposures of cellulose filaments were 
significant after treatment of STEX treated-straw with 1% w/v NaOH for 2 hours at 50℃. 
 
Figure 3. SEM imagines of straw samples with different treatment. A-original straw, B-STEX treated-
straw, C-STEX collaborative dilute lye treated-straw  
The disruption of the vesicle structure increases with reaction time between rice straw and 
SO3 (Fig.4). In our experiments, when the reaction time was prolonged to 120 min, the 




Cellulose – Biomass Conversion 150 
 
Figure 4. The SEM images of straw with different STEX time, A-untreated, B-STEX 15min, C-STEX 
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3.1.2. Crystalline analyzed by X-ray diffraction (XRD) and the influence of saccharification 
rate 
Crystallinity of cellulose is one of the main obstacles for enzymatic hydrolysis. STEX can 
reduce the crystallinity of rice straw effectively especially after the assistance of subsequent 
dilute lye. As shown in Tab.1, the effects of sulfur trioxide collaborative dilute alkali method 
are remarkable on the crystallinity and saccharification rate of the rice straw comparing with 
the ones of untreated, sulfur trioxide-treated only, alkali-treated only methods. Although 
sulfur trioxide-treated method decreases the crystallinity of cellulose, it doesn't significantly 
improve cellulose hydrolysis without the collaboration of dilute alkali. This result may 
imply that there are more profound changes occurring on contents and chemical structures 
of the straw during the process of the pretreatment.    
 
Pretreatment Crystallinity(%) Sugar conversion rate (%) 
(A) 64.7±0.6 22.2±0.8 
(B) 58.5±0.3 41.8±0.4 
(C) 55.8±0.7 64.3±0.6 
(D) 51.3±0.4 91.7±0.4 
Table 1. Pretreatment of rice straw had the crystallinity and the rate of saccharification 
Sugar conversion rate from pretreated rice straw was calculated as follows: (EQ1) 
100%RGSR
RS
   
where RG is the dry-weight of reducing sugars in enzyme hydrolysis supernatant, RS is the 
dry-weight rice straw in pretreated solids. 
3.2. Contents and chemical structures 
3.2.1. Fourier transforms infrared (FTIR) spectroscopy 
Differences between the IR spectra of the untreated, sulfur trioxide-treated and sulfur 
trioxide collaborative dilute alkali-treated rice straws confirm changes of the rice straw 
occurring on the chemical level during STEX. As shown in Fig.6, the absorption bands at 
3317cm-1 (O-H stretch vibration), 2919 and 2850cm-1 (C-H stretch vibration), 1630cm-1 (C=C 
stretch vibration) and 1037cm-1 (C=O stretch vibration) are characteristics of the original rice 
straw. After rice straw is treated by sulfur trioxide, new peaks at 1147cm-1 (S=O stretch 
vibration) and 876 cm-1(C-SO stretch vibration) appear. To the rice straw treated with sulfur 
trioxide collaborative dilute alkali, the peaks about 1147cm-1(S=O stretch vibration) and 876 
cm-1(C-SO stretch vibration) disappear. These results indicate that lignin is sulphonated 
partly, then this part is been stripped on the processing with dilute lye. We suggest that not 
only the detachment between lignin and cellulose but also sulphonation of lignin during 
STEX may play an important role to the final lignin removal, which means the collaboration 
of dilute alkali is necessary.  
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Figure 5. X-ray diffract diagram: (A) untreated rice straw; (B), rice straw was treated for 30min at 50℃ 
by sulfur trioxide; (C), rice straw was treated for 7 hours at 50℃ by 1% w/v NaOH. (D), straw was 
treated with sulfur trioxide for 30min following 1% w/v NaOH treatment for 7 hours at 50℃ 
3.2.2. Changes of main components in rice straw 
The quantities of the components of rice straw change a lot after being treated with STEX 
collaborative dilute alkali. Results from our work are shown in Table 2. The composition 
was calculated based on the dry weight of the samples and we found that water-soluble 
content of the STEX-treated rice straw increased. It indicates water soluble molecules such 
as oleoresin, lignin/hemicellulose fragments and sulphonated matter have more chances to 
contact water after STEX-treated. Moreover, the lignin and hemicellulose of the rice straw 
pretreated by STEX collaborative dilute lye decreased from 19.6% to 6.9% and 21.4% to 
13.5%, respectively.  
(A) (B)
(C) (D)
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STEX treated straw 
(100.8 g) 
STEX assist lye treated 
straw (73.6 g) 
Water-Soluble 14.1 ± 0.2 15.9±0.4 8.6 ± 0.5 
Cellulose 39.2 ± 0.7 39.8±0.5 65.8 ± 1.0 
Hemicellulose 21.4 ± 0.4 20.4±0.6 13.5 ± 0.3 
Lignin 19.6 ± 0.8 18.4±0.3 6.9 ± 0.6 
Ash 5.7 ± 0.1 5.5±0.4 5.2 ± 0.3 
Table 2. Chemical composition (percent by dry weight) of rice straw 
The cellulose content increased from 39.2% to 65.8%, that is predominantly attributed to 
the decrease of lignin and hemicellulose. Removal of lignin can reduce the binding of 
lignin to hemicellulose/cellulose (Han et al. 1997; Lu et al. 2002; Ahola et al. 2008; Ma et al. 
2008), and more removal of hemicellulose implies that the connections between the 
hemicellulose and cellulose are broken and more cellulose is exposed. In summary, STEX 
collaborative diluted lye pretreatment will partly break the lignocellulose structure, 
enhance enzymatic biocatalysis, increase the desired products yield and recycle more 
cellulose. 
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STEX treated straw 
(100.8 g) 
STEX assist lye treated 
straw (73.6 g) 
Water-Soluble 14.1 ± 0.2 15.9±0.4 8.6 ± 0.5 
Cellulose 39.2 ± 0.7 39.8±0.5 65.8 ± 1.0 
Hemicellulose 21.4 ± 0.4 20.4±0.6 13.5 ± 0.3 
Lignin 19.6 ± 0.8 18.4±0.3 6.9 ± 0.6 
Ash 5.7 ± 0.1 5.5±0.4 5.2 ± 0.3 
Table 2. Chemical composition (percent by dry weight) of rice straw 
The cellulose content increased from 39.2% to 65.8%, that is predominantly attributed to 
the decrease of lignin and hemicellulose. Removal of lignin can reduce the binding of 
lignin to hemicellulose/cellulose (Han et al. 1997; Lu et al. 2002; Ahola et al. 2008; Ma et al. 
2008), and more removal of hemicellulose implies that the connections between the 
hemicellulose and cellulose are broken and more cellulose is exposed. In summary, STEX 
collaborative diluted lye pretreatment will partly break the lignocellulose structure, 
enhance enzymatic biocatalysis, increase the desired products yield and recycle more 
cellulose. 
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4. Saccharification and fermentation for bioethanol production 
Producing ethanol from lignocellulosic materials need a series of chemical and biological 
procedures, namely opening the bundles of lignocelluloses in order to access the polymer 
chains of cellulose and hemicellulose, polymers hydrolysis to achieve monomer sugar 
solutions, fermentation of the sugars to obtain ethanol solution (mash) by microorganisms, 
purification of ethanol from mash by distillation and dehydration. Figure 7 is a flow figure 
designed for applying the technology of STEX for producing bioethanol. 
 
Figure 7. Flow diagram for bioethanol production from rice straw 
4.1. Saccharification with enzymatic hydrolysis  
4.1.1. Water retention value (WRV) of celluloses 
The structure of untreated rice straw is nonporous and tight. The compact structure makes it 
difficult to moisturize the interior of rice straw and prevents from entering of the cellulase 
dissolved in water, which will decrease the efficiency of the enzyme hydrolysis. Hence, 
water retention value (WRV) of cellulose is often used to evaluate accessibility of cellulose 
for enzyme and we used it to evaluate the effects of the SO3 micro-thermal explosion. The 
straw water retention values were determined by centrifugation method. The straw was 
soaked in water at 25℃ for 30 min, then centrifuged at 3000rpm for 15 min. The wet straw 
was weighed after centrifuging and then reweighed after being dried at 90℃ for 2h, The 
WRV was calculated as the amount of water which retained in the rice straw after 
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4.1.2. Water retention value and change of saccharification rate  
The impacts of pretreatment manners to WRV and saccharification rate are shown in Fig.8. 
To STEX treated rice straw, WRV and saccharification rate increased with the treating time 
SO3 gas 
Dilutes alkali 










Sulfur Trioxide Micro-Thermal Explosion for Rice Straw Pretreatment 155 
during the initial 120min, when the treatment with sulfur trioxide duration was elongated 
the WRV began to decline rapidly and the saccharification rate just decreased slightly 
(Fig.8A), we suggest that a little of carbide might form in the rice straw when time of STEX 
was too long and cellulose became more hydrophobic. To dilute alkali-treated method, the 
WRV increased during the initial 120 min and then became stable, the saccharification rate 
increased within initial 180min (Fig.8B). The dilute alkali-treated method removed the lignin 
in lignocellulosic slowly, slightly destructed the internal structure of cellulose and the off 
lignin lignocellulosic structure will be opened gradually so that the WRV and the 
saccharification rate increased. The change of the saccharification rate and WRV of the 
sulfur trioxide followed by alkali-treated rice straw are shown in Fig.8C, the WRV increased 
within initial 60min but decreased after 60min and the saccharification rate increased and 
became stable after 120min. 
 
 
Figure 8. The impacts of WRV on saccharification rate by pretreatment. -▲-,  saccharification rate; -●-, 
WRV; (A) rice straw was treated for 4 hours at 50℃ by sulfur trioxide; (B) rice straw was treated for 4 
hours at 50℃ by 1% w/v NaOH; (C) straw was treated with sulfur trioxide for 4 hours followed by 1% 




Cellulose – Biomass Conversion 154 
4. Saccharification and fermentation for bioethanol production 
Producing ethanol from lignocellulosic materials need a series of chemical and biological 
procedures, namely opening the bundles of lignocelluloses in order to access the polymer 
chains of cellulose and hemicellulose, polymers hydrolysis to achieve monomer sugar 
solutions, fermentation of the sugars to obtain ethanol solution (mash) by microorganisms, 
purification of ethanol from mash by distillation and dehydration. Figure 7 is a flow figure 
designed for applying the technology of STEX for producing bioethanol. 
 
Figure 7. Flow diagram for bioethanol production from rice straw 
4.1. Saccharification with enzymatic hydrolysis  
4.1.1. Water retention value (WRV) of celluloses 
The structure of untreated rice straw is nonporous and tight. The compact structure makes it 
difficult to moisturize the interior of rice straw and prevents from entering of the cellulase 
dissolved in water, which will decrease the efficiency of the enzyme hydrolysis. Hence, 
water retention value (WRV) of cellulose is often used to evaluate accessibility of cellulose 
for enzyme and we used it to evaluate the effects of the SO3 micro-thermal explosion. The 
straw water retention values were determined by centrifugation method. The straw was 
soaked in water at 25℃ for 30 min, then centrifuged at 3000rpm for 15 min. The wet straw 
was weighed after centrifuging and then reweighed after being dried at 90℃ for 2h, The 
WRV was calculated as the amount of water which retained in the rice straw after 







   
4.1.2. Water retention value and change of saccharification rate  
The impacts of pretreatment manners to WRV and saccharification rate are shown in Fig.8. 
To STEX treated rice straw, WRV and saccharification rate increased with the treating time 
SO3 gas 
Dilutes alkali 










Sulfur Trioxide Micro-Thermal Explosion for Rice Straw Pretreatment 155 
during the initial 120min, when the treatment with sulfur trioxide duration was elongated 
the WRV began to decline rapidly and the saccharification rate just decreased slightly 
(Fig.8A), we suggest that a little of carbide might form in the rice straw when time of STEX 
was too long and cellulose became more hydrophobic. To dilute alkali-treated method, the 
WRV increased during the initial 120 min and then became stable, the saccharification rate 
increased within initial 180min (Fig.8B). The dilute alkali-treated method removed the lignin 
in lignocellulosic slowly, slightly destructed the internal structure of cellulose and the off 
lignin lignocellulosic structure will be opened gradually so that the WRV and the 
saccharification rate increased. The change of the saccharification rate and WRV of the 
sulfur trioxide followed by alkali-treated rice straw are shown in Fig.8C, the WRV increased 
within initial 60min but decreased after 60min and the saccharification rate increased and 
became stable after 120min. 
 
 
Figure 8. The impacts of WRV on saccharification rate by pretreatment. -▲-,  saccharification rate; -●-, 
WRV; (A) rice straw was treated for 4 hours at 50℃ by sulfur trioxide; (B) rice straw was treated for 4 
hours at 50℃ by 1% w/v NaOH; (C) straw was treated with sulfur trioxide for 4 hours followed by 1% 




Cellulose – Biomass Conversion 156 
5. Future perspective 
STEX for the pretreatments of cornstalk, rape straw, wheat straw had also been researched 
in our lab, and the STEX method exibited significant effects on the enhancement of enzyme 
hydrolysis of these herbs, that means STEX can act as a universal method for lignocellulosic 
pretreatment, and mdoderate requirements for performing STEX may improve 
competitiveness of the renewable energy from biomass. While there are also several aspects, 
which need to be researched for applying the STEX into commercial-scale application 
(industry), such as pretreatment equipment, clean technology in lower cost, and how to 
attain the utter utilization of lignocelluloses in order to manufacture high-purity cellulose. 
Meanwhile, the optimization of the STEX pretreatment process, clean and low-cost 
application of lignin black liquor and the research of high-efficiency pretreatment 
technology in the farmland are imminent. Commercial-scale application approach of rice 
straw with the STEX in the future is showed in Fig.9. 
 
Figure 9. A platform of SO3/alkali processing technology to achieve each component of straw and utter 
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1. Introduction 
The main structural plant cell wall polymers - cellulose, hemicelluloses, and lignin - rank 
amongst the most abundant biopolymers in Earth’s carbon cycle. These three polymers form 
the lignocellulose complex and constitute the bulk of the cell wall with 40-50%, 10-40% and 
5-30% of biomass by weight, respectively [1, 2]. Its highly ordered structure of cellulose 
microfibril aggregates, embedded in a matrix of hemicelluloses and lignin, provides the 
basis for its mechanical strength [3] and for the resistance to microbial attack [4], to which 
also low molecular mass extractives contribute [5]. Lignified cell walls are therefore a 
remarkably durable material. In nature, only higher fungi have developed biochemical 
systems to degrade the lignocellulose complex and perform the conversion and 
mineralisation of wood to carbon dioxide and water. Extensive reviews on decay pattern, 
chemistry and biochemistry of microbial wood degradation are available [4, 6, 7]. The 
natural processes occurring during fungal wood degradation may be utilised for industrial 
purposes and have a great potential for cellulose-producing and wood-processing industries 
as well as for high value-added conversion of lignocellulosic waste materials in Biorefineries. 
Particularly the molecular mechanisms of selective white-rot fungi offer a series of 
applications in the field of biotechnology of renewable resources [8]. 
Non-food biomass crops such as switchgrass (Panicum virgntum L.), Miscanthus x giganteus, 
and short-rotation coppice poplar and eucalyptus (Populus spp. and Eucalyptus spp.) [9] and 
willow (Salix spp.) offer a sustainable source of energy and platform for chemicals [10]. The 
absolute and relative contents of the cell wall components have a great influence on biomass 
quality i.e. its suitability for conversion to heat, power and chemical products. Biomass can 
be utilised by a number of thermochemical conversion routes (thermochemically, 
gasification, torrefication, flash pyrolysis) with differing feedstock demands and therefore 
measures of feed-stock quality are often quite specific [11, 12]. In contrast to the 
thermochemical processes where all plant cell wall polymers are converted to gases, the 
hydrolysis applications aim to convert carbohydrates into fermentable sugars. The 
© 2013 Gierlinger et al., licensee InTech. This is a paper distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.
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recalcitrance to saccharification is a major limitation for conversion of lignocellulosic 
biomass to ethanol, which is mainly due to the lignin [13] content and composition [14]. 
Lignin synthesis has extensively been investigated using lignin model compounds [15-17] 
and lignin from plants [18-22] and has been reviewed several times [23-25] including lignin 
structure [26] and wood formation in general [27, 28]. The lignin content in natural Populus 
variants affects sugar release [29] and how lignin composition, structure, and cross-linking 
affect degradability has been reviewed for cell wall model studies [30]. High lignin contents 
in the feedstock necessitate harsh chemical and heat pre-treatments prior to enzymatic 
saccharification [11]. This increases energy inputs and often damages the polysaccharide 
components of the cell wall giving rise to inhibitory products [31, 32]. Therefore 
considerable pressure arises to optimise feedstock composition. The most feasible way to 
achieve this is by breeding improvement [11, 33], although agronomic practice may also 
influence composition [34] as well as genotypic and environmentally derived variation in 
the cell wall composition [35]. The characterization of different lignification genes has 
stimulated research programmes aimed at modifying the lignin profiles of plants through 
genetic engineering. The first transgenic plants with a modification of lignin composition 
and lignin content have been obtained in 1995 [36]. Since this time a focus on genetic 
engineering of lignin content and composition can be observed [37-40]. The effect of 
downregulation of lignin biosynthetic enzymes on wood anatomy [41] and its biomechanics 
[42] has been investigated [43]. In stems of transgenic alfalfa lines recalcitrance to both acid 
pre-treatment and enzymatic digestion was found to be directly proportional to lignin 
content [44]. Some transgenics yield nearly twice as much sugar from cell walls as wild-type 
plants. Lignin modification could bypass the need for acid pre-treatment and thereby 
facilitate bioprocess consolidation [45]. 
Both, breeding of lignocellulosic biomass and the production of transgenic plants, places huge 
demands on the analyst in terms of methods that can cope with the differences in polymer 
composition and linkages between them and large sample numbers. Wet-laboratory methods 
are destructive and time demanding and do not allow handling large sample numbers. 
Nuclear magnetic resonance (NMR) spectroscopy [46-49], analytical pyrolysis [50, 51], 
thioacidolysis [52], and thermogravimetry [53, 54] allow to get information about the 
composition and linkages between the wood polymers, and ultra-violet (UV) microscopy 
allows to follow the distribution of e.g. lignin within the cell wall [55, 56]. The requirements on 
a well suited method are: 1) fast and cheap to allow high-throughput screening 2) non-
destructive to probe the native cell wall 3) to be able to analyse the content of each component 
(cellulose, hemicellulose, lignin) 4) to analyse their distribution within the plant tissues down 
to the cell wall level and 5) linkages as well as the interdependencies within and between the 
wood components. Vibrational spectroscopic methods such as infrared [57] and Raman [58] 
spectroscopy have shown potential to fulfil these requirements and can contribute to 
understand the actual lignocellulosic substrate and what kind of chemical and microstructural 
alterations take place during breeding, genetic engineering, decay or processing. 
Near infrared (NIR) spectroscopy, that enables analyses of high number of samples on a day 
basis, was used for the prediction of the content of wood components and mechanical 
properties [59, 60] and the assignment of bands in the near infrared region have been 
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reviewed recently [61]. Moreover it was shown that NIR spectroscopy can be used for the 
examination of the biodegradation of spruce wood by the white-rot fungi Ceriporiopsis 
subvermispora and that it is sensitive enough to differentiate between three applied strains 
[62]. NIR spectroscopy, which is often used in combination with multivariate data analysis, 
allows following the degradation of wood polymers [63-65]. Furthermore changes in 
interdependencies such as hydrogen bonding [66], and the accessibility of alcoholic and 
phenolic hydroxyl (O-H) groups to heavy water in non-degraded and brown-rot degraded 
spruce wood (Piceas abies L. Karst.) have been examined [67]. 
Mid infrared (MIR) spectroscopy allows similar investigations [68] as NIR spectroscopy 
with the advantage of better separated bands in the fingerprint region and the possibility of 
revealing the orientation of polymers and their interactions, which is of utmost importance 
in lignocellulose feedstock utilization. Dynamic Fourier transform infrared (FT-IR) 
spectroscopy has been shown to be appropriate for studying interactions among wood 
polymers and their ultrastructural organization [69-72]. In spruce wood fibres a close 
cooperation between cellulose and glucomannan in the fibre wall was suggested, whereas 
xylan showed no mechanical interaction with cellulose [69]. In primary cell walls 
investigations indicated a strong interaction among lignin, protein, pectin, xyloglucan, and 
cellulose [73]. Furthermore the orientation of cell wall polymers can be elucidated by 
polarised FT-IR measurements. In spruce glucomannan and xylan appear to have a parallel 
orientation with regard to the orientation of cellulose and, in all probability, an almost 
parallel orientation with regard to the fibre axis [74]. The first evidence for lignin orientation 
within native wood cell walls was revealed by Raman microprobe studies [75] and later 
confirmed in the secondary wall of tracheids fibres of thermomechanical pulp by FT-IR [70]. 
Very recently H-2 NMR spectroscopy was used to quantify lignocellulose matrix orientation 
with the ability to separately investigate oriented and unoriented amorphous domains in 
intact natural plant tissue [76]. 
Mid-infrared spectrometers can like Raman spectrometers be coupled to a microscope to 
reveal spatial resolution on the micron-level. Polarised FT-IR microscopy confirmed the 
preferential alignment of lignin in the direction of the fiber axis within the cell wall, but no 
orientation was found for the lignin in the middle lamella [77]. In combination with a fluid 
cell FT-IR microscopy was used to monitor in-situ the enzymatic degradation of cellulose-
treated cross-sections of poplar (Populus nigra × P. deltoids) wood [78]. The accessibility of 
cellulose within the lignified cell wall was found to be the main limiting factor, whereas the 
depletion of the enzyme due to lignin adsorption could be ruled out. The fast, selective 
hydrolysis of the crystalline cellulose in the G-layer, even at room temperature, might be 
explained by the gel-like structure and the highly porous surface. Young plantation grown 
hardwood trees with a high proportion of G-fibres thus represent an interesting resource for 
bioconversion to fermentable sugars in the process to bioethanol [78]. FT-IR microscopy has 
been used to identify and characterise cell wall mutants [79-81] and transgenic plants altered 
in cell wall biosynthetic genes [82]. The localisation and characterisation of incipient brown-
rot [83] and simultaneous and selective white-rot decay [84] within spruce wood cell walls 
was possible using FT-IR imaging microscopy. FT-IR microscopes equipped with focal plane 
array detectors allow very rapid chemical mapping over large areas with a spatial resolution 
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recalcitrance to saccharification is a major limitation for conversion of lignocellulosic 
biomass to ethanol, which is mainly due to the lignin [13] content and composition [14]. 
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basis, was used for the prediction of the content of wood components and mechanical 
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reviewed recently [61]. Moreover it was shown that NIR spectroscopy can be used for the 
examination of the biodegradation of spruce wood by the white-rot fungi Ceriporiopsis 
subvermispora and that it is sensitive enough to differentiate between three applied strains 
[62]. NIR spectroscopy, which is often used in combination with multivariate data analysis, 
allows following the degradation of wood polymers [63-65]. Furthermore changes in 
interdependencies such as hydrogen bonding [66], and the accessibility of alcoholic and 
phenolic hydroxyl (O-H) groups to heavy water in non-degraded and brown-rot degraded 
spruce wood (Piceas abies L. Karst.) have been examined [67]. 
Mid infrared (MIR) spectroscopy allows similar investigations [68] as NIR spectroscopy 
with the advantage of better separated bands in the fingerprint region and the possibility of 
revealing the orientation of polymers and their interactions, which is of utmost importance 
in lignocellulose feedstock utilization. Dynamic Fourier transform infrared (FT-IR) 
spectroscopy has been shown to be appropriate for studying interactions among wood 
polymers and their ultrastructural organization [69-72]. In spruce wood fibres a close 
cooperation between cellulose and glucomannan in the fibre wall was suggested, whereas 
xylan showed no mechanical interaction with cellulose [69]. In primary cell walls 
investigations indicated a strong interaction among lignin, protein, pectin, xyloglucan, and 
cellulose [73]. Furthermore the orientation of cell wall polymers can be elucidated by 
polarised FT-IR measurements. In spruce glucomannan and xylan appear to have a parallel 
orientation with regard to the orientation of cellulose and, in all probability, an almost 
parallel orientation with regard to the fibre axis [74]. The first evidence for lignin orientation 
within native wood cell walls was revealed by Raman microprobe studies [75] and later 
confirmed in the secondary wall of tracheids fibres of thermomechanical pulp by FT-IR [70]. 
Very recently H-2 NMR spectroscopy was used to quantify lignocellulose matrix orientation 
with the ability to separately investigate oriented and unoriented amorphous domains in 
intact natural plant tissue [76]. 
Mid-infrared spectrometers can like Raman spectrometers be coupled to a microscope to 
reveal spatial resolution on the micron-level. Polarised FT-IR microscopy confirmed the 
preferential alignment of lignin in the direction of the fiber axis within the cell wall, but no 
orientation was found for the lignin in the middle lamella [77]. In combination with a fluid 
cell FT-IR microscopy was used to monitor in-situ the enzymatic degradation of cellulose-
treated cross-sections of poplar (Populus nigra × P. deltoids) wood [78]. The accessibility of 
cellulose within the lignified cell wall was found to be the main limiting factor, whereas the 
depletion of the enzyme due to lignin adsorption could be ruled out. The fast, selective 
hydrolysis of the crystalline cellulose in the G-layer, even at room temperature, might be 
explained by the gel-like structure and the highly porous surface. Young plantation grown 
hardwood trees with a high proportion of G-fibres thus represent an interesting resource for 
bioconversion to fermentable sugars in the process to bioethanol [78]. FT-IR microscopy has 
been used to identify and characterise cell wall mutants [79-81] and transgenic plants altered 
in cell wall biosynthetic genes [82]. The localisation and characterisation of incipient brown-
rot [83] and simultaneous and selective white-rot decay [84] within spruce wood cell walls 
was possible using FT-IR imaging microscopy. FT-IR microscopes equipped with focal plane 
array detectors allow very rapid chemical mapping over large areas with a spatial resolution 
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limited by the wavelength of the infrared radiation to 10 - 5 µm. Thus single plant cells, 
which range generally between 10 - 50 µm in diameter, are resolved, but cellular 
components and cell wall layers may be substantially smaller and therefore below the limit 
of resolution. To overcome this limitation and get resolution on the cell wall layer level or 
for in-situ measurements of wet samples Raman microscopy imaging with a spatial 
resolution below 0.5 µm became the method of choice. 
2. Basic principles, instrumentation, techniques and data analysis 
2.1. Basic principles and Instrumentation 
Raman and infrared spectroscopy monitor molecular vibrations, but are based on different 
principles. Raman spectroscopy involves inelastic scattering with a photon from a laser light 
source while IR spectroscopy involves photon absorption, with the molecule excited to a 
higher vibrational energy level. Thus, unlike infrared absorption, Raman scattering does not 
require matching of the incident radiation to the energy difference between the ground and 
excited states. In Raman scattering, the light interacts with the molecule and distorts 
(polarizes) the cloud of electrons round the nuclei to form a short-lived ‘virtual state’ before 
re-radiation. If only electron cloud distortion is involved in scattering, the photons will be 
scattered with very small frequency changes, as the electron mass is comparatively low. This 
elastic scattering process is the dominant process and called Rayleigh scattering. However, if 
nuclear motion is involved energy will be transferred either from the incident photon to the 
molecule (Stokes) or from the molecule to the scattered photon (Anti-Stokes) [85]. In the 
Raman scattering process the energy of the scattered photon is different from that of the 
incident photon (Raman-shift). Raman scattering therefore depends on changes in the 
polarizability due to molecular vibrations. On contrast IR absorption is based on changes in 
the dipole moments. Raman and IR spectroscopy thus provide “complementary” 
information about the molecular vibrations of a given sample. While water gives a strong 
absorption band in the IR (dipole), only weak Raman scattering is observed making this 
technique very suitable for in-situ studies of biological material. 
The Raman scattering process is inherently a very weak process and only one of every 106–
108 photons is affected. It was experimentally the first time proven in 1928 and the first 
Raman spectra had to be recorded with very long acquisition times [86, 87]. The 
development of lasers in the 60’s brought the method a big step forward as the Raman 
signal is proportional to the excitation power. Today the excitation laser power has to be 
adjusted well below the point where absorption leads to thermal decomposition of the 
sample, especially when biological materials are investigated. Furthermore, the Raman 
scattering intensity is proportional to υ4, where υ is the frequency of the exciting laser 
radiation [85]. Excitation at 400 nm (=7.5*10-14 Hz) therefore leads to about 16 times higher 
Raman signal than excitation at 800 nm (=3.75*10-14 Hz). But when measuring biological 
materials several components absorb the light in the lower wavelength range and therefore 
sample fluorescence can become problematic and swamp the Raman signal or even thermal 
sample decomposition may occur. Moving from the visible to the near-infrared (NIR) range, 
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fluorescence virtually disappears as electronic absorption bands are unlikely. The use of 
Nd:YAG (neodymium-doped yttrium aluminum garnet) laser radiation at 1064 nm coupled 
with interferometers (involving Fourier transformations) led to so-called near infrared 
Fourier Transform (NIR-FT) Raman spectrometers [88]. Laser with wavelength in the visible 
range (e.g. Ar+, He–Ne, Kr+, doubled Nd:YAG lasers) are usually coupled with a dispersive 
spectrometer and a charge coupled device detector (CCD) for detection (Figure 1). These 
classical dispersive multichannel Raman spectrometers are nowadays often used in confocal 
microscope configurations with the advantage of superior rejection of fluorescence and 
depth resolution due to the pinhole [89]. 
For Raman microscopy, and especially for the imaging approach, the throughput of the 
radiation in the system has to be optimised in every part to acquire spectra fast and of high 
quality (high signal to noise (S/N) ratio). If a single spectrum is acquired, it is usually not 
important whether the necessary integration time is 0.1 s or 10 s. However this becomes an 
issue in scanning (mapping) experiments (imaging), when it becomes 15 min or 25 h. 
Therefore perfect coupling of the laser radiation into the microscope and out to the 
spectrometer is important as well as high throughput in the spectrometer and high detection 
efficiency of the CCD camera [90]. Optical fibres serve as ideal light pipes for connecting the 
elements and as a pinhole for the outgoing scattered radiation (Figure 1). Furthermore using 
a spectrometer optimized for the used wavelength range (“blazed” gratings) can increase 
the throughput as well as CCD cameras most sensitive for the chosen excitation wavelength 
[90, 91]. 
 
Figure 1. Typical set up of a confocal Raman microscope: The excitation laser (A) is focused via an 
optical fibre (B) and a microscope objective (C) onto the sample. The backscattered light is coupled out 
into a fibre (D), which acts as a pinhole. After passing the spectrometer (E) the signal is detected by a 
CCD camera (F). For visual inspection of the sample usually a white light source (G) and a camera (H) 
for picture capturing is available. For mapping/scanning the system is equipped with a piezo-driven X-
Y- stage (I) and a Z-stage (J). 
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limited by the wavelength of the infrared radiation to 10 - 5 µm. Thus single plant cells, 
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of resolution. To overcome this limitation and get resolution on the cell wall layer level or 
for in-situ measurements of wet samples Raman microscopy imaging with a spatial 
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absorption band in the IR (dipole), only weak Raman scattering is observed making this 
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fluorescence virtually disappears as electronic absorption bands are unlikely. The use of 
Nd:YAG (neodymium-doped yttrium aluminum garnet) laser radiation at 1064 nm coupled 
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range (e.g. Ar+, He–Ne, Kr+, doubled Nd:YAG lasers) are usually coupled with a dispersive 
spectrometer and a charge coupled device detector (CCD) for detection (Figure 1). These 
classical dispersive multichannel Raman spectrometers are nowadays often used in confocal 
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depth resolution due to the pinhole [89]. 
For Raman microscopy, and especially for the imaging approach, the throughput of the 
radiation in the system has to be optimised in every part to acquire spectra fast and of high 
quality (high signal to noise (S/N) ratio). If a single spectrum is acquired, it is usually not 
important whether the necessary integration time is 0.1 s or 10 s. However this becomes an 
issue in scanning (mapping) experiments (imaging), when it becomes 15 min or 25 h. 
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2.2. Resonance Raman spectroscopy, Surface Enhanced Raman Spectroscopy 
(SERS) and Coherent Anti-Stokes Scattering (CARS) 
When a powerful beam of radiation is used some atoms and molecules of a sample absorb 
radiation at particular wavelengths and the e.g. coloured molecules become excited. 
Subsequently radiation of longer wavelength - termed fluorescence - is emitted. This 
fluorescence can be strong (intensive) and prevent the detection of the (weak) Raman signal 
[85]. But when the frequency of the laser beam is close to the frequency of an electronic 
transition, scattering enhancements of up to 106 have been observed. In this resonance 
condition (Resonance Raman spectroscopy) the method becomes much more sensitive and 
since only the chromophore gives the more efficient scattering, it will also be selective for 
the part of the molecule involving the chromophore [85, 92, 93]. Furthermore fluorescence 
suppression can be achieved by using Kerr gating [93-95]. 
Another way of enhancing Raman intensity is to disperse the sample on metallic surfaces 
(either roughened wafers or colloidal solutions). The photon – plasmon interaction results in 
a huge signal enhancement and the technique, called surface-enhanced Raman spectroscopy 
(SERS), has progressed from studies of model systems on roughened electrodes to highly 
sophisticated studies, such as single molecule spectroscopy and molecular imaging [96-98]. 
The advantage is to enhance the Raman signal and besides the SERS effect leads to 
fluorescence quenching [99]. 
Another way of circumventing fluorescence is coherent anti-Stokes Raman scattering 
(CARS). This technique allows vibrational imaging with high sensitivity, high spectral 
resolution and three-dimensional sectioning capabilities. It is a nonlinear diagnostic 
technique that relies on inducing Raman coherence in the target molecule using two lasers, 
probed by a third laser which generates a coherent signal in the phase-matching direction at 
a blue-shifted frequency. Because of this nonlinear intensity dependence the photo-damage 
of the sample is reduced and the efficient background rejection improves the quality of the 
spectra [100]. CARS microscopy has already been used for imaging a number of delicate 
biological samples and processes, e.g. imaging of C–H stretching vibration present in the 
lipid bilayer of the cell membranes [101-103]. Two other Raman imaging techniques with 
great potential have evolved recently: Stimulated Raman scattering spectroscopy and 
Ultrafast Raman loss spectroscopy [104-107]. 
2.3. Spatial resolution and Tip-Enhanced Raman Spectroscopy (TERS) 
The spatial resolution in Confocal Raman microscopy is limited by the diffraction of 
radiation and defined by the distance between the central maximum and the first minimum 
of the diffraction pattern, which is given by r = 0.61 λ / NA (λ = wavelength of the radiation, 
NA = numerical aperture of the objective) [108]. If high spatial resolution is sought-after, a 
laser in the visible range (e.g. 532 nm versus 1085 nm) and a microscope objective with a 
high numerical aperture (NA>1) have to be chosen. NA is defined by the refractive index of 
the medium (n) in which the optics are immersed (e.g. 1.0 for air and up to 1.56 for oils) and 
the half-angle of the maximum cone of radiation that enters or exits the condenser or 
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objective (θ) (NA = n.sinθ). Two objects are completely resolved if they are separated by 2r 
and barely if they are separated by r (Rayleigh criterion of resolution) [108]. Therefore, the 
highest spatial resolution can be achieved with oil immersion objectives with high NA. Also 
if depth resolution is important, immersion objectives (oil, water) give better results [109]. 
Generally the axial resolution is around twice the lateral resolution [110]. 
Tip-enhanced Raman spectroscopy (TERS), which is based on the surface plasmonic 
enhancement and confinement of light near a metallic nanostructure, can overcome the so-
called diffraction limit and produce optical images far beyond. It has been demonstrated 
that a spatial resolution as high as 4 nm could be achieved [111]. Consequently, nucleobases, 
proteins, lipids, and carbohydrates can be identified and localized in a single measurement. 
This has been shown in the last few years for different biological samples ranging from 
single DNA strand investigations to cell membrane studies [111-113]. 
2.4. Raman approaches for imaging 
The main methods for Raman imaging are scanning (mapping) methods (Point-by-Point 
and Line scanning) and Wide-field source illumination approaches [114-117]. 
In Point-by-Point scanning the sample is scanned with a laser beam using X, Y, Z scanning 
stages. At each position of the raster a Raman spectrum is acquired and out of these spectra 
an image generated. The laser and the scattered light are often focused through so-called 
pinholes in order to know the exact position of the excitation and the collection volumes 
from the samples. The limiting factor of the Point-by-Point scanning approach is the fact that 
quite long measuring times are necessary because the duration is proportional to the 
number of pixels. Nevertheless the main advantage is that the whole Raman spectrum is 
acquired at each point and available for detailed analysis [114]. 
In the Line scanning approach the laser is elongated (1 dimension) to form a line with the 
help of a moving mirror or cylindrical optic devices. As a result the sample is illuminated 
with a laser line, which is parallel oriented to an entrance slit of a dispersive spectrograph. 
Scanning of the sample is still required, but only in the direction perpendicular to the laser 
line. This leads to a reduced experiment time [114]. It is the most efficient method if the 
spectral information from areas with perimeters of typically a few millimetre is required 
[116]. 
In Wide-field Raman imaging the whole sample field is illuminated with laser light. The 
experimental time depend primarily on the number of spectral channels or wavenumber 
positions at which an entire image is recorded [116]. There are numerous Wide-field Raman 
imaging approaches, such as liquid crystal tuneable filters (LCTFS) or the Fibre Array Spectral 
Translator (FAST). In FAST the received Raman light from a globally illuminated sample field 
is focused on a 2-dimensional array of optical fibres, which is followed/reduced to a one 
dimensional array on the distal end. This end is imaged through a dispersive spectrometer 
with a CCD detector. This method makes it possible to reduce two spatial dimensions data to a 
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(SERS) and Coherent Anti-Stokes Scattering (CARS) 
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transition, scattering enhancements of up to 106 have been observed. In this resonance 
condition (Resonance Raman spectroscopy) the method becomes much more sensitive and 
since only the chromophore gives the more efficient scattering, it will also be selective for 
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objective (θ) (NA = n.sinθ). Two objects are completely resolved if they are separated by 2r 
and barely if they are separated by r (Rayleigh criterion of resolution) [108]. Therefore, the 
highest spatial resolution can be achieved with oil immersion objectives with high NA. Also 
if depth resolution is important, immersion objectives (oil, water) give better results [109]. 
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enhancement and confinement of light near a metallic nanostructure, can overcome the so-
called diffraction limit and produce optical images far beyond. It has been demonstrated 
that a spatial resolution as high as 4 nm could be achieved [111]. Consequently, nucleobases, 
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an image generated. The laser and the scattered light are often focused through so-called 
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quite long measuring times are necessary because the duration is proportional to the 
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acquired at each point and available for detailed analysis [114]. 
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help of a moving mirror or cylindrical optic devices. As a result the sample is illuminated 
with a laser line, which is parallel oriented to an entrance slit of a dispersive spectrograph. 
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line. This leads to a reduced experiment time [114]. It is the most efficient method if the 
spectral information from areas with perimeters of typically a few millimetre is required 
[116]. 
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experimental time depend primarily on the number of spectral channels or wavenumber 
positions at which an entire image is recorded [116]. There are numerous Wide-field Raman 
imaging approaches, such as liquid crystal tuneable filters (LCTFS) or the Fibre Array Spectral 
Translator (FAST). In FAST the received Raman light from a globally illuminated sample field 
is focused on a 2-dimensional array of optical fibres, which is followed/reduced to a one 
dimensional array on the distal end. This end is imaged through a dispersive spectrometer 
with a CCD detector. This method makes it possible to reduce two spatial dimensions data to a 
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single dimension, which is afterwards dispersed fibre by fibre onto the CCD camera [114]. To 
characterize a sample´s chemical heterogeneity often only a few global Raman images need to 
be recorded at well-defined wavenumber positions, which are known either a priori or from 
spectral analysis of data obtained in point or line scanning [116]. 
As a non-destructive technique in general minimal or no sample preparation is necessary. 
Nevertheless to refer intensity changes in imaging approaches directly to changes in content 
or composition the same Raman scattering volume has to be probed at any position and this 
requires a flat surface. Otherwise a reference band for normalisation or the use of band 
ratios becomes necessary. Depending on the biological material to be probed microcutting 
or polishing might be the method of choice to achieve such a flat surface, with or without 
embedding [118, 119]. 
2.5. Processing of Raman spectra and image generation 
To take the advantage of the scanning (mapping) method to have a molecular fingerprint 
(whole spectrum) at every pixel sophisticated data analysis has to be applied. Typically in 
each scanning experiment thousands of spectra are acquired and extracting the relevant 
information needs usually pre-processing of the spectra (e.g. cosmic ray removal, 
background subtraction, smoothing…) followed by univariate or multivariate data analysis 
methods to generate images. 
2.5.1. Spectra pre-processing 
Raman instruments utilizing CCD detectors suffer from occasional spikes caused by cosmic 
rays. Cosmic rays are high energy particles from outer space which interact with atoms and 
molecules in the earth´s atmosphere and may generate a false signal in the shape of a very 
sharp peak in the spectrum. Various mathematical methods can be used to filter the cosmic 
rays from the spectra [120-122]. As the spikes are usually quite high and may overlay with 
bands of interest they have to be removed to avoid influences on the final results.  
Smoothing algorithms are used to reduce noise in the recorded Raman spectra. They rely on 
the fact that spectral data are assumed to vary somewhat gradually when going from one 
spectral data point to the next, whereas associated noise typically changes very quickly. 
Different algorithms can be chosen (e.g. Savitzky-Golay [123], wavelet transformation [124], 
maximum entropy filter [122]) and especially before multivariate data analysis smoothing 
might become necessary.  
Baseline correction and background subtraction can be performed based on linear models  
or on more complex mathematical functions. For removing background coming from  
the measured material (fluorescence) or signal from the substrate different methods have 
been developed that are capable of handling irregularly shaped baselines [125-128]. Baseline 
correction of Raman spectra is especially important prior to multivariate methods  
and different solutions to improve baseline correction methods have been developed [125, 
129, 130]. 
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Additional pre-treatments can be carried out to enhance certain properties of the image data 
set. The choice depends on the spectral structure and the goal of the data analysis. 
Derivatives can be carried out to stress subtle differences in spectral features among spectra. 
For pixel classification purposes, when the focus is on comparing the shapes of the pixel 
spectra independently from their global intensity, spectra normalization represents a useful 
option [126]. 
2.5.2. Univariate and multivariate image generation 
In univariate data analysis each spectrum determines one value of the corresponding pixel 
in the image. The value of each pixel is determined by simple filters or by fitting procedures 
[122]. The most important of the simple filters is the integrated intensity (sum) filter 
evaluating the integrated intensity of various specific peaks found in the spectra of the 
image scan. The amount and scattering strength of a certain band attributed to a specific 
component is displayed and gives information on its spatial distribution. Filters can also 
plot changes in peak width, which can give a measure of crystallinity and structural 
orientation or changes in peak position (i.e., centre of mass position) as a measure for the 
strain within the material [131]. 
Many different multivariate methods exist and are described in detail elsewhere [126, 132-
136]. Here only the very basics of the most commonly used ones, principal component 
analysis (PCA) and cluster analysis, are introduced. 
PCA is the underlying method for many other multivariate methods since it is very effective 
for data reduction. It may be used to reduce the data set to 5–15 principal components (PC) 
and the residual error. Principal components are new, uncorrelated, and approximately 
normally distributed variables that provide faithful representations of the image, which can 
be used later as input information for exploration, segmentation, classification and other 
purposes. Compression by using principal components keeps all the relevant (image) 
information and, at the same time, allows understanding the relationship among the 
variables used to build the model by analysing the internal correlation structures provided 
by the loadings [132]. 
Cluster analysis applied to Raman images is essentially the sorting of the tens of thousands 
of spectra in a data set according to their similarities [122]. There are various ways of 
clustering, e.g. distance calculation (Euclidean, Manhattan), hierarchical cluster analysis, K-
means Cluster Analysis, Fuzzy Clustering and each has its advantages and disadvantages 
[136]. 
In section 4 and 5 exemplary results for univariate analysis (band integration) and cluster 
analysis are shown. 
3. Raman spectra of plant cell walls: What information can we gain? 
Plant cell walls are nanocomposites based on cellulose microfibrils embedded in different 
matrix polymers (hemicelluloses, pectin and lignin) [137]. Besides water plays an essential 
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Additional pre-treatments can be carried out to enhance certain properties of the image data 
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role in the native plant cell walls and as water has relatively low polarizabilities weak 
Raman intensities are observed. Consequently, water saturated samples can be measured 
without problems. Raman investigations of cellulosic feedstock started in the 80s with the 
acquisition of spectra of cellulose fibres and wood [138-140]. 
3.1. Cellulose microfibrils: The structural elements of the cell wall 
The cellulose microfibrils give a Raman signature comprising about 15 different significant 
bands (Figure 2, ramie fibre: almost pure cellulose). If these microfibrils are aligned with a 
preferred orientation, the Raman intensity of the cellulose bands depends on the angle 
between the orientation of the cellulose microfibrils and the laser polarisation direction 
[138]. The investigated Ramie fibres have almost perfect alignment of the cellulose 
microfibril parallel to the fibre axis and high crystallinity (X-ray results, not shown). 
Changing the laser polarization from parallel with respect to the fibre axis (0°) to 
perpendicular to the fibre (90°) results in severe changes of the Raman intensity of almost all 
characteristic bands (Figure 2) except the two bands at 1377 and 437 cm-1. The bands at 1457 
cm-1 (HCH and HOC bending), 517 cm-1, 499 cm-1 and 378 cm-1 (heavy atom stretching) show 
higher intensity in 90° arrangement and thus a more perpendicular alignment of these 
groups (Table 1). The β–(1→4)-glycosidic linkages in cellulose molecules, the methine 
groups of the glucopyranose rings and the methylene groups of the glucopyranose side are 




Figure 2. Raman spectra (532 nm excitation, 0.25 s integration time, 10 accumulations, baseline 
corrected) acquired from a Ramie fibre (>95% cellulose, high crystallinity, microfibrils aligned parallel 
to the fibre axis) with changing the polarization direction of the incident laser from 0° (parallel to the 
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Band [cm-1] Assignment Molecular orientation * 
330 δ (CCC) ring ║ s 
380 δ (CCC) ring ╪ m 
436 Γ (COC) def ╪ m 
497 ν (COC) glycosidic ╪ m 
520 δ (COC) glycosidic ╪ s 
902 υ (COC) in plane, sym ║m 
970 ρ (CH2) ╪ m 
998 ρ (CH2) ║ s 
1098 υ (COC) glycosidic, asym ║ s 
1121 υ (COC) glycosidic, sym ╪ m 
1340 ω (CH2) ║s 
1380 δ (CH2) ◦
1472 δ (CH2); δ (COH); ╪ m 
2897 υ (CH) ╪ s 
3200-3500 υ (OH) ║s 
Table 1. Position and assignment [138, 141] of the cellulose bands (Ramie fibre, Figure 2) and their 
preferred molecular orientation parallel (II) or perpendicular (╪) to the fibre axis direction (=laser 
polarisation direction). The sensitivity of the bands to intensity changes due to orientation is referred to 
as no changes (◦) and strong (s) or medium (m). (def: deformation, sym: symmetric, asym: 
antisymmetric) 
Because of the orientation-dependence of the cellulose band intensities, the fibre direction 
(plant axis) and the laser polarization have to be adjusted in a known and defined way in 
every plant cell wall Raman experiment. As the intensity of multiple bands change in a 
characteristic way (up and down, Figure 2), it is possible to distinguish between intensity 
changes due to alterations in fibre orientation from those resulting from different cellulose 
content (all bands increase or decrease). To eliminate intensity changes due to different focal 
plane during rotating the polarizer or drift of the scan stage band height ratios or band area 
ratios can be calculated for a more detailed analysis (Figure 3A). These ratios also allow the 
comparison of Raman measurements with different integration times and thus intensity. 
The ratios (2897/1095, 378/1095 and 1377/1095) reveal a clear dependency of the cellulose 
band intensities and the angle of the incident laser polarization. The strong relationship can 
be described by a cosine function and a quadratic regression (R2>0.99). Based on the band 
height ratios (Figure 3B) or partial least square regression models the angle of the cellulose 
molecule with respect to the laser polarisation direction and consequently the microfibril 
angle can be calculated [142]. Noteworthy, changes in fibre orientation often correspond to 
alterations in cellulose crystallinity. The effect of changes in crystallinity on the shape of the 
cellulose Raman bands was also investigated in detail: amorphous cellulose results in a 
significant decline in band heights accompanied by band broadening [143]. 
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Figure 3. A-B. Relationship between the intensity ratios of cellulose bands and the angle of laser 
polarization α (A, B: accounting for a cosine function with a quadratic regression) 
3.2. Carbohydrate matrix polymers: Hemicelluloses and pectin 
Hemicelluloses and cellulose have similar functional groups and chemical bonds and 
therefore the Raman contributions are overlapping. Due to the more amorphous nature of 
hemicelluloses the Raman signal intensity is less and the bands are usually broader [144]. 
According to Himmelsbach et al. [145] the weak bands between 870–800 and 515–475 cm-1 
offer the potential to distinguish between cellulose and xylan in flax fibres. In Miscanthus a 
characteristic band at 478 cm-1, assigned to HCC and HCO bending at C6 of hemicelluloses 
was used to present the hemicellulose distribution [146]. Nevertheless within wood and 
pulp samples the bands typical for glucomannan and xylan were hardly detected [144]. 
Distinguishing and probing the hemicelluloses in cell walls with the Raman imaging 
approach is therefore not that straightforward and needs sometimes more sophisticated data 
analysis tools to resolve the overlapping and less intense characteristic bands. 
While cellulose and hemicelluloses have β-glycosidic bonds, pectins are composed of α-
glycosidic linkages. In the Raman spectrum the region between 860-825 cm-1 corresponds to 
equatorial anomeric H (α-anomers and α-glycosides), whereas the band at about 900–880 cm-1 
corresponds to axial anomeric H (β-anomers and β-glycosides) [147]. The sharp Raman band 
between 860 and 854 cm-1 is characteristic for pectin and shows no overlap with the other plant 
cell wall polymers and can therefore be used as a marker band in the imaging approach [148, 
149]. Furthermore the exact position of this band is sensitive to the state of uronic carboxyls 
and to O-acetylation thus providing insight into pectin structure; decreasing with methylation 
(min. 850 cm-1) and increasing with acetylation (max. 862 cm-1) [150]. 
3.3. The aromatic lignin polymer: Fluorescence and diversity 
The structure of lignin is comprised of a variety of different types of covalent bonds derived 
from oxidative coupling of three different types of phenolic precursor units, p-coumaryl, 
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coniferyl, and sinapyl alcohols [151, 152]. The structural organisation of lignin is a subject of 
much debate, both in terms of chemical structure (H (p-hydroxyphenyl), G (guaiacyl) and S 
(syringyl) units/monomers and the bondings) and in terms of the degree to which lignin is 
ordered within its cell wall environment. Beside NMR and IR spectroscopy also Raman 
microscopy has shown high potential for non-invasive investigation of in-situ cell wall lignin 
structure during the last years e.g. [153, 154]. 
Laser-induced autofluorescence from lignin can be the major hindrance to acquire 
reasonably good Raman spectra because the fluorescence intensity can be several orders 
of magnitude larger than the Raman scattering intensity. Traditionally, two sampling 
procedures were used to effectively reduce the autofluorescence: water immersion 
technique (usable for woody tissues) [140] and oxygen flushing technique [155]. 
Fluorescence problems can be reduced by choosing the near-IR Fourier transform (NIR-
FT) Raman technique, using a NIR laser source with the photon energy well below 
troublesome low energy electronic transitions of lignin. Good quality spectra, relatively 
free of fluorescence interference, have been acquired from various lignin-containing 
materials [156-161]. Today, also more sophisticated spectroscopic methods can overcome 
this problem. UV resonance Raman spectroscopy exploits the combined benefit of the 
resonantly enhanced Raman signal and the usually relatively much longer wavelengths of 
fluorescence emission compared to Raman photons [153, 162-164]. By Kerr-gated Raman 
spectroscopy the different time-domain characteristics of fluorescence and Raman 
emission allow the detector only to see a narrow time-domain window centred on the 
excitation laser pulse [93, 164]. Also CARS gives spectra free of background from one-
photon-excited fluorescence and has been used to study lignin modification in alfalfa 
[165]. All the significant instrumental developments opened up new fields for 
investigating lignified samples.  
Improvements in Confocal Raman mapping/imaging approaches have provided insights 
into lignin distribution on the microscale. Due to the high spatial resolution it is possible to 
acquire spectra comprising only the chemistry of the cell corner, which is in lignocellulosics 
dominated by lignin contribution (Figure 4). The imaging approach requires short 
integration times (e.g. 0.1-0.4 s) and therefore not all lignin bands are resolved and the 
spectra are dominated by the strong band around 1600 cm-1 (Figure 4A), which is assigned 
to aryl stretching vibrations [166]. As this band has no overlap with the carbohydrate bands 
it can be used as a marker to image lignin distribution on the micron level [167, 168]. 
Depending on laser excitation and lignin structure, more or less background or resonance 
enhancement is observed. Due to the different chemical structure of softwood and 
hardwood lignin particular laser excitation (e.g. 532 nm) results in a higher fluorescence 
background and stronger 1607 cm-1 band intensity in spruce than in poplar. In softwood 
species, the most abundant precursor is coniferyl alcohol, which leads to an aromatic 
substitution by one methoxyl group, known as a guaiacyl structure (G lignin). In hardwood 
additionally sinapyl alcohol leads to syringyl structures (S lignin) with two methoxyl groups 
attached to the aromatic ring. Additionally, during the formation of the middle lamella  
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characteristic band at 478 cm-1, assigned to HCC and HCO bending at C6 of hemicelluloses 
was used to present the hemicellulose distribution [146]. Nevertheless within wood and 
pulp samples the bands typical for glucomannan and xylan were hardly detected [144]. 
Distinguishing and probing the hemicelluloses in cell walls with the Raman imaging 
approach is therefore not that straightforward and needs sometimes more sophisticated data 
analysis tools to resolve the overlapping and less intense characteristic bands. 
While cellulose and hemicelluloses have β-glycosidic bonds, pectins are composed of α-
glycosidic linkages. In the Raman spectrum the region between 860-825 cm-1 corresponds to 
equatorial anomeric H (α-anomers and α-glycosides), whereas the band at about 900–880 cm-1 
corresponds to axial anomeric H (β-anomers and β-glycosides) [147]. The sharp Raman band 
between 860 and 854 cm-1 is characteristic for pectin and shows no overlap with the other plant 
cell wall polymers and can therefore be used as a marker band in the imaging approach [148, 
149]. Furthermore the exact position of this band is sensitive to the state of uronic carboxyls 
and to O-acetylation thus providing insight into pectin structure; decreasing with methylation 
(min. 850 cm-1) and increasing with acetylation (max. 862 cm-1) [150]. 
3.3. The aromatic lignin polymer: Fluorescence and diversity 
The structure of lignin is comprised of a variety of different types of covalent bonds derived 
from oxidative coupling of three different types of phenolic precursor units, p-coumaryl, 
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coniferyl, and sinapyl alcohols [151, 152]. The structural organisation of lignin is a subject of 
much debate, both in terms of chemical structure (H (p-hydroxyphenyl), G (guaiacyl) and S 
(syringyl) units/monomers and the bondings) and in terms of the degree to which lignin is 
ordered within its cell wall environment. Beside NMR and IR spectroscopy also Raman 
microscopy has shown high potential for non-invasive investigation of in-situ cell wall lignin 
structure during the last years e.g. [153, 154]. 
Laser-induced autofluorescence from lignin can be the major hindrance to acquire 
reasonably good Raman spectra because the fluorescence intensity can be several orders 
of magnitude larger than the Raman scattering intensity. Traditionally, two sampling 
procedures were used to effectively reduce the autofluorescence: water immersion 
technique (usable for woody tissues) [140] and oxygen flushing technique [155]. 
Fluorescence problems can be reduced by choosing the near-IR Fourier transform (NIR-
FT) Raman technique, using a NIR laser source with the photon energy well below 
troublesome low energy electronic transitions of lignin. Good quality spectra, relatively 
free of fluorescence interference, have been acquired from various lignin-containing 
materials [156-161]. Today, also more sophisticated spectroscopic methods can overcome 
this problem. UV resonance Raman spectroscopy exploits the combined benefit of the 
resonantly enhanced Raman signal and the usually relatively much longer wavelengths of 
fluorescence emission compared to Raman photons [153, 162-164]. By Kerr-gated Raman 
spectroscopy the different time-domain characteristics of fluorescence and Raman 
emission allow the detector only to see a narrow time-domain window centred on the 
excitation laser pulse [93, 164]. Also CARS gives spectra free of background from one-
photon-excited fluorescence and has been used to study lignin modification in alfalfa 
[165]. All the significant instrumental developments opened up new fields for 
investigating lignified samples.  
Improvements in Confocal Raman mapping/imaging approaches have provided insights 
into lignin distribution on the microscale. Due to the high spatial resolution it is possible to 
acquire spectra comprising only the chemistry of the cell corner, which is in lignocellulosics 
dominated by lignin contribution (Figure 4). The imaging approach requires short 
integration times (e.g. 0.1-0.4 s) and therefore not all lignin bands are resolved and the 
spectra are dominated by the strong band around 1600 cm-1 (Figure 4A), which is assigned 
to aryl stretching vibrations [166]. As this band has no overlap with the carbohydrate bands 
it can be used as a marker to image lignin distribution on the micron level [167, 168]. 
Depending on laser excitation and lignin structure, more or less background or resonance 
enhancement is observed. Due to the different chemical structure of softwood and 
hardwood lignin particular laser excitation (e.g. 532 nm) results in a higher fluorescence 
background and stronger 1607 cm-1 band intensity in spruce than in poplar. In softwood 
species, the most abundant precursor is coniferyl alcohol, which leads to an aromatic 
substitution by one methoxyl group, known as a guaiacyl structure (G lignin). In hardwood 
additionally sinapyl alcohol leads to syringyl structures (S lignin) with two methoxyl groups 
attached to the aromatic ring. Additionally, during the formation of the middle lamella  
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p-coumaryl alcohol precursors are present and p-hydroxphenyl lignin without methoxyl 
groups is formed. The differences in lignin structure in the cell corner of spruce and poplar 
are reflected by the different intensity and band shape in the region at about 1600 cm-1 as 
well as in the other bands (Figure 4A). Contribution from coniferaldehyde units is expected 
at 1623 and 1660 cm-1, whereas coniferyl alcohol contributes at 1654 cm-1 as well as other 
chromophores [169]. Using these bands the amount of coniferyl alcohol and aldehyde 
groups compared to the total amount of lignin was imaged in pine and spruce wood 
samples [170]. For the S units the intense band at 1328 cm-1 is characteristic, while in spruce 
the band is found at 1334 cm-1 [144] and accompanied by bands (shoulders) below and 
above (Figure 4A, Table 2). The relatively intensive band at about 1150 cm-1 in poplar wood 
was tentatively assigned (Table 2). On the contrary, in spruce the band at 1139 cm-1 is 
stronger (Figure 4A). 
 
Figure 4. A-B. Raman spectra (532 nm excitation, 0.1-0.4 s integration time) acquired from the cell 
corner of wood (poplar and spruce, A) and Brachypodium (B), reflecting the different lignin structures in 
softwood, hardwood and grasses. Additionally a reference spectrum of ferulic acid is plotted (B, black 
line) 
Grasses have Type II cell walls, which in addition to other cell wall polymers, typically 
contain arabinoxylans and phenolics [171-173]. Noteworthy, grass xylans play an important 
role in the cell wall by helping to facilitate the assembly of cellulose microfibrils or/and the 
cross-linking of lignin to polysaccharides with the aid of hydroxycinnamic acids [174]. 
When compared to dicots, a high amount of hydroxycinnamic acids (ferulic and p-coumaric 
acid) is characteristic for grass cell walls. Therefore the cell corner spectrum of Brachypodium 
(Figure 4B) differs remarkably from the wood spectra (Figure 4A). The very strong aryl 
stretching vibration at 1607 cm-1 is a clear doublet with a second band at 1632 cm-1, 
accompanied by a weaker band at 1701 cm-1. This doublet peak as well as the bands at 1176 
cm-1 and 1276 cm-1 are typical for ferulic acid [175, 176] (Figure 4B). So the cell corner spectra 
of Brachypodium clearly reflect contributions from ferulic acid. Similar bands have been 
found in corn stover, although not recognized to be due to ferulic acid [177]. 
A B
 
Raman Imaging of Lignocellulosic Feedstock 173 
Spruce Poplar Brachypodium Assignment [Reference] 
Wavenumber [cm-1]
2936 2944 2941 
antisymmetric C-H str. in OCH3 (SW) [178] 
and (HW) [179]; symmetric C-H str. in CH3 in 
FA [180]
1657 1657  ring-conjugated C=C str. of coniferyl alcohol plus C=O str. of coniferaldehyde [178, 179] 
  1632 str. of C=C from propenoic acid side chain of FA [180] 
1599 1600 1607 symmetric aryl ring str. [144, 166-168] 
1503 1498 1505 antisymmetric aryl ring str. [178], in FA 
1458 1458  
C-H3 def. in O-CH3 [179]; C-H2 scissoring; 
guaiacyl ring vibration (SW) [178, 179] and to 
C-H3 def. in O-CH3 (HW) [166, 179] 
1334 1328  
aliphatic O-H bend. (SW) [144, 178], and S-
lignin (HW) [177], possibly contribution from 
cellulose 
1271 1274 1271 
aryl-O str. of aryl-OH and aryl-O-CH3; 
guaiacyl ring (with C=O group) mode (SW) 
[144, 178, 179], HW [177, 179]
 1176 aryl-H def. [180]
 1150  eventually O-CH3 def. [166]; possibly contribution from carbohydrate [177] 
1139   
a mode of coniferaldehyde unit (SW) [178]; 
aromatic C-H in plane def. (guaiacyl type) 
[181]
Table 2. Position and assignment of lignin bands in spectra acquired from the cell corners of spruce, 
poplar, and Brachypodium; FA: ferulic acid; SW: softwood; HW: hardwood; str: stretching vibration; 
bend: bending vibration; def: deformation vibration 
4. Raman imaging of wood: Revealing lignification on the micron level 
In the future, wood will play a crucial role in carbon capture and is a fundamental feedstock 
for bio-based fuels, chemicals, materials, and power. Currently, the greatest processing 
challenge is to develop efficient deconstruction and separation technologies that enable the 
release of sugar and aromatic compounds ‘locked in’ the intricacy of wood cell wall 
macromolecular structures [182]. To tackle this challenge detailed knowledge on the 
molecular composition of the cell walls within the different cell wall tissues and layers is of 
importance and Raman microscopy may contribute to make progress. As a non-destructive 
method, characterisation of the native cell walls is possible as well as the in-situ monitoring 
of the deconstruction during different treatments. 
By calculating the integral of the bands in the Raman spectra of plant cell walls the 
distribution of different molecular structures can be imaged on the micron-level [148, 149, 
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p-coumaryl alcohol precursors are present and p-hydroxphenyl lignin without methoxyl 
groups is formed. The differences in lignin structure in the cell corner of spruce and poplar 
are reflected by the different intensity and band shape in the region at about 1600 cm-1 as 
well as in the other bands (Figure 4A). Contribution from coniferaldehyde units is expected 
at 1623 and 1660 cm-1, whereas coniferyl alcohol contributes at 1654 cm-1 as well as other 
chromophores [169]. Using these bands the amount of coniferyl alcohol and aldehyde 
groups compared to the total amount of lignin was imaged in pine and spruce wood 
samples [170]. For the S units the intense band at 1328 cm-1 is characteristic, while in spruce 
the band is found at 1334 cm-1 [144] and accompanied by bands (shoulders) below and 
above (Figure 4A, Table 2). The relatively intensive band at about 1150 cm-1 in poplar wood 
was tentatively assigned (Table 2). On the contrary, in spruce the band at 1139 cm-1 is 
stronger (Figure 4A). 
 
Figure 4. A-B. Raman spectra (532 nm excitation, 0.1-0.4 s integration time) acquired from the cell 
corner of wood (poplar and spruce, A) and Brachypodium (B), reflecting the different lignin structures in 
softwood, hardwood and grasses. Additionally a reference spectrum of ferulic acid is plotted (B, black 
line) 
Grasses have Type II cell walls, which in addition to other cell wall polymers, typically 
contain arabinoxylans and phenolics [171-173]. Noteworthy, grass xylans play an important 
role in the cell wall by helping to facilitate the assembly of cellulose microfibrils or/and the 
cross-linking of lignin to polysaccharides with the aid of hydroxycinnamic acids [174]. 
When compared to dicots, a high amount of hydroxycinnamic acids (ferulic and p-coumaric 
acid) is characteristic for grass cell walls. Therefore the cell corner spectrum of Brachypodium 
(Figure 4B) differs remarkably from the wood spectra (Figure 4A). The very strong aryl 
stretching vibration at 1607 cm-1 is a clear doublet with a second band at 1632 cm-1, 
accompanied by a weaker band at 1701 cm-1. This doublet peak as well as the bands at 1176 
cm-1 and 1276 cm-1 are typical for ferulic acid [175, 176] (Figure 4B). So the cell corner spectra 
of Brachypodium clearly reflect contributions from ferulic acid. Similar bands have been 
found in corn stover, although not recognized to be due to ferulic acid [177]. 
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Spruce Poplar Brachypodium Assignment [Reference] 
Wavenumber [cm-1]
2936 2944 2941 
antisymmetric C-H str. in OCH3 (SW) [178] 
and (HW) [179]; symmetric C-H str. in CH3 in 
FA [180]
1657 1657  ring-conjugated C=C str. of coniferyl alcohol plus C=O str. of coniferaldehyde [178, 179] 
  1632 str. of C=C from propenoic acid side chain of FA [180] 
1599 1600 1607 symmetric aryl ring str. [144, 166-168] 
1503 1498 1505 antisymmetric aryl ring str. [178], in FA 
1458 1458  
C-H3 def. in O-CH3 [179]; C-H2 scissoring; 
guaiacyl ring vibration (SW) [178, 179] and to 
C-H3 def. in O-CH3 (HW) [166, 179] 
1334 1328  
aliphatic O-H bend. (SW) [144, 178], and S-
lignin (HW) [177], possibly contribution from 
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1271 1274 1271 
aryl-O str. of aryl-OH and aryl-O-CH3; 
guaiacyl ring (with C=O group) mode (SW) 
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 1176 aryl-H def. [180]
 1150  eventually O-CH3 def. [166]; possibly contribution from carbohydrate [177] 
1139   
a mode of coniferaldehyde unit (SW) [178]; 
aromatic C-H in plane def. (guaiacyl type) 
[181]
Table 2. Position and assignment of lignin bands in spectra acquired from the cell corners of spruce, 
poplar, and Brachypodium; FA: ferulic acid; SW: softwood; HW: hardwood; str: stretching vibration; 
bend: bending vibration; def: deformation vibration 
4. Raman imaging of wood: Revealing lignification on the micron level 
In the future, wood will play a crucial role in carbon capture and is a fundamental feedstock 
for bio-based fuels, chemicals, materials, and power. Currently, the greatest processing 
challenge is to develop efficient deconstruction and separation technologies that enable the 
release of sugar and aromatic compounds ‘locked in’ the intricacy of wood cell wall 
macromolecular structures [182]. To tackle this challenge detailed knowledge on the 
molecular composition of the cell walls within the different cell wall tissues and layers is of 
importance and Raman microscopy may contribute to make progress. As a non-destructive 
method, characterisation of the native cell walls is possible as well as the in-situ monitoring 
of the deconstruction during different treatments. 
By calculating the integral of the bands in the Raman spectra of plant cell walls the 
distribution of different molecular structures can be imaged on the micron-level [148, 149, 
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167, 183]. Figure 5A shows an example of imaging water uptake of cell walls in young 
poplar wood (Populus nigra x Populus deltoids) by plotting the integral of the OH stretching 
vibration. As the sample was water saturated, highest intensity (blue colour) is observed in 
the water filled lumen of the cells. The border to the cell wall is slightly visible as less blue, 
followed by remarkable high intensity of the inner cell wall layer. Clear distinct layers 
separating the cells are visualised black and thus less hydrated areas. Integrating the strong 
aromatic aryl stretching vibration gives the opposite picture (Figure 5B): high intensity (red 
colour) in the cell corner (CC) and compound middle lamella (CML) and the rest of the cell 
walls are displayed black as intensity is less than to be seen with this scaling. In contrast the 
inner layer (gelatinous (G-) layer) of the poplar tension wood can be visualised selectively 
by integrating the 1380 cm-1 cellulose band. This band is not sensitive to changes in cellulose 
orientation (Figure 2A). In lignified samples the band becomes a shoulder the more the 
adjacent lignin band rises and therefore only in cellulosic cell wall regions without (or very 
minor) lignin the band is clearly resolved and shows high intensity by integration. So the 
black regions of the images not necessarily represent non-cellulosic regions, but regions 
where cellulose is accompanied by higher lignin content. Based on the lignin and cellulose 
images three cell wall regions have been selected by using an intensity threshold (Figure 
5D): 1) lignin intensity higher than 3000 cts (red), 2) lignin intensity between 1000 and 3000 
cts (pink) and 3) cellulose intensity higher than 150 cts (green). The highest lignin content 
comprises the CC regions as well as part of the vessel walls (v) (Figure 5D, red). Medium 
lignin content displays the CML (and probably part of the S2 layer) as well as the ray cells 
(Figure 5D, pink) and the non-(or minor) lignified region is restricted to the inner cell wall 
(Figure 5D, green). For a detailed analysis of the cell wall regions, average spectra can be 
calculated from the defined cell wall regions of the sample (Figure 5E). For better 
comparison spectra have been baseline corrected and normalised to the aromatic lignin 
stretching vibrations. The spectra show that lignin is present in the green coloured cell wall 
region (G-layer) in minor amounts and the carbohydrate bands (C) are in relation much 
higher as well as the OH and CH stretching vibrations. Numerous OH-groups are present in 
the carbohydrates and show a contribution in the cellulose Raman spectra (Figure 2). But the 
height and form of the OH-bands in the G-layer are more comparable to spectra from the 
free water in the lumen and thus point to access of water uptake in this inner layer. In the 
medium lignified region (pink), similar cellulose bands are detected, but only one third of 
intensity compared to the inner layer. In the highly lignified region the lignin signature 
dominates (Figure 5E, red line). Yet carbohydrate bands are abundant, mainly because also 
the highly lignified vessel walls (v) are partly included in the average spectra calculation. 
Vessel spectra show higher amount of carbohydrates than spectra from CML (not shown). A 
zoom into the “lignin region” shows that not only the amount changes on the micron level, 
but also the lignin structure: a slight shift in band position of the aromatic stretching 
vibration is observed and the height of the shoulder at about 1657 cm-1 changes. As the 
sampled region is near the cambium and the higher shoulder points to the alcohol and 
aldehyde lignin precursors in the G-layer and S2, lignification process in these regions might 
be in progress. Interestingly also spectra derived from substances within the rays point to 
aromatic compounds. These deposits could be visualised selectively by integrating from 
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785-486 cm-1. Detailed analysis of the spectra and band assignment will reveal the 
composition of these ray components. Several studies have shown that molecular structures, 
e.g. lignin structure are reflected in the Raman signature [154, 161, 170, 184, 185]. 
 
Figure 5. A-F: Raman images of poplar tension wood based on integrating the OH stretching region 
(A), the lignin marker band at about 1600 cm-1 (B) and the cellulose band at about 1388 cm-1 (C). In a 
combined image (D), regions with lignin intensity higher 3000 cts (red) and between 1000 and 3000 cts 
(pink) and with cellulose intensity >150 cts (green) are displayed. From these defined regions average 
spectra (baseline corrected and normalised to the 1600 cm-1 band) have been calculated (E). The content 
of the rays is visualized by integrating from 785-486 cm-1. (Experimental: 532 nm excitation, 100x oil 
immersion objective, scan area: 120 µm x 100 µm, Pixels: 360x300, integration time: 0.4 s) (CC: cell 
corner, CML: compound middle lamella, G: gelatinous layer, v: vessel) 
The example of poplar tension wood showed the potential of Raman imaging to get a 
detailed view on the molecular structure on the micron level. Distinguishing cell wall types 
based on their chemistry gives an overview of the tissue composition. Furthermore 
extracting the underlying Raman spectra for detailed analysis can elucidate specific insights 
into the molecular structure and composition. The position resolved micro-resolution opens 
up new ways for understanding biosynthesis (especially lignification) as gradients in 
developing tissues can be followed cell by cell and cellular components investigated 
together with the cell wall itself. Different performance and reactions upon treatment can be 
resolved on the cell wall level and help to understand recalcitrance of wood. Different 
species have different chemical composition and lignin structures and recently a clear 
distinction between pine and spruce in terms of the distribution of coniferyl alcohol and 
coniferyl aldehyde was recognized using the Raman imaging approach [170]. Furthermore 
changes due to environmental growth conditions or genetic engineering can be evaluated. 
By comparing lignification in wild-type and lignin-reduced 4CL transgenic Populus 
trichocarpa stem wood, it was shown that transgenic reduction of lignin is particularly 
pronounced in the S2 wall layer of fibres, suggesting that such transgenic approach may 
help overcome cell wall recalcitrance to wood saccharification [186]. A higher volume of 
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167, 183]. Figure 5A shows an example of imaging water uptake of cell walls in young 
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walls are displayed black as intensity is less than to be seen with this scaling. In contrast the 
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by integrating the 1380 cm-1 cellulose band. This band is not sensitive to changes in cellulose 
orientation (Figure 2A). In lignified samples the band becomes a shoulder the more the 
adjacent lignin band rises and therefore only in cellulosic cell wall regions without (or very 
minor) lignin the band is clearly resolved and shows high intensity by integration. So the 
black regions of the images not necessarily represent non-cellulosic regions, but regions 
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785-486 cm-1. Detailed analysis of the spectra and band assignment will reveal the 
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(A), the lignin marker band at about 1600 cm-1 (B) and the cellulose band at about 1388 cm-1 (C). In a 
combined image (D), regions with lignin intensity higher 3000 cts (red) and between 1000 and 3000 cts 
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The example of poplar tension wood showed the potential of Raman imaging to get a 
detailed view on the molecular structure on the micron level. Distinguishing cell wall types 
based on their chemistry gives an overview of the tissue composition. Furthermore 
extracting the underlying Raman spectra for detailed analysis can elucidate specific insights 
into the molecular structure and composition. The position resolved micro-resolution opens 
up new ways for understanding biosynthesis (especially lignification) as gradients in 
developing tissues can be followed cell by cell and cellular components investigated 
together with the cell wall itself. Different performance and reactions upon treatment can be 
resolved on the cell wall level and help to understand recalcitrance of wood. Different 
species have different chemical composition and lignin structures and recently a clear 
distinction between pine and spruce in terms of the distribution of coniferyl alcohol and 
coniferyl aldehyde was recognized using the Raman imaging approach [170]. Furthermore 
changes due to environmental growth conditions or genetic engineering can be evaluated. 
By comparing lignification in wild-type and lignin-reduced 4CL transgenic Populus 
trichocarpa stem wood, it was shown that transgenic reduction of lignin is particularly 
pronounced in the S2 wall layer of fibres, suggesting that such transgenic approach may 
help overcome cell wall recalcitrance to wood saccharification [186]. A higher volume of 
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water was found in the cell wall of transgenic aspen compared with wild-type aspen, 
indicating an increase in the hydrophilicity of the cell wall [187]. 
5. Heterogeneity of lignin in the internode of the model grass 
Brachypodium distachyon 
Grasses (or Poaceae, monocotyledon) are  important plants on earth as they promote life and 
provide nutrients to both humans and animals. It is estimated that cereal grasses, i.e., corn, 
wheat, rice, oats, and barley, cover roughly 20% of the world’s land surface and that the 
demand for these plants will remain high as the human population continues to increase 
[188]. Furthermore cereal grasses, including their grain and straw, are today not only used 
as sources of food but are also considered viable material for bioenergy. The grasses 
dedicated to biomass production, i.e., Switchgrass (Panicum virgatum) and Miscanthus 
(Miscanthus sacchariflorus, M. sinensis or M. giganteus) are mainly C4 plants that when grown 
in warm-environmental conditions, are more efficient in photosynthesis, nutrient-use and 
water-use [33]. The major limitations to the direct study of C4 grasses include the large size 
of the plants (requires land space), long generation times, and demanding growth 
requirements. Therefore several model plants, e.g., rice and more recently Brachypdium 
distachyon, were domesticated for laboratory studies (Figure 6A). Brachypodium now serves 
as an ideal experimental model for studying cereal grasses as it has many of the desirable 
traits for plant model systems including a small genome size, short generation time, the 
ability to self-pollinate, minimal input requirements and more importantly an amenability 
to forward and reverse genetic techniques [189]. Since 2001, Brachypodium has been 
established as a model however only recently have researchers begun to take advantage of 




Figure 6. A-B: Brachypodium distachyon: Lateral view of Brachypodium development in the growth 
chamber (A). Cross section of a seven week old basal internode labelled with phloroglucinol-HCl (B). 
Dark labelling shows lignified cell walls. (Cell type abbreviations: Ep: epidermis; Sc: sclerenchyma; Ph: 
phloem; mXy: metaxylum; pXy: protoxylum; Pa: parenchyma) 
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The study of lignification in the monocot cell wall is of particular interest as several 
studies have demonstrated that lignin and phenolics bound to cell walls counter 
productively to saccharification yield and ruminant digestibility by reducing the 
accessibility of degrading/digestive enzymes to polysaccharides in the cell wall [45, 190]. 
Furthermore, a secondary, unintended effect of pre-treatments commonly used to reduce 
lignin content prior to saccharification for bioethanol production results in residual 
byproducts that inhibits growth of microorganisms used during fermentation. Therefore 
the natural resistance of lignocellulosic plant material to degradation serves as a major 
obstacle to efficient conversion of cellulose into fermentable sugars used for bioenergy 
[31, 191]. Within the monocot stems lignin is found in many tissues and cell types; the 
highest amount in the xylem tissue (Figure 6B). Phlorglucinol HCl staining gives insight 
into thevariability of lignification, but it is unspecific to different lignin and phenolic acid 
structures. As Raman images are based on underlying spectra, which represent a 
molecular fingerprint at every point within the acquired images, more detailed 
information can be gained. 
Raman images of young (3 week old) basal internodes show point-wise accumulations of 
aromatic substances within the xylem tissues, while in the surrounding sclerenchyma 
fibres cell walls are visualized to be more homogenous (Figure 7A). In the lumen of  
the xylem cells remarkably high aromatic intensity is observed from deposits, which 
have not yet been further analysed. By integrating the marker band of ferulic acid at  
1176 cm-1 (Figure 4B) again the point-wise accumulation within the xylem becomes 
visible, but less intensity is observed in the sclerenchyma fibres (Figure 7B). As stated 
previously grass cell walls contain high amounts of p-hydroxycinnamic acids, 
particularly ferulic (FA) and p-coumaric (pCA). Previous studies have demonstrated that 
both pCA and FA play an important functional role in the incorporation of lignin into 
the cell wall by aiding to establish ester or/and ether-linkages to cell wall polymers [192]. 
It was shown that ferulate esters act as initiation or nucleation sites of lignin deposition 
in grasses [193]. Ferulate molecules connect lignin to arabinoxylans primarily through 
ester-ether bonds and form dimeric structures cross-linking arabinoxylan chains to 
polysaccharides [194].  
By integrating the carbohydrate band at about 903 cm-1, slightly higher intensity in the 
sclerenchyma cells was observed (Figure 7C). On the contrary to the poplar wood cells 
(Figure 5A-F) no clear cell corners are seen within the young xylem and sclerenchyma fibres 
and differences in the distribution of aromatic and carbohydrate substances within the 
scanned cell wall area are less pronounced when applying the band integration approach 
for image calculation. 
Nevertheless, a cluster analysis performed with derivatives of baseline corrected spectra 
reveals high heterogeneity of the spectra in the lumen and on the border of the cell walls 
(Figure 8A) as well as clear separation of the xylem cell wall and the sclerenchyma cell 
wall (Figure 8B). Based on the found clusters, average spectra can be calculated 
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Figure 6. A-B: Brachypodium distachyon: Lateral view of Brachypodium development in the growth 
chamber (A). Cross section of a seven week old basal internode labelled with phloroglucinol-HCl (B). 
Dark labelling shows lignified cell walls. (Cell type abbreviations: Ep: epidermis; Sc: sclerenchyma; Ph: 
phloem; mXy: metaxylum; pXy: protoxylum; Pa: parenchyma) 
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structures. As Raman images are based on underlying spectra, which represent a 
molecular fingerprint at every point within the acquired images, more detailed 
information can be gained. 
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the xylem cells remarkably high aromatic intensity is observed from deposits, which 
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It was shown that ferulate esters act as initiation or nucleation sites of lignin deposition 
in grasses [193]. Ferulate molecules connect lignin to arabinoxylans primarily through 
ester-ether bonds and form dimeric structures cross-linking arabinoxylan chains to 
polysaccharides [194].  
By integrating the carbohydrate band at about 903 cm-1, slightly higher intensity in the 
sclerenchyma cells was observed (Figure 7C). On the contrary to the poplar wood cells 
(Figure 5A-F) no clear cell corners are seen within the young xylem and sclerenchyma fibres 
and differences in the distribution of aromatic and carbohydrate substances within the 
scanned cell wall area are less pronounced when applying the band integration approach 
for image calculation. 
Nevertheless, a cluster analysis performed with derivatives of baseline corrected spectra 
reveals high heterogeneity of the spectra in the lumen and on the border of the cell walls 
(Figure 8A) as well as clear separation of the xylem cell wall and the sclerenchyma cell 
wall (Figure 8B). Based on the found clusters, average spectra can be calculated 
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corresponding to the separated regions. By this (Figure 8C-D) spectral (molecular) 
characterization of each cell wall region is possible on the micron level. Characteristic 
bands are observed e.g. for the lumen deposits (yellow line, Figure 8C), which can give 
insights into the chemical nature of these deposits. Furthermore, the gradual change 
recognized by the cluster analysis from the lumen towards the xylem cell wall can be 
analysed in detail. Comparing the xylem and sclerenchyma spectra (Figure 8D) it becomes 
clear that ferulic acid is much more accumulated in the xylem cells than in the 
surrounding sclerenchyma cells at this developmental stage of Brachypodium. The aryl 
stretching vibration as well as the marker bands at 1271 and 1176 cm-1 are clearly reduced 
in the spectrum corresponding to the sclerenchyma cells, whereas the carbohydrate 
distribution appears comparable (Figure 8D). The spot-wise pattern in the xylem was 
observed clearly by integrating the area of the bands (Figure 7A-B) and not in the cluster 
analysis (Figure 8B). Therefore it can be concluded that the spots reflect more changes in 
intensity (amount) than compositional (structural) changes. By studying the different cell 
wall types as well as cell lumen ingredients during different developmental stages, 







Figure 7. A-C: Raman images of a cross section of the basal internode of Brachypodium distachyon (three 
weeks old). High aromatic contribution is visualised by integrating from 1535 to 1674 cm-1 in the xylem 
(xyl) and surrounding sclerenchyma (scl) cells. When the typical band for ferulic acid at 1176 cm-1 is 
integrated (B) no lumen deposits are seen and less intensity in the sclerenchyma cells. The carbohydrate 
band at 903 cm-1 (925-887 cm-1) shows higher intensity in the sclerenchyma cells (C). (Experimental: 532 
nm excitation, 100x oil immersion objective, scan area: 30 µm x 30 µm, Pixels: 90x90, integration time: 
0.3 s) 
Recent Raman study on corn stover revealed that lignin and cellulose abundance varies 
significantly among different cell types: 5-times higher in sclerenchymea cells, 3-times 
higher in epidermal cells than bundle sheaths and parenchyma cells [177]. They also noted 
characteristic bands at 1428, 1271, and 1175 cm-1 in corn stover and although not assigned to 
ferulic acid, it seems that also in corn stover spectral contributions of ferulic acid have been 
reflected. 
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Figure 8. A-D: Raman images of Brachypodium distachyon based on a Cluster analysis using derivatives 
of baseline corrected spectra of the same measurement as shown in Figure 7. For clarity reasons the 6 
calculated clusters are not shown within one image, but in two: A: representing the clusters of the cell 
lumen and borders towards the cell wall, B: the inner border of the xylem wall (pink) and the xylem 
wall itself (red) clearly separated from the sclerenchyma cells (green) High variability of the spectra 
within the cell lumen and its borders is seen (C) as well as clear differences between the sclerenchyma 
(scl) and xylem (xyl, xyl in) spectra (D). 
6. Conclusion 
The demand for plant biomass feedstock will increase as renewable resources get more and 
more attractive and further fields of utilizations open up. The mechanical performance as 
well as the recalcitrance of plant biomass to degradation is a function of which cell wall 
polymers are abundant and how they are cross-linked and aggregated within the walls. For 
understanding of biomass resources and an optimized utilization these higher order 
structures have to be probed in their native state on the micro- and nano level. The amount 
of cellulose as well as its crystallinity, structural arrangement (orientation) and interaction 
with other wood polymers play a key role in any utilization aspect. The recalcitrance to 
saccharification is a major limitation for conversion of lignocellulosic biomass to ethanol, 
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Figure 8. A-D: Raman images of Brachypodium distachyon based on a Cluster analysis using derivatives 
of baseline corrected spectra of the same measurement as shown in Figure 7. For clarity reasons the 6 
calculated clusters are not shown within one image, but in two: A: representing the clusters of the cell 
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(scl) and xylem (xyl, xyl in) spectra (D). 
6. Conclusion 
The demand for plant biomass feedstock will increase as renewable resources get more and 
more attractive and further fields of utilizations open up. The mechanical performance as 
well as the recalcitrance of plant biomass to degradation is a function of which cell wall 
polymers are abundant and how they are cross-linked and aggregated within the walls. For 
understanding of biomass resources and an optimized utilization these higher order 
structures have to be probed in their native state on the micro- and nano level. The amount 
of cellulose as well as its crystallinity, structural arrangement (orientation) and interaction 
with other wood polymers play a key role in any utilization aspect. The recalcitrance to 
saccharification is a major limitation for conversion of lignocellulosic biomass to ethanol, 
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which is mainly due to the lignin content and composition. Therefore improving feedstocks 
for both animal consumption and for starting material for bioethanol production is 
proposed through breeding and genetic engineering of lignin. High throughput methods to 
characterize plant cell walls have become more and more important in order to follow the 
native variability as well as engineered changes. Both, FT-IR and Raman spectroscopy have 
given important insights into plant cell wall polymers during the last years. While Raman 
has the advantage of higher spatial resolution (<0.5 µm) to reveal changes on the cell wall 
layer level and the possibility of investigating the samples in the wet state, FT-IR is more 
sensitive to the functional group of hemicelluloses. 
The examples of poplar tension wood and Brachypodium have shown the potential of Raman 
imaging to get a detailed view on the molecular structure on the micron level. 
Distinguishing cell wall types based on their chemistry gives an overview of the tissue 
composition. Furthermore extracting the underlying Raman spectra for detailed analysis can 
elucidate specific insights into the molecular structure and composition. The position 
resolved micro-resolution opens up new ways for understanding biosynthesis (especially 
lignification) as gradients in developing tissues can be followed cell by cell and cellular 
components investigated together with the cell wall itself. Different performance and 
reactions upon treatment can be resolved on the cell wall level and so-called in-situ 
approaches, watching directly the effect of treatment, will help to understand the 
performance (e.g. recalcitrance) of plant cell walls.  
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Lignocellulosic biomass including wood, logging residue, crops and agricultural wastes) has 
been widely utilized to produce energy, fuels or chemicals, acting as the potential renewable 
source for taking place of fossil energies (such as coal, natural gas and petroleum) [1]. 
Pyrolysis is proved to be, one of the most promising methods to convert biomass into 
different products (syn-gas, bio-liquid, char and chemicals), which could essentially 
diversify the energy-supply in many situations [2].  
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Cellulose, the most principal chemical component in different lignocellulosic biomass 
(accounting for more than 50% by weight), has a linear homopolymer of glucopyranose 
residues linked by β-1, 4- glycosidic bond. The study on pyrolysis of cellulose would be 
particularly benificial for achieving the better understanding of the pyrolytic mechanism of 
biomass and facilitating its direct applications in terms of fuels, chemicals and bio-materials. 
This gives rise to substantial studies on pyrolysis of cellulose in lignocellulosic biomass 
during the past half-century (Fig. 1), which could be categorized into the three following 
fundamental issues (Fig. 1): 
1. The physico-chemical structure analysis of biomass is concerning the morphological 
analysis of the biomass cell-wall structure, the distribution and configuration of 
cellulose, which would facilitate not only the direct utilization of biomass as bio-material, 
but also the improvement of conversion processes of biomass to fuels or chemicals;  
2. The thermal behavior of cellulose involving on-line pyrolysis and off-line pyrolysis 
study. The on-line pyrolysis is concentrated on the solid mass loss versus temperature 
or time (along with the evolution of the volatiles) and kinetic models, mostly employing 
isothermal and dynamic thermo-gravimetry analysis coupled with or without Fourier 
Transformation Infrared Spectrometry (FTIR) or Mass spectrometry (MS); The off-line 
pyrolysis study is to examine the yield of the main products (gas, liquid and solid), 
variation of the compositions in gaseous or liquid product influenced by the intrinsic 
characteristics and experimental conditions, in order to optimize the pyrolysis process 
for energy and/or chemicals production;  
3. The interactions among the three main components under the pyrolytic condition is to 
introduce the possible interacting mechanism of the components in biomass, in terms of 
the mass loss process, the evolution of the volatiles and the yield of the specific 
products. This would help to improve the understanding of pyrolysis of whole biomass 
system from the pyrolytic behavior of the individual components.  
The studies of pyrolysis of cellulose concerning the above four fundamental issues would be 
vigorously discussed in this work (especially for the works reported during the past 25 
years), where the way-forward of this field would also be specified. This would supply the 
conceptual guide for the improvement of cellulose utilization and optimization of the 
thermal-conversion process of biomass. 
2. The cell-wall structure of biomass and the configuration of cellulose 
The morphological structure of lignocellulosic biomass has been studied regarding the 
distribution and inter-linkages of the chemical components, and their configuration [3, 4]. 
This facilitates not only the better understanding of the physico-chemical properties of 
biomass, but also the improvement of conversion processes (such as pyrolysis) of biomass to 
fuels or chemicals.  
With the growing interest on lignocellulosic biomass as a potential substituent for fossil 
fuels, the pyrolysis of biomass should be dramatically examined. Consequently, the cell-wall 
model of lignocellulosic biomass, the distribution of the chemical components (especially 
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cellulose), and the configuration of cellulose would be discussed in the following sections, 
which would help understand the remarkable characteristics of cellulose pyrolysis and its 
interactions with the other two main components (hemicellulose and lignin). 
2.1. The cell-wall structure of biomass 
The model of the cell-wall of woody biomass, firstly proposed by Fengel and Wegener [3], is 
well-established and further developed by Dumitriu [5], involving cell-wall structure and 
the distribution of the chemical components in different cell wall layers.  
The cell wall could be morphologically divided into three distinct zones: middle lamella, 
primary cell wall and secondary wall [5]. The middle lamella is shared by two contiguous 
cells and is composed almost entirely of pectic substances. The primary cell walls are 
composed of cellulose microfibrils and interpenetrating matrix of hemicelluloses, pectins, 
and proteins. Cellulose forms the framework of the cell walls, hemicelluloses cross-link 
noncellulosic and cellulosic polymers, and pectins provide the structural support to the cell 
wall. The secondary cell walls are derived from the primary walls by thickening and 
inclusion of lignin into the cell wall matrix and occur inside the primary wall. The transition 
from primary to secondary cell wall synthesis is marked by the cessation of pectin 
deposition and a noted increase in the synthesis and deposition of cellulose/hemicellulose 
and lignin. The cellulose and non-cellulosic polysaccharides of the secondary cell wall are 
qualitatively distinct from those found in the primary cell walls.  
The relevant study [6] evidenced that if cellulose is deposited actively between S1 and S3 
developmental stages (especially in the middle part of S2 stage), hemicellulose (xylan) 
deposition occurs in the S1 to early S2 and again in the S3 developmental layers. Successive 
deposition of hemicellulose (xylan) onto the cell wall increases the microfibril diameter. The 
large amounts of hemicellulose (xylan) that accumulated on microfibrils appear globular but 
are covered with lignin after they are deposited. The information about the distribution of 
the main components (hemicellulose, cellulose and lignin) in the cell wall layers of 
lignocellulosic biomass is quantitatively reported in the literature [7].  
 
Figure 2. The schematic representation of the proposed cell wall along with the location of the main 
components in biomass 
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fuels, the pyrolysis of biomass should be dramatically examined. Consequently, the cell-wall 
model of lignocellulosic biomass, the distribution of the chemical components (especially 
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cellulose), and the configuration of cellulose would be discussed in the following sections, 
which would help understand the remarkable characteristics of cellulose pyrolysis and its 
interactions with the other two main components (hemicellulose and lignin). 
2.1. The cell-wall structure of biomass 
The model of the cell-wall of woody biomass, firstly proposed by Fengel and Wegener [3], is 
well-established and further developed by Dumitriu [5], involving cell-wall structure and 
the distribution of the chemical components in different cell wall layers.  
The cell wall could be morphologically divided into three distinct zones: middle lamella, 
primary cell wall and secondary wall [5]. The middle lamella is shared by two contiguous 
cells and is composed almost entirely of pectic substances. The primary cell walls are 
composed of cellulose microfibrils and interpenetrating matrix of hemicelluloses, pectins, 
and proteins. Cellulose forms the framework of the cell walls, hemicelluloses cross-link 
noncellulosic and cellulosic polymers, and pectins provide the structural support to the cell 
wall. The secondary cell walls are derived from the primary walls by thickening and 
inclusion of lignin into the cell wall matrix and occur inside the primary wall. The transition 
from primary to secondary cell wall synthesis is marked by the cessation of pectin 
deposition and a noted increase in the synthesis and deposition of cellulose/hemicellulose 
and lignin. The cellulose and non-cellulosic polysaccharides of the secondary cell wall are 
qualitatively distinct from those found in the primary cell walls.  
The relevant study [6] evidenced that if cellulose is deposited actively between S1 and S3 
developmental stages (especially in the middle part of S2 stage), hemicellulose (xylan) 
deposition occurs in the S1 to early S2 and again in the S3 developmental layers. Successive 
deposition of hemicellulose (xylan) onto the cell wall increases the microfibril diameter. The 
large amounts of hemicellulose (xylan) that accumulated on microfibrils appear globular but 
are covered with lignin after they are deposited. The information about the distribution of 
the main components (hemicellulose, cellulose and lignin) in the cell wall layers of 
lignocellulosic biomass is quantitatively reported in the literature [7].  
 
Figure 2. The schematic representation of the proposed cell wall along with the location of the main 
components in biomass 
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According to the above discussion, a simplified schematics for the structure of plant cell 
wall is presented in Fig. 2, where the morphological relationship among the main 
components in biomass (cellulose, hemicellulose and lignin) is clearly specified. It still needs 
to be notified that the details concerning the inter-linking/bond relationship (such as the H-
bond among the polysaccharide molecules and lignin-carbohydrate coalescence) between 
the chemical components in the cell walls of wood are not well examined in the literature.  
2.2. The configuration of cellulose 
As far as the chemical components of biomass were concerned, a distinction should be made 
between the main macromolecular cell-wall components--cellulose, hemicellulose (polyoses) 
and lignin [3]. Cellulose is a uniform component in all lignocellulosic biomass, while the 
proportions and chemical composition of lignin and hemicellulose differ in different 
biomass. The configuration of cellulose in lignocellulosic biomass would be discussed, with 
regard to its content, isolation methods, the characterization of the macromolecules and the 
inter-linkages among the units. 
Cellulose is the prominent chemical component in lignocellulosic biomass, accounting for 
approximately 50% by weight. The methods for isolating and/or determining cellulose from 
biomass could be summarized as [3]: 
1. Separation of the main portions of hemicellulose and residual lignin from cellulose; 
2. Direct isolation of cellulose from lignocellulosic biomass, including purification 
procedures (such as pulping process); 
3. Determination of the approximate cellulose content by total hydrolysis of biomass, 
cellulose with subsequent determination of the resulting sugars.  
In any isolation method cellulose cannot be obtained in a pure state, thus the purification 
always plays an important role in the cellulose isolation process. Through the relevant 
methylation experimental studies [3, 5], the primary structure of cellulose is evidenced as a 
linearhomopolymer of glucose having the D configuration and connected by β-(1-4) 
glycosidic linkages (Fig. 3). It could be found that the units of the cellulose molecular chain 
are bound by β-(1-4) glycosidic linkages, presenting that the adjacent glucose units are 
linked by dehydration between their hydroxylic groups at carbon 1 and carbon 4. The β-
position of the OH-group at C1 needs a turning of the following glucose unit around the C1-
C4 axis of the pyranose ring.  
 
Figure 3. The central part (cellubiose unit) of cellulose molecular chain with the reducing and non-
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The stabilization of the long cellulose molecular chains in order systems originates in the 
presence of functional groups which are able to interact with each other. The functional 
groups of the cellulose chains are the hydroxyl groups, three of which are linked to each 
glucopyranose unit. These OH-groups are not only responsible for the supramolecular 
structure by also for the chemical and physical behavior of the cellulose through the 
hydrogen bond (H-bond). The OH-groups of cellulose molecules are able to form two types 
of hydrogen bonds depending on their site at the glucose unit [3]. The hydrogen bonds 
between OH-groups of adjacent glucose units in the same cellulose chain are called 
intramolecular linkages, which give certain stiffness to the single chain. The hydrogen bonds 
between OH-groups of the adjacent cellulose chains are called intermolecular linkages, 
which are responsible for the formation of supramolecular structures. The primary 
structures, consisting of a number of cellulose chains through the hydrogen bonds in a 
superhelicoidal fashion, are the cellulose microfibrils, which build up the framework of the 
whole cell walls [5]. 
Two chain ends of the cellulose chain are chemically different (Fig. 3). One end has a D-
glucopyranose unit in which anomeric carbon atom is involved in a glycosidic linkage, 
whereas the other end has a D-glucopyranose unit in which the anomeric carbon atom is 
free. This cyclic hemiacetal function is in an equilibrium in which a small proportion is an 
aldehyde, which gives rise to reducing properties at this end of the chain, so that the 
cellulose chain has a chemical polarity, while the OH-group at the C4 end of the cellulose 
chain is an alcoholic hydroxyl and therefore non-reducing. The molecular weight of 
cellulose varies widely depending on the origin of the sample. As cellulose is a linear 
polymer with uniform units and bonds the size of the chain molecule is usually defined as 
degree of polymerization (DP). The degrees of polymerization of the plant-cellulose as well 
as the technical cellulose products are estimated from 15300 for capsules to 305 for rayon 
fibers [5].  
3. The thermal behavior of cellulose 
3.1. On-line pyrolysis of cellulose 
The thermogravimetric (TG) analysis method, either dynamic heating process or isothermal 
heating process, is well-established for on-line pyrolysis of biomass and its components 
(cellulose, hemicellulose and lignin). The mass loss of the solid sample could be exactly 
recorded versus temperature/time. The chemical kinetic models for the biomass and its 
components are proposed from the analysis of the different mass loss stages and validated 
through the correlation between the predicted data and the experimental mass loss curve. 
Since the specific chemical phenomena and the prediction of the volatile yields are rarely 
referred in those models, TGA coupled with FTIR, GC, MS or other advanced analytical 
equipments is recently employed to investigate the evolution of the volatile along during 
the pyrolysis process. This facilitates the understanding of the possible chemical reactions 
for depolymerization of the macromolecules and the secondary cracking of the primary 
fragments. The development of the kinetics of cellulose pyrolysis would be systematically 
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According to the above discussion, a simplified schematics for the structure of plant cell 
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The stabilization of the long cellulose molecular chains in order systems originates in the 
presence of functional groups which are able to interact with each other. The functional 
groups of the cellulose chains are the hydroxyl groups, three of which are linked to each 
glucopyranose unit. These OH-groups are not only responsible for the supramolecular 
structure by also for the chemical and physical behavior of the cellulose through the 
hydrogen bond (H-bond). The OH-groups of cellulose molecules are able to form two types 
of hydrogen bonds depending on their site at the glucose unit [3]. The hydrogen bonds 
between OH-groups of adjacent glucose units in the same cellulose chain are called 
intramolecular linkages, which give certain stiffness to the single chain. The hydrogen bonds 
between OH-groups of the adjacent cellulose chains are called intermolecular linkages, 
which are responsible for the formation of supramolecular structures. The primary 
structures, consisting of a number of cellulose chains through the hydrogen bonds in a 
superhelicoidal fashion, are the cellulose microfibrils, which build up the framework of the 
whole cell walls [5]. 
Two chain ends of the cellulose chain are chemically different (Fig. 3). One end has a D-
glucopyranose unit in which anomeric carbon atom is involved in a glycosidic linkage, 
whereas the other end has a D-glucopyranose unit in which the anomeric carbon atom is 
free. This cyclic hemiacetal function is in an equilibrium in which a small proportion is an 
aldehyde, which gives rise to reducing properties at this end of the chain, so that the 
cellulose chain has a chemical polarity, while the OH-group at the C4 end of the cellulose 
chain is an alcoholic hydroxyl and therefore non-reducing. The molecular weight of 
cellulose varies widely depending on the origin of the sample. As cellulose is a linear 
polymer with uniform units and bonds the size of the chain molecule is usually defined as 
degree of polymerization (DP). The degrees of polymerization of the plant-cellulose as well 
as the technical cellulose products are estimated from 15300 for capsules to 305 for rayon 
fibers [5].  
3. The thermal behavior of cellulose 
3.1. On-line pyrolysis of cellulose 
The thermogravimetric (TG) analysis method, either dynamic heating process or isothermal 
heating process, is well-established for on-line pyrolysis of biomass and its components 
(cellulose, hemicellulose and lignin). The mass loss of the solid sample could be exactly 
recorded versus temperature/time. The chemical kinetic models for the biomass and its 
components are proposed from the analysis of the different mass loss stages and validated 
through the correlation between the predicted data and the experimental mass loss curve. 
Since the specific chemical phenomena and the prediction of the volatile yields are rarely 
referred in those models, TGA coupled with FTIR, GC, MS or other advanced analytical 
equipments is recently employed to investigate the evolution of the volatile along during 
the pyrolysis process. This facilitates the understanding of the possible chemical reactions 
for depolymerization of the macromolecules and the secondary cracking of the primary 
fragments. The development of the kinetics of cellulose pyrolysis would be systematically 
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overviewed, involving most of recent studies implemented by other groups led by Piskorz, 
Di Blasi, Banyaz, Agrawal, Wooten, Hosoya and so on. Several controversial points 
addressed in previous studies would be intensively discussed, concerning the existence of 
the intermediate anhydrosugars, secondary cracking of the volatiles and the formation of 
char residue.  
Historically, it was perhaps that Broido’ s group firstly called attention to the intriguing 
phenomena of cellulose pyrolysis and proposed the established kinetic scheme in 1960s [25, 
26]. As described in Scheme 1 (Fig. 4) [26, 27], the decomposition of cellulose can be 
represented through two competing reactions: the first step is estimated to be important at 
low temperatures and slow heating rates, accounting for the slight endothermic formation of 
anhydrocellulose below 280 oC detected by DTA. At about 280 oC a competitive, more 
endothermic unzipping reaction is initiated for the remained cellulose, leading to the tar 
formation. The third step presents the exothermic decomposition of anhydrocellulose to 
char and gas.  
 
Figure 4. The kinetic model for cellulose pyrolysis proposed by Broido and Weinstein (1971) [27] 
This Broido’ s kinetic scheme is re-examined by Argawal [13], revealing that the rates of 
anhydrocellulose formation are comparable to those of the depolymerization process only in 
one case for temperatures of ~ 270 oC in the isothermal, fixed-bed conditions. Then, the 
mechanism is approved through the isothermal, fluid-bed experiments in the temperature 
range 250-300 oC, providing a complete set of kinetic data for the Broido model [13]. It is 
worthily noting that the formation of the anhydrocellulose as an intermediate product is 
undetectable in the experiments, and no kinetic data for the char forming reaction are 
reported in the above publications. These ambiguities stimulated the global researchers’ 
interests in the kinetic studies of cellulose pyrolysis, resulting in a vigorous debate in the 
following years.  
 
Figure 5. The kinetic model for cellulose pyrolysis proposed by Broido and Nelson (1975) [10] 
In 1975, Broido and Nelson examined the effect of thermal pretreatments at 230-275 oC on 
the cellulose char yields varying from 13% (no thermal pretreatment) to over 27% [10]. They 
employed the large samples of cellulose (100 mg of shredded cellulose, and 7 cm × 3 cm 
sheets, individually wrapped several layers deep around a glass rod), which might incur the 
char formation from solid-vapor interactions during the prolonged thermal pretreatment. 
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2 (Fig. 5), eliminating the formation of the anhydrocellulose as an intermediate product. The 
Scheme 3 (Fig. 6) is slightly different from those proposed by Broido and the co-workers but 
largely confirms the previous findings, which is even titled as “Broido-Shafizadeh model” in 
somewhere [23, 30-32]. At the low temperatures (259-295 oC), the initiation period 
(characterized by an accelerating rate of weight loss [33]) has been explained as a formation 
of “active cellulose” through the depolymerization process (reduction of the DP) with the 
activation energy of 242.8 kJ/mol. Then, the “active cellulose” undergoes the two 
competitive reactions to produce either char and gas (activation energy 153.1 kJ/mol) or 
primary volatiles (197.9 kJ/mol). At high temperatures (above 295 oC), no initial period of 
accelerating rate of weight loss was observed in Shafizadeh’s study [29]. Thus cellulose 
degradation mechanism was described simply via two competitive first-order reactions, 
where the formation of “active cellulose” is eliminated from Scheme 3. This mechanism is 
then confirmed by Antal and Varhegyi’ TGA study of cellulose pyrolysis with the heating 
rate of 40 K/min, attaining the activation energy for the formation of volatiles as 238 kJ/mol 
and 148 kJ/mol for the formation of char and gas [14].  
 
Figure 6. The kinetic model for cellulose pyrolysis proposed by Bradbury et al. (1979) [29] 
The argument between Antal-Varhegyi and Broido-Shafezadeh is remarkable, concerning 
the existence of “active cellulose” during the pyrolysis of cellulose. Antal and Varhegyi 
presented that no evidence was found to support the inclusion of the initiation step 
displayed in the Scheme 5 (titled as “Broido-Schafezadeh model”), whatever this step 
proceeded at an immeasurably high rate at conditions of interests, or it does not exist [23].  
In 2002, Lede et al. directly observed a transient “intermediate liquid compound” in small 
pellets of cellulose that had been heated by radiant flash pyrolysis in an imaging furnace, 
which is characterized by HPLC/MS and found to be composed predominantly of anhydro-
oligosaccharides (such as levoglucosan, cellobiosan and cellotriosan) [41]. In the slow 
heating experiments of cellulose, Wooten [32] revealed that intermediate cellulose (IC) is an 
ephemeral component that appears and ten disappears over the course of 60 min of heating 
at 300 oC, while the rapid disappearance of IC in samples that have been heated at only a 
slightly higher temperature (i.e., 325 oC) further demonstrates the transient nature of IC. 
This behavior clearly identifies the compound(s) as a reaction intermediate, and the authors 
correspondingly associated this intermediate compound with the “active cellulose” in the 
Broido and Shafezadeh kinetic models (Scheme 3) [28, 29]. Thus, some recent researchers 
have attained the formation of “active cellulose” as an intermediate during cellulose 
pyrolysis, as presented in Scheme 4 (Fig. 7) [12, 42]  
Previously, Bradbury et al. [29] and Antal [23] suggested that char formation might result 
from the repolymerization of volatile materials such as levoglucosan. This phenomenon is 
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overviewed, involving most of recent studies implemented by other groups led by Piskorz, 
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2 (Fig. 5), eliminating the formation of the anhydrocellulose as an intermediate product. The 
Scheme 3 (Fig. 6) is slightly different from those proposed by Broido and the co-workers but 
largely confirms the previous findings, which is even titled as “Broido-Shafizadeh model” in 
somewhere [23, 30-32]. At the low temperatures (259-295 oC), the initiation period 
(characterized by an accelerating rate of weight loss [33]) has been explained as a formation 
of “active cellulose” through the depolymerization process (reduction of the DP) with the 
activation energy of 242.8 kJ/mol. Then, the “active cellulose” undergoes the two 
competitive reactions to produce either char and gas (activation energy 153.1 kJ/mol) or 
primary volatiles (197.9 kJ/mol). At high temperatures (above 295 oC), no initial period of 
accelerating rate of weight loss was observed in Shafizadeh’s study [29]. Thus cellulose 
degradation mechanism was described simply via two competitive first-order reactions, 
where the formation of “active cellulose” is eliminated from Scheme 3. This mechanism is 
then confirmed by Antal and Varhegyi’ TGA study of cellulose pyrolysis with the heating 
rate of 40 K/min, attaining the activation energy for the formation of volatiles as 238 kJ/mol 
and 148 kJ/mol for the formation of char and gas [14].  
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presented that no evidence was found to support the inclusion of the initiation step 
displayed in the Scheme 5 (titled as “Broido-Schafezadeh model”), whatever this step 
proceeded at an immeasurably high rate at conditions of interests, or it does not exist [23].  
In 2002, Lede et al. directly observed a transient “intermediate liquid compound” in small 
pellets of cellulose that had been heated by radiant flash pyrolysis in an imaging furnace, 
which is characterized by HPLC/MS and found to be composed predominantly of anhydro-
oligosaccharides (such as levoglucosan, cellobiosan and cellotriosan) [41]. In the slow 
heating experiments of cellulose, Wooten [32] revealed that intermediate cellulose (IC) is an 
ephemeral component that appears and ten disappears over the course of 60 min of heating 
at 300 oC, while the rapid disappearance of IC in samples that have been heated at only a 
slightly higher temperature (i.e., 325 oC) further demonstrates the transient nature of IC. 
This behavior clearly identifies the compound(s) as a reaction intermediate, and the authors 
correspondingly associated this intermediate compound with the “active cellulose” in the 
Broido and Shafezadeh kinetic models (Scheme 3) [28, 29]. Thus, some recent researchers 
have attained the formation of “active cellulose” as an intermediate during cellulose 
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Figure 7. The kinetic model for cellulose pyrolysis proposed by Diebold (1994) [39] and similarly 
proposed by Wooten et al. (2004) [32] 
the repolymerization of anhydrosugars (levoglucosan). The experimental data from the 
Wooten et al.’s study [32] shows that a precursor-product relationship does exist between 
intermediate cellulose (“active cellulose”) and the aliphatic and aromatic components of the 
char.  
Nowadays, it might be not difficult to evidence the existence of “active cellulose” or other 
important (intermediate) products with the help of the advanced analytical equipments, but 
the chemical reaction mechanism for cellulose pyrolysis is still ambiguous and controversial. 
One of the possible routes to improve the understanding of the structure changes of 
cellulose molecules and formation of the specific products is to employ the study of thermal 
decomposition of the relevant derivatives, together with the molecular dynamic simulation 
(MDS) which is well-established for estimating the specific chemical pathways from the 
microscopic point of view. Moreover, the identification of intermolecular hydrogen bonding 
and that between the different molecular chains would be another uncertainty for 
understanding the pyrolytic behavior of cellulose, especially for the initial stage of the 
cellulose pyrolysis.  
3.2. Off-line pyrolysis of cellulose 
Compared to the on-line pyrolysis study of cellulose, the off-line pyrolysis of cellulose is 
mostly carried out under the relatively high temperature (above 400 oC) or high heating rate 
(more than or around 1000 oC/s) [12, 32, 36, 40, 44-48] and sometimes under low temperature 
heating (below 400 oC) [49, 50], concerning the following issues: 1) the distributions of the 
gas, liquid and solid products; 2) the formation of the specific compounds and the pyrolytic 
chemical pathways. How these two issues may be influenced by the pyrolytic reactors and 
the variables like temperature, residence time, heating rate, pressure, particle size, catalytic 
salts and crystallinity is extensively examined in the literature, in order to promote the 
product specificity, maximize the yield and improve the understanding of the pyrolytic 
mechanism. 
In this work, the emphasis is on the effects of the predominant factors such as the reactor 
type, temperature or heating rate, residence time on the distributions of the products (gas, 
liquid and solid) from cellulose pyrolysis. Considering the complexity of chemical 
constituents in gas and liquid products, the attention would be confined to those few 
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levoglucosan, hydroxyacetaldehyde, furfural, CO, CO2 and so on), in order to meet the 
interests in potential industrial applications.  
 
Reactor Liquid yield 
wt% 
Feed size Input gas Complexity Scale-up Status* 
Fluidized bed 75 Small High Medium Easy Demo 
CFB 75 Medium High High Easy Pilot 
Entrained gas flow 65 Small High High Easy Lab 
Vaccum 60 Large Low High Hard Demo 
Rotating cone 65 Very small Low High Hard Pilot 
Ablative 75 Large Low High Hard Lab 
Auger 65 Small Low Low Easy 
*: Demo scale is estimated to be 200-2000 kg/h, pilot scale is 20-200 kg/h and lab scale is <20 kg/h. 
Table 1. The characteristics of the fast (off-line) pyrolysis reactors of biomass [51] 
3.2.1. The distributions of gas, liquid and solid products 
Regarding the commercialization of the pyrolytic technology for bio-energy conversion, the 
designed pyrolytic reactor involving the variation of the operating parameters (temperature, 
residence time, pressure and so on) has remarkable effects on the threshold of the specific 
product yield and the operating cost of the process [52-55]. Most of the reactors for the fast 
(off-line) pyrolysis of biomass to produce bio-oil or fuel gases is summarized by 
Bridgewater [51], estimated in terms of product yield, feed size, input gas, complexity and 
so on (Table 1). It is approved that the fluidized bed reactor is determined to be one of the 
promising technologies for biomass thermal conversion due to the high-efficient heat 
transfer and ease of scale-up, which has potential for commercial practice [56-60]. 
Microwave pyrolysis, termed as a novel thermo-chemical technology for converting biomass 
to solid, liquid and gas fuels, is of growing interests with thanks to its low requirement on 
energy input during the process, flexibility of the feedstock size and high quality of 
products (low oxygen content in char and bio-oil). The yield of the products from cellulose 
through different pyrolysis reactors would be intensively discussed, with regard to the 
effect of operating conditions such as temperature, residence time and condensing patterns. 
3.2.1.1. Pyrolysis in fluidized-bed reactor 
The outstanding contribution on study of cellulose pyrolysis in the fluidized bed reactor 
was made by the research group led by Scott and Piskorz in the University of Waterloo in 
Canada [12, 17, 42, 46, 61-63]. A bench scale atmospheric pressure fluidized bed unit using 
sand as the fluidized solid with the feeding rate of 30 g/h of biomass was designed to 
investigate the yield of liquid product at different temperatures in an inert nitrogen 
atmosphere with an apparent vapor residence time of approximately 0.5 s [62]. Piskorz [12] 
reported the pyrolytic behavior of the two types of cellulose (S&S powdered cellulose with 
ash content of 0.22% and Baker TLC microcrystalline cellulose with ash content of 0.04%) in 
 
Cellulose – Biomass Conversion 200 
 
Figure 7. The kinetic model for cellulose pyrolysis proposed by Diebold (1994) [39] and similarly 
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the repolymerization of anhydrosugars (levoglucosan). The experimental data from the 
Wooten et al.’s study [32] shows that a precursor-product relationship does exist between 
intermediate cellulose (“active cellulose”) and the aliphatic and aromatic components of the 
char.  
Nowadays, it might be not difficult to evidence the existence of “active cellulose” or other 
important (intermediate) products with the help of the advanced analytical equipments, but 
the chemical reaction mechanism for cellulose pyrolysis is still ambiguous and controversial. 
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decomposition of the relevant derivatives, together with the molecular dynamic simulation 
(MDS) which is well-established for estimating the specific chemical pathways from the 
microscopic point of view. Moreover, the identification of intermolecular hydrogen bonding 
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understanding the pyrolytic behavior of cellulose, especially for the initial stage of the 
cellulose pyrolysis.  
3.2. Off-line pyrolysis of cellulose 
Compared to the on-line pyrolysis study of cellulose, the off-line pyrolysis of cellulose is 
mostly carried out under the relatively high temperature (above 400 oC) or high heating rate 
(more than or around 1000 oC/s) [12, 32, 36, 40, 44-48] and sometimes under low temperature 
heating (below 400 oC) [49, 50], concerning the following issues: 1) the distributions of the 
gas, liquid and solid products; 2) the formation of the specific compounds and the pyrolytic 
chemical pathways. How these two issues may be influenced by the pyrolytic reactors and 
the variables like temperature, residence time, heating rate, pressure, particle size, catalytic 
salts and crystallinity is extensively examined in the literature, in order to promote the 
product specificity, maximize the yield and improve the understanding of the pyrolytic 
mechanism. 
In this work, the emphasis is on the effects of the predominant factors such as the reactor 
type, temperature or heating rate, residence time on the distributions of the products (gas, 
liquid and solid) from cellulose pyrolysis. Considering the complexity of chemical 
constituents in gas and liquid products, the attention would be confined to those few 
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levoglucosan, hydroxyacetaldehyde, furfural, CO, CO2 and so on), in order to meet the 
interests in potential industrial applications.  
 
Reactor Liquid yield 
wt% 
Feed size Input gas Complexity Scale-up Status* 
Fluidized bed 75 Small High Medium Easy Demo 
CFB 75 Medium High High Easy Pilot 
Entrained gas flow 65 Small High High Easy Lab 
Vaccum 60 Large Low High Hard Demo 
Rotating cone 65 Very small Low High Hard Pilot 
Ablative 75 Large Low High Hard Lab 
Auger 65 Small Low Low Easy 
*: Demo scale is estimated to be 200-2000 kg/h, pilot scale is 20-200 kg/h and lab scale is <20 kg/h. 
Table 1. The characteristics of the fast (off-line) pyrolysis reactors of biomass [51] 
3.2.1. The distributions of gas, liquid and solid products 
Regarding the commercialization of the pyrolytic technology for bio-energy conversion, the 
designed pyrolytic reactor involving the variation of the operating parameters (temperature, 
residence time, pressure and so on) has remarkable effects on the threshold of the specific 
product yield and the operating cost of the process [52-55]. Most of the reactors for the fast 
(off-line) pyrolysis of biomass to produce bio-oil or fuel gases is summarized by 
Bridgewater [51], estimated in terms of product yield, feed size, input gas, complexity and 
so on (Table 1). It is approved that the fluidized bed reactor is determined to be one of the 
promising technologies for biomass thermal conversion due to the high-efficient heat 
transfer and ease of scale-up, which has potential for commercial practice [56-60]. 
Microwave pyrolysis, termed as a novel thermo-chemical technology for converting biomass 
to solid, liquid and gas fuels, is of growing interests with thanks to its low requirement on 
energy input during the process, flexibility of the feedstock size and high quality of 
products (low oxygen content in char and bio-oil). The yield of the products from cellulose 
through different pyrolysis reactors would be intensively discussed, with regard to the 
effect of operating conditions such as temperature, residence time and condensing patterns. 
3.2.1.1. Pyrolysis in fluidized-bed reactor 
The outstanding contribution on study of cellulose pyrolysis in the fluidized bed reactor 
was made by the research group led by Scott and Piskorz in the University of Waterloo in 
Canada [12, 17, 42, 46, 61-63]. A bench scale atmospheric pressure fluidized bed unit using 
sand as the fluidized solid with the feeding rate of 30 g/h of biomass was designed to 
investigate the yield of liquid product at different temperatures in an inert nitrogen 
atmosphere with an apparent vapor residence time of approximately 0.5 s [62]. Piskorz [12] 
reported the pyrolytic behavior of the two types of cellulose (S&S powdered cellulose with 
ash content of 0.22% and Baker TLC microcrystalline cellulose with ash content of 0.04%) in 
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the fluidized bed reactor, giving the distribution of the gas, liquid and solid products at the 
temperature from 450 to 550 oC summarized in Table 2. The yield of organic products in the 
liquid phase (except water) from the S&S powdered cellulose ranges from 58.58% to 67.81% 
of the moisture and ash free feed at the temperature from 450 to 550 oC, reaching the 
maximum at 500 oC. Comparatively, the yield of organic products from the Baker TLC 
microcrystalline cellulose at 500 oC is determined to be 90.1%. Moreover, the yield of char 
for S&S powdered cellulose at 500 oC is 3.4%, compared to 1.0% for Baker TLC 
microcrystalline cellulose.  
These results confirms that the larger amount of the inorganic salts in the ash content 
promotes the formation of the condensed structure through the catalytic effects, inhibiting 
the cracking of the macromolecules and enhancing the yield of solid product [21, 30, 31, 34, 
46, 64]. Several years later, the pyrolysis of the two further types of cellulose (commercial 
SS-144 crystalline cellulose and Avicel pH-102 crystalline cellulose) were also studied in the 
fluidized bed by Piskorz’s co-worker (Radlein, et al.) [46], presenting the yield of the 
products in Table 2. The temperature 500 oC, regarded as the optimal condition for 
producing bio-oil from cellulose in the fluidized bed reactor, gives the yield of organic 
products of 72.5% for commercial SS-144 crystalline cellulose and 83.5% for Avicel pH-102 
crystalline cellulose. The difference should also be attributed to the catalytic effect of 
inorganic salts in the ash, since the yield of char for commercial SS-144 crystalline cellulose 
is 5.4% compared to 1.3% for Avicel pH-102 crystalline cellulose.  
Recently, Aho [47] conducted the pyrolysis of softwood carbohydrates under the nitrogen 
atmosphere in a batch-operating fluidized bed reactor, where the quartz sand was used as 
bed material and the load of the raw material is approximately 10 g. All sand was kept in 
the reactor by a net at the upper part of the reactor. The evolved vapors were cooled in the 
four consecutive coolers with the set point of -20 oC, while between the third and fourth 
cooler the vapors were passed through a water quench with the pH value of 3 for avoiding 
the absorption of CO2. The furnace temperature was kept at 490 oC until the release of non-
condensable gases stopped, while the temperature in the reactor is about 460 oC. The vapor 
residence time was estimated to be less than 1.5 s based on the height of the reactor and the 
actual fluidizing gas velocity. The distribution of the products from cellulose 
(microcrystalline cellulose powder) is shown in Table 2, giving the low yield of organic 
products of 23.1% and high yield of char as 20.1%. The condensation of the vapors was 
estimated to be insufficient, while the values for gases and char can be considered reliable. It 
should be mentioned that the mass balance of the experiment could not be satisfactorily 
completed, due to its current reactor set-up (especially the vapor-cooling and liquid-
precipitating system). A similar batch-operating fluidized bed reactor was designed by Shen 
and Gu, in order to study the fast pyrolysis of biomass and its components with the 
variation of temperature and vapor residence time under inert atmosphere [21, 65, 66]. No 
bed material was applied and the load of the raw material is about 5 g. The solid product 
was captured by the carbon filter, while the evolved hot vapors were cooled through the 
two U-tubes immersed in ice-water mixture (0 oC) and dry ice-acetone (-30 oC), respectively. 
The distribution of the products from the pyrolysis of microcrystalline cellulose at 
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temperatures between 420 and 730 oC with a residence time from 0.44 to 1.32 s is given in 
Table 2. It is estimated that the yield of liquid product reaches its maximum of 72.2% at the 
temperature of 580 oC with the residence time of 0.44 s. The higher temperature and long 
residence time promotes the decomposition of the macromolecules and cracking of the 
volatile, enhancing the yield of gases and reducing the solid product [21].  
3.2.1.2. Pyrolysis in entrained-bed reactor 
Graham [69] designed a complicated entrained bed reactor to investigate the fast pyrolysis 
of cellulose, which had a similar or even higher heating rate than that of fluidized bed. The 
rapid heat transfer and thorough mixing between the particulate solids and feed are 
accomplished in two vertical gas-solids contactors: Thermovortactor and Cryovortactor. The 
biomass or other carbonaceous fuel is rapidly mixed with the hot particulate solids in 
Thermovortactor. The suspension passed through a downdraft entrained-bed (fluidized) 
reactor allowing the individual setting of temperatures, and then was quenched by the cold  
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the furnace is 5 atm;4: including solid product (char); 
Table 2. The summary of the studies on fast (off-line) pyrolysis of cellulose 
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the fluidized bed reactor, giving the distribution of the gas, liquid and solid products at the 
temperature from 450 to 550 oC summarized in Table 2. The yield of organic products in the 
liquid phase (except water) from the S&S powdered cellulose ranges from 58.58% to 67.81% 
of the moisture and ash free feed at the temperature from 450 to 550 oC, reaching the 
maximum at 500 oC. Comparatively, the yield of organic products from the Baker TLC 
microcrystalline cellulose at 500 oC is determined to be 90.1%. Moreover, the yield of char 
for S&S powdered cellulose at 500 oC is 3.4%, compared to 1.0% for Baker TLC 
microcrystalline cellulose.  
These results confirms that the larger amount of the inorganic salts in the ash content 
promotes the formation of the condensed structure through the catalytic effects, inhibiting 
the cracking of the macromolecules and enhancing the yield of solid product [21, 30, 31, 34, 
46, 64]. Several years later, the pyrolysis of the two further types of cellulose (commercial 
SS-144 crystalline cellulose and Avicel pH-102 crystalline cellulose) were also studied in the 
fluidized bed by Piskorz’s co-worker (Radlein, et al.) [46], presenting the yield of the 
products in Table 2. The temperature 500 oC, regarded as the optimal condition for 
producing bio-oil from cellulose in the fluidized bed reactor, gives the yield of organic 
products of 72.5% for commercial SS-144 crystalline cellulose and 83.5% for Avicel pH-102 
crystalline cellulose. The difference should also be attributed to the catalytic effect of 
inorganic salts in the ash, since the yield of char for commercial SS-144 crystalline cellulose 
is 5.4% compared to 1.3% for Avicel pH-102 crystalline cellulose.  
Recently, Aho [47] conducted the pyrolysis of softwood carbohydrates under the nitrogen 
atmosphere in a batch-operating fluidized bed reactor, where the quartz sand was used as 
bed material and the load of the raw material is approximately 10 g. All sand was kept in 
the reactor by a net at the upper part of the reactor. The evolved vapors were cooled in the 
four consecutive coolers with the set point of -20 oC, while between the third and fourth 
cooler the vapors were passed through a water quench with the pH value of 3 for avoiding 
the absorption of CO2. The furnace temperature was kept at 490 oC until the release of non-
condensable gases stopped, while the temperature in the reactor is about 460 oC. The vapor 
residence time was estimated to be less than 1.5 s based on the height of the reactor and the 
actual fluidizing gas velocity. The distribution of the products from cellulose 
(microcrystalline cellulose powder) is shown in Table 2, giving the low yield of organic 
products of 23.1% and high yield of char as 20.1%. The condensation of the vapors was 
estimated to be insufficient, while the values for gases and char can be considered reliable. It 
should be mentioned that the mass balance of the experiment could not be satisfactorily 
completed, due to its current reactor set-up (especially the vapor-cooling and liquid-
precipitating system). A similar batch-operating fluidized bed reactor was designed by Shen 
and Gu, in order to study the fast pyrolysis of biomass and its components with the 
variation of temperature and vapor residence time under inert atmosphere [21, 65, 66]. No 
bed material was applied and the load of the raw material is about 5 g. The solid product 
was captured by the carbon filter, while the evolved hot vapors were cooled through the 
two U-tubes immersed in ice-water mixture (0 oC) and dry ice-acetone (-30 oC), respectively. 
The distribution of the products from the pyrolysis of microcrystalline cellulose at 
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temperatures between 420 and 730 oC with a residence time from 0.44 to 1.32 s is given in 
Table 2. It is estimated that the yield of liquid product reaches its maximum of 72.2% at the 
temperature of 580 oC with the residence time of 0.44 s. The higher temperature and long 
residence time promotes the decomposition of the macromolecules and cracking of the 
volatile, enhancing the yield of gases and reducing the solid product [21].  
3.2.1.2. Pyrolysis in entrained-bed reactor 
Graham [69] designed a complicated entrained bed reactor to investigate the fast pyrolysis 
of cellulose, which had a similar or even higher heating rate than that of fluidized bed. The 
rapid heat transfer and thorough mixing between the particulate solids and feed are 
accomplished in two vertical gas-solids contactors: Thermovortactor and Cryovortactor. The 
biomass or other carbonaceous fuel is rapidly mixed with the hot particulate solids in 
Thermovortactor. The suspension passed through a downdraft entrained-bed (fluidized) 
reactor allowing the individual setting of temperatures, and then was quenched by the cold  
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solids in the Cryvortactor and cooled through the cooling coil submerged in a water tank. 
The solids were then separated in the mass balance filter and the gas was collected in 
sampling bags. The feeding rate is less than 1 kg/h and the total elapsed time from the 
Termovortactor inlet to the cryovortactor exit is typically less than 600 ms. The yield of the 
gas and liquid (heavy fraction including tar and char) products at the temperature from 750 
to 900 oC is shown in Table 2. The low yield of liquid product (less than 20%) is mainly due 
to the high reactor temperature and the inefficient cooling method. Moreover, the mass 
balance is not convincing, since the heavy fraction of the vapors may condense on the 
vessels of Cryovortactor and solid separator [69]. It should be noted that the high yield of 
gases is attributed to the enhanced heat transfer through the pre-mixing between the 
biomass and solid heat carrier before being fed to the pyolsyis reactor, compared to that of 
fluidized bed reactor. 
The residence time (both solid and vapor) in the fluidized or entrained bed reactors could be 
narrowly changed (normally less than 1 s), because of the confinement of the minimum gas 
velocity for the solid fluidization. Therefore, the fixed bed reactors are designed for 
investigating the effect of not only temperature but also residence time on the yield of 
products and their specificity [31, 36, 44, 68]. Liao [31] designed a fixed bed reactor (quartz 
tube with a sample-holder in the middle), the temperature of which could be changed from 
0 to 1100 oC. The filter paper shaped as 18*50 mm (about 2 g) is fed gravitationally to the 
reactor from the top, and the carrier gas (nitrogen) brings the evolved volatiles and some 
char fragments through the carbon filter. The purified volatiles are then cooled through the 
three traps consecutively: 1) the mixture of water and ice (0 oC); 2) the mixture of acetone 
and dry ice (-30 oC); and 3) assisting cooling agent (-45 oC). The yield of the products (gas, 
liquid and char) at the temperature from 300 to 1090 oC with the (vapor) residence time 
between 0.1 to 1.4 s determined by the carrier gas velocity is extensively discussed by Liao 
[31] (shown in Table 2-3), while the mass balance for all the experiments is convincingly 
located between 96% and 101.5%. With the same vapor residence time (carrier gas velocity), 
the yield of liquid product complies with a Gaussian distribution with temperature, giving 
the maximum of 86.29% (including 15.72% water) at around 600 oC with the residence time 
of 0.1 s. It is estimated that the long residence time promotes the yield of gases, due to the 
sufficient secondary reactions of the volatiles. The yield of gases is increased from 1.5% to 
60.2% monotonously with temperature (from 300 to 1090 oC). It needs to be noted that the 
duration of each experiment, corresponding to the sample heating-up and holding time, is 
not specified in the work. 
3.2.1.3. Pyrolysis in fixed-bed reactor 
The pyrolysis of cellulose in a tube (fixed bed) reactor made of Pyrex glass is investigated by 
Hosoya et al. [36]. Compared to the study of Liao [31], the cellulose sample is horizontally 
fed to the furnace and the carrier gas is not employed which means that the vapor residence 
time could not be set individually. It is estimated that thirty seconds are enough for 
completing the pyrolysis since no volatile product formation is observed after longer 
pyrolysis time. The evolved volatiles are retained in the reactor with the solid residue 
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during the whole pyrolysis process. After 30 s pyrolysis, the reactor is pulled out from the 
furnace and cooled with air flow for 1 min at the room temperature. The tar (liquid product) 
condensed on the reactor vessel is extracted by i-PrOH and water. The amounts of the 
gaseous, tar and char fractions are determined gravimetrically after pyrolysis and extraction, 
giving the result at the temperature of 800 oC in Table 2. It should be mentioned that the 
temperature of the reactor is not evenly distributed during the pyrolysis process, because 
the bottom of the tube reactor was placed at the center of the cylindrical furnace. Most of the 
evolved volatiles are condensed at the upper part of the reactor, but not suffered from the 
vigorous secondary cracking due to the long (solid) residence time. Thus, the yield of liquid 
product (77.1% including water) is not visibly different from that of Liao’s results at the 
temperature of 810 oC with the shorter vapor residence time (74.39%) [31].  
Another Pyrex cylindrical tube (fixed bed) reactor was made by Hajaligol et al. [44], where 
the cellulose sample is held and heated by the porous stainless screen connected to the brass 
electrodes of the reactor. The system allows independent variation of the following reaction 
conditions: heating rates (100-100 000 oC/s), final temperatures (200-1100 oC), sample 
residence (holding) time at final temperature (0-∝ s). Similar to the experimental set-up of 
Hosoya [36], the vapor residence time could not be individually changed while the carrier 
gas is not employed. Part of the evolved vapors is rapidly diluted and quenched in the 
reactor vessel during the operation, because most of the gas within the reactor remains close 
to the room temperature. The other part of the evolved vapors is purged out of reactor 
vessel with the helium and cooled down through two downstream traps: 1) U-tube packed 
with glass wool immersed in dry ice/alcohol (-77 oC) and 2) the same trap in liquid nitrogen 
(-196 oC). The char retained on the screen is determined gravimetrically. The mass balance 
for each case is around 100%, giving the convincing results of the yield of the products at the 
temperature 400- 1000 oC with the sample holding time 0-30 s in Table 2. It is concluded [44] 
that tar yield (liquid product) increases with temperature to a maximum of about 65% at 
around 700 oC and then decreases with further temperature increases, since the sample 
residence time is zero. With the long residence time (for example 30 s), the yield of liquid 
product at 400 oC is remarkably increased to 83.35%, due to the sufficient heating-up time 
for the complete pyrolysis of cellulose. Comparatively, the yield of liquid product at 500 oC 
with zero holding time is only 16.37% and the yield of char is 83.63% (where the mass 
balance is 105%), because of the incomplete decomposition of cellulose.  
A two-zone tubular micro reactor (fixed bed) was designed by Mok and Antal [68], to 
investigate the effect of vapor residence time on the yield of products from cellulose 
pyrolysis. Zone A is operated for 15 min for complete solid phase pyrolysis, while Zone B is 
maintained at 700 oC for vapor phase cracking. The char is determined gravimetrically, and 
the gases are collected by the replacement of water. Unfortunately, the tar collection is not 
possible with that apparatus. The results of the product distribution at the temperature of 
800 oC with the vapor residence time 1-18 s are shown in Table 2. The long vapor residence 
time and high pressure (5 atm) promote the secondary cracking of volatiles, enhancing the 
yield of the gas product.  
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solids in the Cryvortactor and cooled through the cooling coil submerged in a water tank. 
The solids were then separated in the mass balance filter and the gas was collected in 
sampling bags. The feeding rate is less than 1 kg/h and the total elapsed time from the 
Termovortactor inlet to the cryovortactor exit is typically less than 600 ms. The yield of the 
gas and liquid (heavy fraction including tar and char) products at the temperature from 750 
to 900 oC is shown in Table 2. The low yield of liquid product (less than 20%) is mainly due 
to the high reactor temperature and the inefficient cooling method. Moreover, the mass 
balance is not convincing, since the heavy fraction of the vapors may condense on the 
vessels of Cryovortactor and solid separator [69]. It should be noted that the high yield of 
gases is attributed to the enhanced heat transfer through the pre-mixing between the 
biomass and solid heat carrier before being fed to the pyolsyis reactor, compared to that of 
fluidized bed reactor. 
The residence time (both solid and vapor) in the fluidized or entrained bed reactors could be 
narrowly changed (normally less than 1 s), because of the confinement of the minimum gas 
velocity for the solid fluidization. Therefore, the fixed bed reactors are designed for 
investigating the effect of not only temperature but also residence time on the yield of 
products and their specificity [31, 36, 44, 68]. Liao [31] designed a fixed bed reactor (quartz 
tube with a sample-holder in the middle), the temperature of which could be changed from 
0 to 1100 oC. The filter paper shaped as 18*50 mm (about 2 g) is fed gravitationally to the 
reactor from the top, and the carrier gas (nitrogen) brings the evolved volatiles and some 
char fragments through the carbon filter. The purified volatiles are then cooled through the 
three traps consecutively: 1) the mixture of water and ice (0 oC); 2) the mixture of acetone 
and dry ice (-30 oC); and 3) assisting cooling agent (-45 oC). The yield of the products (gas, 
liquid and char) at the temperature from 300 to 1090 oC with the (vapor) residence time 
between 0.1 to 1.4 s determined by the carrier gas velocity is extensively discussed by Liao 
[31] (shown in Table 2-3), while the mass balance for all the experiments is convincingly 
located between 96% and 101.5%. With the same vapor residence time (carrier gas velocity), 
the yield of liquid product complies with a Gaussian distribution with temperature, giving 
the maximum of 86.29% (including 15.72% water) at around 600 oC with the residence time 
of 0.1 s. It is estimated that the long residence time promotes the yield of gases, due to the 
sufficient secondary reactions of the volatiles. The yield of gases is increased from 1.5% to 
60.2% monotonously with temperature (from 300 to 1090 oC). It needs to be noted that the 
duration of each experiment, corresponding to the sample heating-up and holding time, is 
not specified in the work. 
3.2.1.3. Pyrolysis in fixed-bed reactor 
The pyrolysis of cellulose in a tube (fixed bed) reactor made of Pyrex glass is investigated by 
Hosoya et al. [36]. Compared to the study of Liao [31], the cellulose sample is horizontally 
fed to the furnace and the carrier gas is not employed which means that the vapor residence 
time could not be set individually. It is estimated that thirty seconds are enough for 
completing the pyrolysis since no volatile product formation is observed after longer 
pyrolysis time. The evolved volatiles are retained in the reactor with the solid residue 
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during the whole pyrolysis process. After 30 s pyrolysis, the reactor is pulled out from the 
furnace and cooled with air flow for 1 min at the room temperature. The tar (liquid product) 
condensed on the reactor vessel is extracted by i-PrOH and water. The amounts of the 
gaseous, tar and char fractions are determined gravimetrically after pyrolysis and extraction, 
giving the result at the temperature of 800 oC in Table 2. It should be mentioned that the 
temperature of the reactor is not evenly distributed during the pyrolysis process, because 
the bottom of the tube reactor was placed at the center of the cylindrical furnace. Most of the 
evolved volatiles are condensed at the upper part of the reactor, but not suffered from the 
vigorous secondary cracking due to the long (solid) residence time. Thus, the yield of liquid 
product (77.1% including water) is not visibly different from that of Liao’s results at the 
temperature of 810 oC with the shorter vapor residence time (74.39%) [31].  
Another Pyrex cylindrical tube (fixed bed) reactor was made by Hajaligol et al. [44], where 
the cellulose sample is held and heated by the porous stainless screen connected to the brass 
electrodes of the reactor. The system allows independent variation of the following reaction 
conditions: heating rates (100-100 000 oC/s), final temperatures (200-1100 oC), sample 
residence (holding) time at final temperature (0-∝ s). Similar to the experimental set-up of 
Hosoya [36], the vapor residence time could not be individually changed while the carrier 
gas is not employed. Part of the evolved vapors is rapidly diluted and quenched in the 
reactor vessel during the operation, because most of the gas within the reactor remains close 
to the room temperature. The other part of the evolved vapors is purged out of reactor 
vessel with the helium and cooled down through two downstream traps: 1) U-tube packed 
with glass wool immersed in dry ice/alcohol (-77 oC) and 2) the same trap in liquid nitrogen 
(-196 oC). The char retained on the screen is determined gravimetrically. The mass balance 
for each case is around 100%, giving the convincing results of the yield of the products at the 
temperature 400- 1000 oC with the sample holding time 0-30 s in Table 2. It is concluded [44] 
that tar yield (liquid product) increases with temperature to a maximum of about 65% at 
around 700 oC and then decreases with further temperature increases, since the sample 
residence time is zero. With the long residence time (for example 30 s), the yield of liquid 
product at 400 oC is remarkably increased to 83.35%, due to the sufficient heating-up time 
for the complete pyrolysis of cellulose. Comparatively, the yield of liquid product at 500 oC 
with zero holding time is only 16.37% and the yield of char is 83.63% (where the mass 
balance is 105%), because of the incomplete decomposition of cellulose.  
A two-zone tubular micro reactor (fixed bed) was designed by Mok and Antal [68], to 
investigate the effect of vapor residence time on the yield of products from cellulose 
pyrolysis. Zone A is operated for 15 min for complete solid phase pyrolysis, while Zone B is 
maintained at 700 oC for vapor phase cracking. The char is determined gravimetrically, and 
the gases are collected by the replacement of water. Unfortunately, the tar collection is not 
possible with that apparatus. The results of the product distribution at the temperature of 
800 oC with the vapor residence time 1-18 s are shown in Table 2. The long vapor residence 
time and high pressure (5 atm) promote the secondary cracking of volatiles, enhancing the 
yield of the gas product.  
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3.2.1.4. Pyrolysis in microwave reactor 
The microwaves might be firstly used to activate biomass (cellulose as the feedstock) to 
solid, liquid and gas products by Allan et al. in 1970s [70]. After 2000, two research groups 
(one is led by J.H. Clark from University of York in UK and the other by Y. Fernandez and 
J.J. Pis from National Institute of Carbon in Spain) have published a large number of the 
remarkable results on microwave pyrolysis (MWP) of biomass and its components (such as 
cellulose and lignin) [49, 50, 71-74].  
The studies of the research group led by Fernandez and Pis are mainly concentrated on the 
high-temperature microwave pyrolysis (more than 400 oC) of biomass [72, 74]. The 
feedstock sample (coffee hulls) being rich in cellulose, is made to be the cylindrical pellets 
(approximately 3 mm in diameter and 2 cm in length). The pyrolysis of the sample (15 g of 
that kind of pellets) was carried out in an electrical furnace (called CP-conventional 
pyrolysis) and in a single mode microwave oven at 500, 800, and 1000 oC, regarding the 
variation of the yield of products (char, oil and gases) and their properties (element content 
and heating value). The electrical furnace was previously heated to the corresponding 
pyrolysis temperature, so that the temperature of sample rose quickly. In case of microwave 
heating, the sample was placed in an identical quartz reactor, which was then placed in the 
centre of microwave guide [75]. The volatiles evolved passed through five consecutive 
condensers placed in an ice bath, the last of three of which contained dichloromethane, 
while the carbonaceous residue was separated from the receptor by sieving. The gas yield 
was evaluated by difference. It is found that the yield of char, oil and gas from pyrolysis of 
sample under microwave heating is 30.21%, 7.90% and 65.28% by weight of feedstock at 500 
oC and changed to be 22.70 %, 8.58% and 68.72% at 1000 oC. Compared to that of 
conventional pyrolysis by electrical heating, the formation of the gas products (especially 
syngas CO+H2) is remarkably enhanced under microwave pyrolysis and the oxygen content 
in char and oil is significantly reduced increasing their heating value. Most of the above 
findings on microwave pyrolysis of biomass are also approved by other researchers [48, 76]. 
Research group led by J.H. Clark has made a remarkable contribution on the microwave 
pyrolysis of biomass under low temperature (less than 350 oC) [49, 50, 73]. Milestone ROTO 
SYNTH Rotative Solid Phase Microwave Reactor is used for microwave pyrolysis of wheat 
straw [49]. Average sample mass was between 150 and 200g. The sample was heated at a 
rate of 17 oC/min to a maximum temperature of 180 oC as measured by in situ temperature 
probes. The condensable fraction produced during the process was collected through a 
vacuum unit. The yield of solid, liquid and gas products is estimated to be 29%, 57% and 
14% by weight of feedstock at 180 oC. Compared to that of conventional pyrolysis under 
relevantly high temperature [77], the oxygen content of the bio-oil obtained from low-
temperature microwave pyrolysis is significantly reduced facilitating the following 
upgrading processes [49]. The microwave pyrolysis of cellulose was carried out at the 
temperature between 100 oC and 300 oC in a CEM Discovery laboratory microwave, 
regarding the yield of char and its formation mechanism. The high-quality char, where more 
energy from feedstock is conserved, could be produced with the adjustment of the low 
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pyrolysis temperature. The temperature of 180 oC was estimated as a key turning point in 
the microwave degradation of cellulose, favoring the understanding that the production of 
fuels is allowed at dramatically lower temperatures than those required under conventional 
pyrolysis (electrical heating). The energy conserved in solid, oil and gas product is evaluated 
to be balanced for the whole process. In terms of an industrial process, the low-temperature 
microwave technology can be easily adapted to a variety of biomass to produce a uniform 
char which can be handled by the end users. 
With regard to the above discussion, the microwave pyrolysis under both high and low 
temperature is estimated to be one of the promising technologies to achieve high-quality 
solid (low oxygen content), liquid (low oxygen content and water content) and gas (low 
energy input and high syngas concentration) fuels with the low cost, helping to achieve 
sustainable development through the utilization of renewable alternatives (biomass) instead 
of fossil fuels. 
 
Figure 8. The chemical structures of the typical compounds in bio-oil from cellulose pyrolysis: LG: 
levoglucosan, HAA: hydroxyacetaldehyde, HA: Hydroxyactone, PA: pyruvic aldehyde, GA: 
glyceraldehyde, 5-HMF: 5-hydroxymethyl-furfural and FF: furfural 
3.2.2. The formation of the specific compounds 
The volatiles (both condensable and non-condensable) evolved from cellulose pyrolysis 
under moderate or high temperatures are very complicated, most of which have been 
identified by employing the advanced analytical equipments such as FTIR, GC-MS, HPLC, 
NMR and so on. A variety of pyran and furan derivatives (C5-6 ring-containing compounds), 
aliphatic oxygenated C2-4 organic compounds and light species/gases (such as light 
hydrocarbons, CO and CO2) can be obtained, and the extensive lists together with their 
spectrometric/chromatograghic patterns and the yields are available in the literature, where 
the results are remarkably affected by the pyrolytic reactor, operating condition, condensing 
method and sample sources. Due to the great potential as the feedstock for fuel and 
chemicals production, some products established in good yields (such as levoglucosan, 
furfural, hydroxyacetaldehyde, acetol, CO, CO2 and so on) (Fig. 8) would be vigorously 
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3.2.2.1. Pyran- and furan- derivatives (C5-6 ring-contained compounds)  
The C5-6 ring-containing compounds from cellulose pyrolysis are condensable and mainly 
composed of a variety of anhydrosugar and furan derivatives, among which levoglucosan 
(1, 6-anhydro-β-D-glucopyranose) are the outstanding one [12, 18, 21, 23, 31, 36, 41, 78-82]. 
Shafizadeh et al. [33] confirmed that levoglucosan can be obtained in yields from 20% to 
60% by weight in their vacuum pyrolysis study of various cellulose samples, while other 
anhydrosugars (such as 2,3-anhydro-d-mannose, 1,4:3,6-dianhydro-α-D-glucopyranose, 1,6-
anhydro-β-D-glucofuranose and 3,4-altrosan) are slightly produced (less than 1% by 
weight). Similar results were reported by Piskorz et al. by comparing levoglucosan yields 
from S & S powdered cellulose (2.1%) and Baker TLC microcrystalline cellulose (25.2%) 
pyrolysis at the temperature of 500 oC under atmospheric pressure in a fluidized bed reactor 
[12].  
Inasmuch as the cellulose samples have somewhat different ash contents, the different 
levoglucan yield may be due to the well-known effect of inorganic cations in reducing tar 
yields by promoting other fragments or char formation [46]. Richards and co-workers 
established the extraordinary influence of salts and metal ions on the productivity of 
volatiles (especially levoglucosan and hydroxyacetaldehyde), presenting that the addition of 
alkali and Ca2+ cations to ash-free cellulose reduced the yield of levoglucosan while other 
metal ions (particularly Fe3+ and Cu2+) enhanced the yield of levoglucosan [83, 84]. In accord 
with the findings of Richards’s laboratory, Piskorz et al. observed very dramatic increases in 
the yields of levoglucosan (more than 30% by weight) from various celluloses after a mild 
sulfuric acid-wash pretreatment [42]. The profound effects of inorganic substances on the 
product from carbohydrates were also evidenced by Van der Kaaden through the matrix 
study on amylase pyrolysis using Curie-point pyrolysis, concluding that carbonyl 
compounds, acids and lactones are released by alkaline and neutral matrices while furans 
and anhydrohexoses are favored under neutral and acidic conditions [85].  
The experimental conditions as well as the purity of cellulose and inorganic additions 
appear to have an important effect on the yield of levoglucosan. The yield of levoglucosan 
produced from the S &S powdered cellulose pyrolysis in a fluidized bed is increased with 
the temperature, reaches its maximum at the temperature of 500 oC and then decreased with 
the elevated temperature [46]. This is consistent with the results from Shen’s work using 
fluidized bed reactor, giving the maximum yield of levoglucosan at the temperature of 530 
oC [21]. A great deal of specific work studying pyrolysis oils produced from Whatman filter 
paper at the temperature from 400 oC to 930 oC in the fixed bed reactor confirmed that the 
formation of levoglucosan is mainly located at the temperature between 450 oC and 650 oC, 
obtaining the maximum yield at 580 oC (about 58.37% by weight of pyrolysis oil) [31]. 
Moreover, the yield of levoglucosan is decreased with the long vapor residence time at the 
temperature of 600 oC, while most of the small fragments (low molecular weight volatiles) 
are increased notably. These phenomena add the interests in looking inside into the 
chemical mechanism of the levoglucosan formation and its secondary cracking during the 
cellulose pyrolysis.  
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An established standpoint presents that the formation of levoglucosan is initiated by 
disruption of the cellulose chain, primarily at the 1,4 glucosidic linkage in the 
macromolecule, followed by intramolecular rearrangement of the cellulosic monomer units 
[18, 21, 31, 33, 46]. The actual mechanism of levoglucosan formation remains controversial. 
Golova favors a free-radical mechanism through the successful validation of the data on the 
effects of free-radical [86]. Shafizadeh arguing by analogy with the reactions of model 
phenyl glucosides prefers a heterolytic mechanism [33]. Essig and Richards [83] proposed 
that the hydroxyl group (-OH) of free chain ends further depolymerizes the short chain 
through transglycosylation accompanying with the release of levoglucosan.  
 
Figure 9. The speculative chemical pathways for the primary decomposition of cellulose monomer [21] 
Another unsettled issue is whether depolymerization of macromolecule (disruption of 
cellulose chain) takes place by a concerted “unzipping” process or by random breaking of the 
cellulose chain. Briodo et al. [87] found that crystalline cellulose and undergoes a large change 
in DP before weight loss occurs. Similarly, Basch and Lewin [88] proposed that if cellulose 
depolymerized by an unzipping process then the number of free chain ends, as reflected by 
DP, will influence the initiation rate. Radlein [46] presented that one cellulose sample which 
has been heated to 180 oC for several hours and has a very low DP appears to give an 
abnormally high yield of levoglucosan. While the unzipping process may well operate at low 
temperature, there is evidence that it is inapplicable under fast pyrolysis conditions due to the 
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The correlation between the yield of levoglucosan and DP of cellulose sample under fast 
pyrolysis conditions needs to be specified, attracting the interests for further study.  
The possible chemical pathways for primary decomposition of cellulose monomer (Fig. 9) 
and secondary cracking of levoglucosan and other primary fragments were comprehensively 
overviewed and developed by Shen and Gu, revealing the possible chemical information of 
the typical compound formation from cellulose pyrolysis [21] (Fig. 17). The usual view on 
the mechanism of levoglucosan cracking is that the lower molecular weight products are 
formed by fragmentation of principal intermediates like levoglucosan and cellobiosan as 
discussed by Pouwels et al. [81]. Such a scheme is also indicated by the data of Shafizadeh 
and Lu who showed that similar low molecular weight products (such as furfural, 5-HMF, 
glycolaldehyde, hydroxyacetone, acetic acid, formic acid and light species) as from cellulose 
pyrolysis can be formed by direct pyrolysis of levoglucosan [79], which is consistent with 
the observation by Hosoya et al. through the NMR identification of levoglucosan pyrolysis 
volatiles [37]. Evans et al. [89] even concluded that both cellulose and levoglucosan were 
pyrolyzed at various residence times and give similar cracking patterns and products by 
using a flash pyrolysis-mass spectrometric technique.  
However, Richards [45] has argued that it is more likely that hydroxyacetaldehyde, known 
as one of the prominent products from cellulose pyrolysis (chemical pathway (3) in Fig. 16), 
forms directly from cellulose by a plausible mechanism involving the dehydration followed 
by a retro-Diels-Alder reaction but not from the secondary cracking of levoglucosan. Li et al. 
[18] presented that no detactable hydroxyacetaldehyde is observed by FTIR during 
levoglucosan pyrolysis in the two-zone pyrolysis reactor, indicating that levoglucosan might 
not be the major precursor of hydroxyacetaldehyde in cellulose pyrolysis. The two major 
pathways are then recognized to be active during cellulose pyrolysis: one leading to the 
formation of levoglucosan as a relatively stable product and the second to yield low 
molecular products particularly hydroxyacetaldehyde. The experimental studies of cellulose 
pyrolysis with the addition of inorganic substances show that conditions which result in the 
selective formation of levoglucosan realize very low yield of hydroxyacetaldehyder and vice 
versa, confirming the competitive nature of the above two pathways [4, 12, 23, 83, 84, 90].  
Regarding to the notable argument on the relationship between levoglucosan and 
hydroxyacetaldehyde, Liao [31] conducted the pyrolysis of both cellulose and levoglucosan 
under different temperature and vapor residence time in a fixed bed. For cellulose pyrolysis, 
the yield of levoglucosan is increased and then decreased with the elevated temperature 
reaching the maximum at the temperature of 580 oC, while the yield of hydroxyacetaldehyde is 
monotoneously increased with the temperature. Under the fixed temperature (610 oC), the 
long vapor residence time favors the yield of small fragments (especially 
hydroxyacetaldehyde) remarkably at the expense of levoglucosan, showing the plausibly 
“consecutive mechanism” between them. For levoglucosan pyrolysis, no hydroxyacetaldehyde 
(even some other prevalent volatiles from cellulose pyrolysis) is detected at the temperature of 
610 oC with the short residence time 0.1 s, confirming the “competitive mechanism” between 
levoglucosan and hydroxyacetaldehyde. But under the same temperature with the long 
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residence time 1 s, almost all kinds of volatiles from cellulose are released from levoglucosan 
pyrolysis, enhancing the “consecutive mechanism” between levoglucosan and 
hydroxyacetaldehyde. The quantitatively similar results are reported by Shen and Gu [91] for 
cellulose pyrolysis in a fluidized bed reactor at different temperatures and vapor residence 
times. The published data by Piskorz et al. [42] presenting the variation of levoglucosan and 
hydroxyacetaldehyde yields with temperature are compatible with either mechanism. 
The experimental results summarized above plainly reveal the hybrid relationship between 
levoglucosan and the low molecular weight fragments (particularly hydroxyacetaldehyde) 
during cellulose pyrolysis: both competitive and consecutive (Fig. 9 and Fig. 10). However, 
the predominance of the nominal mechanism during cellulose pyrolysis is still ambiguous 
for specifying the hydroxyacetaldehyde (or other low molecular weight volatiles) formation 
and the extent of levoglucosan secondary decomposition, due to the widely varied 
experimental conditions and inorganic additions.  
Furfural and 5-hydroxymethyl-furfural categorized as furan derivatives, are another two 
important C5-6 ring-contained compounds in the products list of cellulose pyrolysis [12]. 
Although the yield of these two compounds is less than 1% by weight of fed cellulose, they 
are notably identified from the pyrolysis oil (GC-MS) spectrum of cellulose [12, 21, 31, 36, 47, 
78, 81]. The effect of experimental conditions (temperature and vapor residence time) on yield 
of furfural and 5-hydroxymethyl-furfural is fully discussed by Liao [31], presenting that the 
formation of furfural is notably enhanced by the increased temperature and residence time 
while the yield of 5-hydroxymethyl-furfural is only increased with the elevated temperature. 
It is observed that these two compounds could be produced from levoglucosan pyrolysis 
under the suitable vapor residence time, showing the “consecutive mechanism” between 
them (Fig. 10). Moreover, furfural is found to be one of the important secondary cracking 
products from 5-hydroxymethyl-furfural pyrolysis. The commonly accepted standpoint 
concerning the chemical pathway for furfural and 5-hydroxymethyl-furfural is that 
levoglucosan or cellulose monomer undergoes ring-opening reaction to the C6 aliphatic 
intermediate, followed by hemiacetal reaction between C-2 and C-5 to form furan-ring 
structure after the formation of acetone-structure on position C-2 through dehydration 
reactions (chemical pathway (5) in Fig. 9 and chemical pathway (16) in Fig. 10 ) [31, 79]. The 
5-hydroxymethyl-furfural could be decomposed to furfural together with release of 
formaldehyde through the de-hydroxylmethyl reaction, furan methanol through de-
carbonylation reaction, or 5-methyl-furfural through de-hydroxyl reaction (chemical pathway 
(24) and (25) in Fig. 10) [21, 31, 92]. It could be concluded that furfural and 5-hydroxymethyl-
furfural are both competitively and consecutively produced with levoglucosan, while 5-
hydroxymethyl-furfural is another source for the formation of furfural. 
3.2.2.2. Aliphatic oxygenated C2-4 organic compounds  
Perhaps the most unusual result noticeably in the compounds from cellulose pyrolysis is the 
abundance of hydroxyacetaldehyde (glycolaldehyde) and acetol (1-hydroxy-2-propanone) 
[12, 21, 31, 36, 42, 46, 79]. A survey of literature reveals that these compounds were only 
occasionally reported as pyrolysis products, and have received very little attention in the  
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However, Richards [45] has argued that it is more likely that hydroxyacetaldehyde, known 
as one of the prominent products from cellulose pyrolysis (chemical pathway (3) in Fig. 16), 
forms directly from cellulose by a plausible mechanism involving the dehydration followed 
by a retro-Diels-Alder reaction but not from the secondary cracking of levoglucosan. Li et al. 
[18] presented that no detactable hydroxyacetaldehyde is observed by FTIR during 
levoglucosan pyrolysis in the two-zone pyrolysis reactor, indicating that levoglucosan might 
not be the major precursor of hydroxyacetaldehyde in cellulose pyrolysis. The two major 
pathways are then recognized to be active during cellulose pyrolysis: one leading to the 
formation of levoglucosan as a relatively stable product and the second to yield low 
molecular products particularly hydroxyacetaldehyde. The experimental studies of cellulose 
pyrolysis with the addition of inorganic substances show that conditions which result in the 
selective formation of levoglucosan realize very low yield of hydroxyacetaldehyder and vice 
versa, confirming the competitive nature of the above two pathways [4, 12, 23, 83, 84, 90].  
Regarding to the notable argument on the relationship between levoglucosan and 
hydroxyacetaldehyde, Liao [31] conducted the pyrolysis of both cellulose and levoglucosan 
under different temperature and vapor residence time in a fixed bed. For cellulose pyrolysis, 
the yield of levoglucosan is increased and then decreased with the elevated temperature 
reaching the maximum at the temperature of 580 oC, while the yield of hydroxyacetaldehyde is 
monotoneously increased with the temperature. Under the fixed temperature (610 oC), the 
long vapor residence time favors the yield of small fragments (especially 
hydroxyacetaldehyde) remarkably at the expense of levoglucosan, showing the plausibly 
“consecutive mechanism” between them. For levoglucosan pyrolysis, no hydroxyacetaldehyde 
(even some other prevalent volatiles from cellulose pyrolysis) is detected at the temperature of 
610 oC with the short residence time 0.1 s, confirming the “competitive mechanism” between 
levoglucosan and hydroxyacetaldehyde. But under the same temperature with the long 
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residence time 1 s, almost all kinds of volatiles from cellulose are released from levoglucosan 
pyrolysis, enhancing the “consecutive mechanism” between levoglucosan and 
hydroxyacetaldehyde. The quantitatively similar results are reported by Shen and Gu [91] for 
cellulose pyrolysis in a fluidized bed reactor at different temperatures and vapor residence 
times. The published data by Piskorz et al. [42] presenting the variation of levoglucosan and 
hydroxyacetaldehyde yields with temperature are compatible with either mechanism. 
The experimental results summarized above plainly reveal the hybrid relationship between 
levoglucosan and the low molecular weight fragments (particularly hydroxyacetaldehyde) 
during cellulose pyrolysis: both competitive and consecutive (Fig. 9 and Fig. 10). However, 
the predominance of the nominal mechanism during cellulose pyrolysis is still ambiguous 
for specifying the hydroxyacetaldehyde (or other low molecular weight volatiles) formation 
and the extent of levoglucosan secondary decomposition, due to the widely varied 
experimental conditions and inorganic additions.  
Furfural and 5-hydroxymethyl-furfural categorized as furan derivatives, are another two 
important C5-6 ring-contained compounds in the products list of cellulose pyrolysis [12]. 
Although the yield of these two compounds is less than 1% by weight of fed cellulose, they 
are notably identified from the pyrolysis oil (GC-MS) spectrum of cellulose [12, 21, 31, 36, 47, 
78, 81]. The effect of experimental conditions (temperature and vapor residence time) on yield 
of furfural and 5-hydroxymethyl-furfural is fully discussed by Liao [31], presenting that the 
formation of furfural is notably enhanced by the increased temperature and residence time 
while the yield of 5-hydroxymethyl-furfural is only increased with the elevated temperature. 
It is observed that these two compounds could be produced from levoglucosan pyrolysis 
under the suitable vapor residence time, showing the “consecutive mechanism” between 
them (Fig. 10). Moreover, furfural is found to be one of the important secondary cracking 
products from 5-hydroxymethyl-furfural pyrolysis. The commonly accepted standpoint 
concerning the chemical pathway for furfural and 5-hydroxymethyl-furfural is that 
levoglucosan or cellulose monomer undergoes ring-opening reaction to the C6 aliphatic 
intermediate, followed by hemiacetal reaction between C-2 and C-5 to form furan-ring 
structure after the formation of acetone-structure on position C-2 through dehydration 
reactions (chemical pathway (5) in Fig. 9 and chemical pathway (16) in Fig. 10 ) [31, 79]. The 
5-hydroxymethyl-furfural could be decomposed to furfural together with release of 
formaldehyde through the de-hydroxylmethyl reaction, furan methanol through de-
carbonylation reaction, or 5-methyl-furfural through de-hydroxyl reaction (chemical pathway 
(24) and (25) in Fig. 10) [21, 31, 92]. It could be concluded that furfural and 5-hydroxymethyl-
furfural are both competitively and consecutively produced with levoglucosan, while 5-
hydroxymethyl-furfural is another source for the formation of furfural. 
3.2.2.2. Aliphatic oxygenated C2-4 organic compounds  
Perhaps the most unusual result noticeably in the compounds from cellulose pyrolysis is the 
abundance of hydroxyacetaldehyde (glycolaldehyde) and acetol (1-hydroxy-2-propanone) 
[12, 21, 31, 36, 42, 46, 79]. A survey of literature reveals that these compounds were only 
occasionally reported as pyrolysis products, and have received very little attention in the  
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Figure 10. The speculative chemical pathways for secondary decomposition of the anhydrosugars 
(especially levoglucosan) [21] 
sense of being a major product [67-69]. In 1966, Byrne et al. reported hydroxyacetaldehyde 
as one major components of a group of highly oxygenated products from pyrolysis of 
cellulose treated with flame retardants, along with glyoxal, pyruvaldehyde and 5-
hydroxymethylfurfural [78]. It is perhaps that Pikorz et al. who first called attention to 
hydroxyacetaldehyde as a major product from rapid pyrolysis of slightly impure cellulose in 
a fluidized bed reactor, obtaining approximately 18% yield by weight of S & S powdered 
cellulose (0.22% ash content) and 8% of Baker TLC microcrystalline (0.04% ash content) [12]. 
The difference of hydroxyacetaldehyde among diverse celluloses is possibly attributed to 
the catalytic effects of inorganic salts in ash. A great deal of careful work on pyrolysis of 
cellulose treated with salts, neutral or acidic inorganics by Piskorz et al. and Richards’ 
laboratory proves that the formation of hydroxyacetaldehyde is notably favored by the 
addition of alkali salts (such as NaCl), but inhibited by the addition of acid (such as H2SO4) 
[42, 46, 83, 84].  
Moreover, the study of cellulose (Whatman filter paper) pyrolysis in a fixed bed reactor by 
Liao [31] indicates that hydroxyacetaldehyde is an important compounds in the condensed 
liquid product, the yield of which is notably increased from 3% to 19% by weight of liquid 
product with the elevated temperature (450 to 930 oC). The quantitatively similar result is 
reported by Shen and Gu [21] studying the cellulose pyrolysis in a fluidized bed reactor 
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Piskorz et al. [42] shows that yield of hydroxyacetaldehyde by weight of fed cellulose is 
increased with the temperature and starts to decrease at the temperature of 610 oC. Since the 
yield of liquid product against temperature is changed compatibly with the yield of 
hydroxyacetaldehyde [12, 21, 31, 42], the apparent yield of hydroxyacetaldehyde by weight 
of fed cellulose performs a Gaussian distribution with temperature even though its relevant 
yield by weight of liquid product is monotonously increased with temperature.  
Since no other C2 or C3 product appears in the same yield as hydroxyacetaldehyde, it is an 
intermediate or primary products formed early in the decomposition process through 
monomer ring cleavage (Fig. 9). The most acceptable standpoint for hydroxyacetaldehyde 
formation is proposed by Shafizadeh and Lai (chemical pathway (3) in Fig. 9), presenting 
that hydroxyacetaldehyde, assumed as the precursor for glyoxal, was produced mainly 
from C-1 and C-2 position of the glucopyranose [79]. This scheme is similar to that proposed 
by Byrne et al. [78].  
Through the examination of bond energies in the monomer unit by Frankiewicz [93]and 
interatomic distance for β-D-glucose by Sutton [94], it was shown that the length for the C-2 
to C-3 bond and for C-1 and O-ring linkage is slightly greater than other similar bonds. This 
finding is confirmed by Madorsky et al. [95] who pointed out that the C-O hemiacetal bond 
on the ring is thermally less stable than C-C bonds. These information offer support to the 
hypothesis that initial ring cleavage of cellulose monomer tends to occur frequently at these 
two locations, yielding a two-carbon fragment and a four-carbon fragment, while the two-
carbon fragment is rearranged to a relatively stable product, hydroxyacetaldehyde, and the 
four-carbon fragment can undergo a number of rearrangement of dehydration, scission and 
decarbonylation to yield a variety of lower molecular weight products [12]. This chemical 
pathway for the formation of hydroxyacetaldehyde is well presented in the study of Liao 
[31] and Shen et al. [21] (Fig. 9). They also suggested that almost all of the positions on the 
pyran-ring could be contributed to hydroxyacetaldehyde formation, involving the examples 
on C-2 to C-3 or C-5 to C-6 positions plausibly through the cracking of five carbon fragment 
from initial cleavage of monomer on the bonds of C-1 to C-2 and hemiacetal C-O (chemical 
pathway (9) in Fig. 10). However, this suggestion should be evidenced through the bond 
energy examination and atomic label technology on the model compound. 
Acetol (1-hydroxy-2-propanganone), regarded as another major product, is perhaps firstly 
reported by Lipska and Wodley [96] in their study of isothermal cellulose pyrolysis at 315 
oC. Moreover, some of cellulose fast pyrolysis studies have also evidenced the acetol as a 
major component in the products. For instance, Hosoya et al. [36] obtained the acetol (in the 
i-PrOH-soluble fraction) yield of 1.1% by weight of fed sample from the cellulose pyrolysis 
at the temperature of 800 oC in a sealed tube. Two cellulose samples pyrolysed at the 
temperature of 500 oC in a fluidized bed reactor by Piskorz et al. [12] gave the acetol yield of 
3.2% for S & S Powdered cellulose and 0.7% for Baker TLC microstalline cellulose by weight 
of fed sample, which is possibly due to the well-known effect of inorganic salts. Meanwhile, 
the authors [12] observed that the acetol yield from S & S Powdered cellulose pyrolysis is 
notably increased with the temperature. This phenomenon is also evidenced by the work of 
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a fluidized bed reactor, obtaining approximately 18% yield by weight of S & S powdered 
cellulose (0.22% ash content) and 8% of Baker TLC microcrystalline (0.04% ash content) [12]. 
The difference of hydroxyacetaldehyde among diverse celluloses is possibly attributed to 
the catalytic effects of inorganic salts in ash. A great deal of careful work on pyrolysis of 
cellulose treated with salts, neutral or acidic inorganics by Piskorz et al. and Richards’ 
laboratory proves that the formation of hydroxyacetaldehyde is notably favored by the 
addition of alkali salts (such as NaCl), but inhibited by the addition of acid (such as H2SO4) 
[42, 46, 83, 84].  
Moreover, the study of cellulose (Whatman filter paper) pyrolysis in a fixed bed reactor by 
Liao [31] indicates that hydroxyacetaldehyde is an important compounds in the condensed 
liquid product, the yield of which is notably increased from 3% to 19% by weight of liquid 
product with the elevated temperature (450 to 930 oC). The quantitatively similar result is 
reported by Shen and Gu [21] studying the cellulose pyrolysis in a fluidized bed reactor 
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Piskorz et al. [42] shows that yield of hydroxyacetaldehyde by weight of fed cellulose is 
increased with the temperature and starts to decrease at the temperature of 610 oC. Since the 
yield of liquid product against temperature is changed compatibly with the yield of 
hydroxyacetaldehyde [12, 21, 31, 42], the apparent yield of hydroxyacetaldehyde by weight 
of fed cellulose performs a Gaussian distribution with temperature even though its relevant 
yield by weight of liquid product is monotonously increased with temperature.  
Since no other C2 or C3 product appears in the same yield as hydroxyacetaldehyde, it is an 
intermediate or primary products formed early in the decomposition process through 
monomer ring cleavage (Fig. 9). The most acceptable standpoint for hydroxyacetaldehyde 
formation is proposed by Shafizadeh and Lai (chemical pathway (3) in Fig. 9), presenting 
that hydroxyacetaldehyde, assumed as the precursor for glyoxal, was produced mainly 
from C-1 and C-2 position of the glucopyranose [79]. This scheme is similar to that proposed 
by Byrne et al. [78].  
Through the examination of bond energies in the monomer unit by Frankiewicz [93]and 
interatomic distance for β-D-glucose by Sutton [94], it was shown that the length for the C-2 
to C-3 bond and for C-1 and O-ring linkage is slightly greater than other similar bonds. This 
finding is confirmed by Madorsky et al. [95] who pointed out that the C-O hemiacetal bond 
on the ring is thermally less stable than C-C bonds. These information offer support to the 
hypothesis that initial ring cleavage of cellulose monomer tends to occur frequently at these 
two locations, yielding a two-carbon fragment and a four-carbon fragment, while the two-
carbon fragment is rearranged to a relatively stable product, hydroxyacetaldehyde, and the 
four-carbon fragment can undergo a number of rearrangement of dehydration, scission and 
decarbonylation to yield a variety of lower molecular weight products [12]. This chemical 
pathway for the formation of hydroxyacetaldehyde is well presented in the study of Liao 
[31] and Shen et al. [21] (Fig. 9). They also suggested that almost all of the positions on the 
pyran-ring could be contributed to hydroxyacetaldehyde formation, involving the examples 
on C-2 to C-3 or C-5 to C-6 positions plausibly through the cracking of five carbon fragment 
from initial cleavage of monomer on the bonds of C-1 to C-2 and hemiacetal C-O (chemical 
pathway (9) in Fig. 10). However, this suggestion should be evidenced through the bond 
energy examination and atomic label technology on the model compound. 
Acetol (1-hydroxy-2-propanganone), regarded as another major product, is perhaps firstly 
reported by Lipska and Wodley [96] in their study of isothermal cellulose pyrolysis at 315 
oC. Moreover, some of cellulose fast pyrolysis studies have also evidenced the acetol as a 
major component in the products. For instance, Hosoya et al. [36] obtained the acetol (in the 
i-PrOH-soluble fraction) yield of 1.1% by weight of fed sample from the cellulose pyrolysis 
at the temperature of 800 oC in a sealed tube. Two cellulose samples pyrolysed at the 
temperature of 500 oC in a fluidized bed reactor by Piskorz et al. [12] gave the acetol yield of 
3.2% for S & S Powdered cellulose and 0.7% for Baker TLC microstalline cellulose by weight 
of fed sample, which is possibly due to the well-known effect of inorganic salts. Meanwhile, 
the authors [12] observed that the acetol yield from S & S Powdered cellulose pyrolysis is 
notably increased with the temperature. This phenomenon is also evidenced by the work of 
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Liao [31] studying cellulose pyrolysis in the fixed bed reactor and the fluidized bed reactor 
respectively, obtaining the range of acetol yield by weight of liquid product from 0.8% to 6% 
at the temperature from 450 oC to 930 oC.  
In 1972, Shafizadeh and Lai [79] proposed the possible chemical pathway for acetol 
formation from levoglucosan decomposition as the rearrangement of the four-carbon 
fragment from the primary pyran-ring cleavage, while the other two-carbon fragment might 
be the precursor for hydroxyacetaldehyde. The similar reaction scheme is reported by Byrne 
et al. in 1966 [78] and proposed again by Piskorz et al. [12] in 1986. Meanwhile, the 
pyruvaldehyde was also proposed to be formed through the rearrangement of the four-
carbon fragment, competing with the formation of acetol (Fig. 10). It could be found that 
enol-structure from the dehydration between the conjunct carbon is the intermediate for the 
acetone-structure, while the dehydration is between C-5 and C-6 for acetol formation and 
between C-4 and C-5 for pyruvaldehyde formation. According to Benson’s rules on energy 
grounds [97], acetol should be favored over the alternative possibility of pyruvaldehyde. 
This speculation is evidenced by Piskorz [12], Liao [31] and Shen and Gu [21] studying 
cellulose fast pyrolysis in fixed bed reactor or fluidized bed reactor, obtaining higher yield 
of acetol over pyruvaldehyde (Fig. 9 and Fig. 10). Moreover, other chemical pathways for 
acetol and pyruvaldehyde formation from the five-carbon fragment or ring-opened six-
carbon intermediate are proposed by Liao [31], which are then summarized in levoglucosan 
secondary cracking pathways by Shen and Gu [21]. However, the prevalent one for their 
formation, which might be affected by experimental conditions, is not specified, while their 
secondary cracking to CO and aldehyde-compounds could be readily determined. 
Among a number of the detectable pyrolysis products from cellulose, some products, such 
as acetic acid, aldehyde, methanol, formaldehyde and so on, are less frequently discussed in 
the literature due to their low yields [12, 31, 44, 46, 64, 68, 69, 98]. In an investigation of the 
formation of acidic product, Kang et al. [99] proposed a mechanism of hydration of ketene 
which is formed from the dehydration of alcohol-aldehyde structure (chemical pathway (24) 
in Fig. 10). This reaction scheme for carboxyl group formation was well-established by the 
following researchers [12, 21, 31, 36, 46, 61, 65], most of whom did not specify its position on 
the pyran-ring. The possible chemical pathways for cellulose primary reactions and volatile 
secondary cracking are systematically summarized by Shen and Gu [21], giving a number of 
pathways for the formation of these low molecular weight oxygenated compounds.  
3.2.2.3. Light species/gases 
CO and CO2 are regarded as the most dominant gas species in the gaseous product from 
cellulose pyrolysis, accounting for approximately 90% by weight of total gas products [12, 
21, 31, 44, 47, 67-69, 98]. Hajaligol et al. presented that above 750 oC CO (more than 15% by 
weight of the fed) was the most abundant gaseous product from rapid pyrolysis of cellulose 
in the screen-heating reactor, while CO2 (around 3% by weight of fed) was the second 
abundant species in gaseous product [44]. The result is agreed by Graham [69] that CO is 
observed as the single most prevalent gas species with the yield of 63% mole percent of the 
product gas at the reaction temperature of 700 oC in the entrained down-flow reactor. 
 
The Overview of Thermal Decomposition of Cellulose in Lignocellulosic Biomass 215 
Comparatively, Aho et al. [47] obtained the higher yield of CO2 than that of CO from the 
cellulose fast pyrolysis in a fluidized bed reactor at the temperature of 460 oC. The above 
phenomena are all evidenced by Piskorz et al. studying cellulose fast pyrolysis under the 
temperature of 450 oC, 500 oC and 550 oC in a fluidized bed reactor [12], finding that CO2 is 
predominant over CO in the gaseous product as the reaction temperature is lower than 500 
oC, but above 500 oC CO turns to be dominant over CO2. The different result is reported by 
Shen and Gu [21] studying cellulose pyrolysis in a fluidized bed reactor, observing that the 
yield of CO is dominant over that of CO2 in spite of the reaction temperature. Although the 
predominance of CO and CO2 in gaseous product from cellulose pyrolysis against the 
variation of temperature is still controversial, the yield of CO is confirmed to be enhanced 
by the elevated reaction temperature while that of CO2 is slightly changed [12, 18, 21, 31, 44, 
46]. The established explanation is that CO2 is the primary product mainly formed at the low 
temperature stage, while CO is produced of large proportion from secondary tar 
decomposition steadily enhanced by the increased temperature.  
Mok and Antal [68] investigated the effect of residence time on the yield of main gas 
products from cellulose pyrolysis at the pressure of 5 psig, concluding that CO2 formation 
was notably enhanced by the longer residence time while CO was inhibited. The different 
result is reported by Liao [31] that CO is remarkably favored by the longer residence time 
while CO2 is changed slightly, which is further confirmed by Shen and Gu [21]. Evans et al. 
[89] proposed that carboxyl group formed through hydration of ketene structure is the 
precursor for producing CO2, while CO is mainly produced through the decarbonylation 
reaction of aldehyde-type species. Since the ketene structure, which is related to the 
formation of acidic compounds (containing carboxyl group), is mainly formed during the 
low temperature stage, CO2 is approved to be the primary product of cellulose pyrolysis, 
and thus it is not remarkably influenced by reaction temperature. Comparatively, high 
reaction temperature favors the vigorous secondary tar cracking reactions, especially the 
carbonyl-group containing fragments, in order to enhance the formation of CO steadily and 
rapidly. This reaction mechanism is summarized from the results of the researchers [12, 18, 
21, 31, 37, 46, 89], however the preference of the carbon on the pyran-ring for CO and CO2 
formation is not specified. From the study of thermal decomposition of levoglucosan, 
Shafizadeh and Lai [79] suggested that CO2 was produced primarily from C-1 and C-2 
position as well as hydroxyacetaldehyde, while the production of CO was less specific, but 
the information for cellulose pyrolysis is not ruled out.  
It needs to be noted that the mole fraction of hydrogen (H2) is also important as well as CO 
and CO2 and constitutes approximately 21% of the product gas at the reaction temperature 
of 900 oC in the study of Garham et al. [69]. Quantitatively similar result is reported by 
Hajaligol et al. [44], also finding that the yield of H2 is noticeably increased at the high 
temperature (more than 800 oC), while no hydrogen is observed at the low reaction 
temperatures. This implies that high reaction energy is required for the formation of 
hydrogen through the secondary tar cracking reaction. Li et al. [18] proposed that 
formaldehyde is precursor for hydrogen formation, together with the evolution of CO 
through the secondary cracking at around 550 oC. The same chemical scheme is proposed 
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Liao [31] studying cellulose pyrolysis in the fixed bed reactor and the fluidized bed reactor 
respectively, obtaining the range of acetol yield by weight of liquid product from 0.8% to 6% 
at the temperature from 450 oC to 930 oC.  
In 1972, Shafizadeh and Lai [79] proposed the possible chemical pathway for acetol 
formation from levoglucosan decomposition as the rearrangement of the four-carbon 
fragment from the primary pyran-ring cleavage, while the other two-carbon fragment might 
be the precursor for hydroxyacetaldehyde. The similar reaction scheme is reported by Byrne 
et al. in 1966 [78] and proposed again by Piskorz et al. [12] in 1986. Meanwhile, the 
pyruvaldehyde was also proposed to be formed through the rearrangement of the four-
carbon fragment, competing with the formation of acetol (Fig. 10). It could be found that 
enol-structure from the dehydration between the conjunct carbon is the intermediate for the 
acetone-structure, while the dehydration is between C-5 and C-6 for acetol formation and 
between C-4 and C-5 for pyruvaldehyde formation. According to Benson’s rules on energy 
grounds [97], acetol should be favored over the alternative possibility of pyruvaldehyde. 
This speculation is evidenced by Piskorz [12], Liao [31] and Shen and Gu [21] studying 
cellulose fast pyrolysis in fixed bed reactor or fluidized bed reactor, obtaining higher yield 
of acetol over pyruvaldehyde (Fig. 9 and Fig. 10). Moreover, other chemical pathways for 
acetol and pyruvaldehyde formation from the five-carbon fragment or ring-opened six-
carbon intermediate are proposed by Liao [31], which are then summarized in levoglucosan 
secondary cracking pathways by Shen and Gu [21]. However, the prevalent one for their 
formation, which might be affected by experimental conditions, is not specified, while their 
secondary cracking to CO and aldehyde-compounds could be readily determined. 
Among a number of the detectable pyrolysis products from cellulose, some products, such 
as acetic acid, aldehyde, methanol, formaldehyde and so on, are less frequently discussed in 
the literature due to their low yields [12, 31, 44, 46, 64, 68, 69, 98]. In an investigation of the 
formation of acidic product, Kang et al. [99] proposed a mechanism of hydration of ketene 
which is formed from the dehydration of alcohol-aldehyde structure (chemical pathway (24) 
in Fig. 10). This reaction scheme for carboxyl group formation was well-established by the 
following researchers [12, 21, 31, 36, 46, 61, 65], most of whom did not specify its position on 
the pyran-ring. The possible chemical pathways for cellulose primary reactions and volatile 
secondary cracking are systematically summarized by Shen and Gu [21], giving a number of 
pathways for the formation of these low molecular weight oxygenated compounds.  
3.2.2.3. Light species/gases 
CO and CO2 are regarded as the most dominant gas species in the gaseous product from 
cellulose pyrolysis, accounting for approximately 90% by weight of total gas products [12, 
21, 31, 44, 47, 67-69, 98]. Hajaligol et al. presented that above 750 oC CO (more than 15% by 
weight of the fed) was the most abundant gaseous product from rapid pyrolysis of cellulose 
in the screen-heating reactor, while CO2 (around 3% by weight of fed) was the second 
abundant species in gaseous product [44]. The result is agreed by Graham [69] that CO is 
observed as the single most prevalent gas species with the yield of 63% mole percent of the 
product gas at the reaction temperature of 700 oC in the entrained down-flow reactor. 
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Comparatively, Aho et al. [47] obtained the higher yield of CO2 than that of CO from the 
cellulose fast pyrolysis in a fluidized bed reactor at the temperature of 460 oC. The above 
phenomena are all evidenced by Piskorz et al. studying cellulose fast pyrolysis under the 
temperature of 450 oC, 500 oC and 550 oC in a fluidized bed reactor [12], finding that CO2 is 
predominant over CO in the gaseous product as the reaction temperature is lower than 500 
oC, but above 500 oC CO turns to be dominant over CO2. The different result is reported by 
Shen and Gu [21] studying cellulose pyrolysis in a fluidized bed reactor, observing that the 
yield of CO is dominant over that of CO2 in spite of the reaction temperature. Although the 
predominance of CO and CO2 in gaseous product from cellulose pyrolysis against the 
variation of temperature is still controversial, the yield of CO is confirmed to be enhanced 
by the elevated reaction temperature while that of CO2 is slightly changed [12, 18, 21, 31, 44, 
46]. The established explanation is that CO2 is the primary product mainly formed at the low 
temperature stage, while CO is produced of large proportion from secondary tar 
decomposition steadily enhanced by the increased temperature.  
Mok and Antal [68] investigated the effect of residence time on the yield of main gas 
products from cellulose pyrolysis at the pressure of 5 psig, concluding that CO2 formation 
was notably enhanced by the longer residence time while CO was inhibited. The different 
result is reported by Liao [31] that CO is remarkably favored by the longer residence time 
while CO2 is changed slightly, which is further confirmed by Shen and Gu [21]. Evans et al. 
[89] proposed that carboxyl group formed through hydration of ketene structure is the 
precursor for producing CO2, while CO is mainly produced through the decarbonylation 
reaction of aldehyde-type species. Since the ketene structure, which is related to the 
formation of acidic compounds (containing carboxyl group), is mainly formed during the 
low temperature stage, CO2 is approved to be the primary product of cellulose pyrolysis, 
and thus it is not remarkably influenced by reaction temperature. Comparatively, high 
reaction temperature favors the vigorous secondary tar cracking reactions, especially the 
carbonyl-group containing fragments, in order to enhance the formation of CO steadily and 
rapidly. This reaction mechanism is summarized from the results of the researchers [12, 18, 
21, 31, 37, 46, 89], however the preference of the carbon on the pyran-ring for CO and CO2 
formation is not specified. From the study of thermal decomposition of levoglucosan, 
Shafizadeh and Lai [79] suggested that CO2 was produced primarily from C-1 and C-2 
position as well as hydroxyacetaldehyde, while the production of CO was less specific, but 
the information for cellulose pyrolysis is not ruled out.  
It needs to be noted that the mole fraction of hydrogen (H2) is also important as well as CO 
and CO2 and constitutes approximately 21% of the product gas at the reaction temperature 
of 900 oC in the study of Garham et al. [69]. Quantitatively similar result is reported by 
Hajaligol et al. [44], also finding that the yield of H2 is noticeably increased at the high 
temperature (more than 800 oC), while no hydrogen is observed at the low reaction 
temperatures. This implies that high reaction energy is required for the formation of 
hydrogen through the secondary tar cracking reaction. Li et al. [18] proposed that 
formaldehyde is precursor for hydrogen formation, together with the evolution of CO 
through the secondary cracking at around 550 oC. The same chemical scheme is proposed 
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again by Liao [31], Hosoya [37] and Shen and Gu [21], also giving the possible chemical 
pathway for hydrocarbons formation through the decarbonylation of aldehyde-type 
compounds together with the production of CO. It is also observed that both hydrogen and 
hydrocarbons formation are favored by the elevated temperature, confirming the 
enhancement of temperature on the secondary tar cracking reactions proposed above 
together with the evolution of CO. Since hydrogen is the important synthesis gas for 
methanol and other synthesis, the new methods coupled with thermal technology but with 
low heating energy input, such as catalytic hydrothermal conversion technology [100-102], 
are attracting global interests to specify the hydrogen formation from cellulose.  
The typical compounds from cellulose pyrolysis are extensively discussed in the above 
studies, regarding the variation of the yield with experimental conditions (residence time 
and temperature), and the possible chemical pathways for their formation and cracking. It is 
commonly accepted that levoglucosan is the most prevalent product in the primary volatiles 
from cellulose pyrolysis, which could be further decomposed into various low molecular 
weight compounds (C2-4 compounds or light gases). However, the preference of the various 
primary reactions and secondary tar (especially levoglucosan) cracking reactions under 
widely varied experimental conditions with or without the catalysts needs to be further 
determined, in order to identify and promote the specific compound formation. The 
commonly-accepted chemical pathways need to be essentially estimated through advanced 
theory and/or technology analysis, such as molecular dynamic simulation (MDS). 
4. The interactions among the components in lignocellulosic biomass 
under pyrolytic conditions 
The constituent polymers from lignocellulosic biomass, i.e. polysaccharides (cellulose and 
hemicellulose) and lignin, are pyrolyzed in different ways [30]. The polysaccharides form 
anhydraosugars, furans, aldehydes, ketones and carboxylic acids as their primary volatile 
products, while the volatiles from lignin mainly consist of the low molecular weight 
aromatic compounds with guaiacyl-units or phenolic-units. To date, many researchers have 
extensively studied the pyrolysis of the real biomass and proposed reaction models by 
assuming that pyrolysis of the main chemical components (cellulose, hemicellulose and 
lignin) takes place independently without interactions among the three components [103-
107]. They stated that pyrolysis of biomass can be explained based on a linear superposition 
of that of the three components. Yang et al. [108] presented that the pyrolysis of the 
synthesized biomass samples containing two or three of the biomass components indicated 
negligible interaction among the components. A computational approach was made firstly 
to predict the weight loss of a synthesized biomass from its composition in cellulose, 
hemicellulose and lignin, and secondly to predict the proportions of the three components 
of a biomass. The results calculated for the weight loss of the synthesized biomass are quite 
consistent with the experimental results. However, results for predicting the composition 
of the biomass in terms of cellulose, hemicellulose and lignin were not very satisfactory, 
possibly due to the ignorance of interactions among the components. From the 
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morphological view of the plant cell-wall as discussed in section 2, the main chemical 
components (cellulose, hemicellulose and lignin) would not perform individually without 
the intrinsic interactions during the pyrolysis of the whole biomass system [3, 5, 109, 110]. 
The interactions among the chemical components of woody biomass under pyrolytic 
conditions are of growing interests during recent years, in order to gain better 
understanding of the pyrolytic mechanism of the whole biomass system from the pyrolysis 
of individual component [109, 111-113].  
Hosoya et al. [109] investigated cellulose-hemicellulose and cellulose-lignin interactions 
during pyrolysis at gasification temperature of 800 oC for 30 s in a tube reactor, while 
cellulose sample mixed with hemicellulose (2:1, wt/wt) was prepared by grinding cellulose-
hemicellulose mixture in mortar and cellulose sample mixed with MWL (milled wood 
lignin) (2:1, wt/wt) was prepared by adding cellulose to the 1,4-dioxane solution (0.5 ml) of 
MWL followed by evaporation of the solvent. In the cellulose-hemicellulose pyrolysis, the 
experimental and estimated yields were not different so much although the tar (total) yield 
tended to decrease slightly with small increase in the char yields by mixing. The results 
indicate that cellulose-hemicellulose interaction is not significant in gas, tar and char yields. 
In the cellulose-MWL pyrolysis, more significant deviations were observed between the 
experimental and estimated yields of char and tar fractions; char yield decreased with the 
increasing yield of the tar total fraction by mixing. Tar composition was also substantially 
affected by mixing cellulose with MWL, presenting that the yield of the i-PrOH-soluble 
fraction substantially increased from 52.1% to 68% while the yield of water-soluble fractions 
substantially decreased from 14.5% to 2.8%. These results suggest that nature of the tar 
fraction is significantly altered from the water-soluble to i-PrOH-soluble products by the 
mixing of cellulose with MWL.  
Moreover, the interactions among the components for the characteristic secondary char-
forming were also investigated, involving the photographs of the reactors after pyrolysis 
and tar extraction [109]. The wood polysaccharide samples form the secondary char at the 
upper side of the reactor while vapor phase carbonization of the products from lignin leads 
to the formation of secondary char from the bottom to upper side continuously. In cellulose-
hemicellulose pyrolysis, these char-forming behaviors were explainable as combined 
behaviors of the individual cellulose and hemicellulose pyrolysis. On the other hand, the 
cellulose –MWL pyrolysis substantially reduced the vapor phase secondary char formation 
from MWL.  
Time profile of evolution rates of gas and tar in steam gasification of model biomass samples 
at the temperature of 673 K were examined by Fushimi et al. [114] using a continuous 
craoss-flow moving bed type differential reactor to elucidate the interaction among the 
major biomass components (cellulose, xylan and lignin) during gas and tar evolution. Two 
types of model biomass samples (sample A: mixture of cellulose (65%) and lignin (35%) with 
a ball-mill for 5 h; sample B: mixture of cellulose (50%), xylan (23%) and lignin (27%) with a 
ball-mill for 5 h) were used for the experiment. In steam gasification of sample A, the 
evolution of water-soluble tar and gaseous products (CO, H2, CH4 and C2H4) are 
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again by Liao [31], Hosoya [37] and Shen and Gu [21], also giving the possible chemical 
pathway for hydrocarbons formation through the decarbonylation of aldehyde-type 
compounds together with the production of CO. It is also observed that both hydrogen and 
hydrocarbons formation are favored by the elevated temperature, confirming the 
enhancement of temperature on the secondary tar cracking reactions proposed above 
together with the evolution of CO. Since hydrogen is the important synthesis gas for 
methanol and other synthesis, the new methods coupled with thermal technology but with 
low heating energy input, such as catalytic hydrothermal conversion technology [100-102], 
are attracting global interests to specify the hydrogen formation from cellulose.  
The typical compounds from cellulose pyrolysis are extensively discussed in the above 
studies, regarding the variation of the yield with experimental conditions (residence time 
and temperature), and the possible chemical pathways for their formation and cracking. It is 
commonly accepted that levoglucosan is the most prevalent product in the primary volatiles 
from cellulose pyrolysis, which could be further decomposed into various low molecular 
weight compounds (C2-4 compounds or light gases). However, the preference of the various 
primary reactions and secondary tar (especially levoglucosan) cracking reactions under 
widely varied experimental conditions with or without the catalysts needs to be further 
determined, in order to identify and promote the specific compound formation. The 
commonly-accepted chemical pathways need to be essentially estimated through advanced 
theory and/or technology analysis, such as molecular dynamic simulation (MDS). 
4. The interactions among the components in lignocellulosic biomass 
under pyrolytic conditions 
The constituent polymers from lignocellulosic biomass, i.e. polysaccharides (cellulose and 
hemicellulose) and lignin, are pyrolyzed in different ways [30]. The polysaccharides form 
anhydraosugars, furans, aldehydes, ketones and carboxylic acids as their primary volatile 
products, while the volatiles from lignin mainly consist of the low molecular weight 
aromatic compounds with guaiacyl-units or phenolic-units. To date, many researchers have 
extensively studied the pyrolysis of the real biomass and proposed reaction models by 
assuming that pyrolysis of the main chemical components (cellulose, hemicellulose and 
lignin) takes place independently without interactions among the three components [103-
107]. They stated that pyrolysis of biomass can be explained based on a linear superposition 
of that of the three components. Yang et al. [108] presented that the pyrolysis of the 
synthesized biomass samples containing two or three of the biomass components indicated 
negligible interaction among the components. A computational approach was made firstly 
to predict the weight loss of a synthesized biomass from its composition in cellulose, 
hemicellulose and lignin, and secondly to predict the proportions of the three components 
of a biomass. The results calculated for the weight loss of the synthesized biomass are quite 
consistent with the experimental results. However, results for predicting the composition 
of the biomass in terms of cellulose, hemicellulose and lignin were not very satisfactory, 
possibly due to the ignorance of interactions among the components. From the 
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morphological view of the plant cell-wall as discussed in section 2, the main chemical 
components (cellulose, hemicellulose and lignin) would not perform individually without 
the intrinsic interactions during the pyrolysis of the whole biomass system [3, 5, 109, 110]. 
The interactions among the chemical components of woody biomass under pyrolytic 
conditions are of growing interests during recent years, in order to gain better 
understanding of the pyrolytic mechanism of the whole biomass system from the pyrolysis 
of individual component [109, 111-113].  
Hosoya et al. [109] investigated cellulose-hemicellulose and cellulose-lignin interactions 
during pyrolysis at gasification temperature of 800 oC for 30 s in a tube reactor, while 
cellulose sample mixed with hemicellulose (2:1, wt/wt) was prepared by grinding cellulose-
hemicellulose mixture in mortar and cellulose sample mixed with MWL (milled wood 
lignin) (2:1, wt/wt) was prepared by adding cellulose to the 1,4-dioxane solution (0.5 ml) of 
MWL followed by evaporation of the solvent. In the cellulose-hemicellulose pyrolysis, the 
experimental and estimated yields were not different so much although the tar (total) yield 
tended to decrease slightly with small increase in the char yields by mixing. The results 
indicate that cellulose-hemicellulose interaction is not significant in gas, tar and char yields. 
In the cellulose-MWL pyrolysis, more significant deviations were observed between the 
experimental and estimated yields of char and tar fractions; char yield decreased with the 
increasing yield of the tar total fraction by mixing. Tar composition was also substantially 
affected by mixing cellulose with MWL, presenting that the yield of the i-PrOH-soluble 
fraction substantially increased from 52.1% to 68% while the yield of water-soluble fractions 
substantially decreased from 14.5% to 2.8%. These results suggest that nature of the tar 
fraction is significantly altered from the water-soluble to i-PrOH-soluble products by the 
mixing of cellulose with MWL.  
Moreover, the interactions among the components for the characteristic secondary char-
forming were also investigated, involving the photographs of the reactors after pyrolysis 
and tar extraction [109]. The wood polysaccharide samples form the secondary char at the 
upper side of the reactor while vapor phase carbonization of the products from lignin leads 
to the formation of secondary char from the bottom to upper side continuously. In cellulose-
hemicellulose pyrolysis, these char-forming behaviors were explainable as combined 
behaviors of the individual cellulose and hemicellulose pyrolysis. On the other hand, the 
cellulose –MWL pyrolysis substantially reduced the vapor phase secondary char formation 
from MWL.  
Time profile of evolution rates of gas and tar in steam gasification of model biomass samples 
at the temperature of 673 K were examined by Fushimi et al. [114] using a continuous 
craoss-flow moving bed type differential reactor to elucidate the interaction among the 
major biomass components (cellulose, xylan and lignin) during gas and tar evolution. Two 
types of model biomass samples (sample A: mixture of cellulose (65%) and lignin (35%) with 
a ball-mill for 5 h; sample B: mixture of cellulose (50%), xylan (23%) and lignin (27%) with a 
ball-mill for 5 h) were used for the experiment. In steam gasification of sample A, the 
evolution of water-soluble tar and gaseous products (CO, H2, CH4 and C2H4) are 
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significantly suppressed by the interaction between cellulose and lignin. The primary 
(initial) decomposition of lignin is hindered by the interaction with pyrolysate of cellulose, 
which is different from the result from Hosoya et al. [115]. The CO2 evolution appreciably 
enhanced and the evolution of water-soluble tar delays. These results may imply that the 
volatilization of water soluble tar derived from cellulose is suppressed by lignin and then 
the decomposition of char derived from polymerized saccharides and lignin takes place, 
emitting mainly CO2.  
In order to establish a link of the pyrolysis gas yield from the biomass and its main 
compositions, experimental flash pyrolysis of several biomasses and the model compounds 
(xylan, cellulose and lignin) at a temperature of 950 oC with a gas residence time of about 2 s 
was carried out by Couhert et al. [113] using an entrained flow reactor (EFR). The 
synthesized biomass by mixing the three components is described as simple mix where the 
products are mixed in equal mass proportion with a spatula in a container, and intimate mix 
where the components were mixed and then co-ground to thin elements using a laboratory 
ball mill. During the pyrolysis of simple mixes, the three components devolatilized 
separately. Interactions are likely to occur outside the particles. During the pyrolysis of 
intimate mixes, reactions can occur outside the particles in the same way as during the 
pyrolysis of simple mixes but additional interactions may occur inside the particles. As one 
component devolatilizes inside the particle, it is submitted to an atmosphere with very high 
concentrations in gas and condensable vapors; the gases formed are in close contact with the 
solids of other components. There are also probably interactions inside the particles because 
CO2 yield of intimate mix is higher than CO2 yield of simple mix. An attempt was then made 
to predict gas yields of any biomass according to its composition, but an additivity law does 
not allow the gas yields of a biomass to be correlated with its fractions of cellulose, 
hemicellulose and lignin. It is concluded that interactions occur between compounds and 
that mineral matter influences the pyrolysis process. 
It is confirmed that the interactions among the components of wood under pyrolysis 
conditions are insufficiently investigated in the literature. Some issues concerning the 
interactions among components need to be further addressed for gaining better 
understanding in this field: 1) the component-mixed sample to simulate/represent the 
original physico-chemical information among the components in the real biomass; 2) the 
effect of experimental conditions (temperature, residence time, pressure and so on) and 
reactor type on the interactions among the components during pyrolysis; 3) specificity of the 
chemical mechanisms of the interactions among the components in vapor-phase, 
solid/liquid-phase or morphological-phase. This would be beneficial for expressing 
pyrolysis of biomass through the pyrolysis of individual components in biomass.  
5. Conclusions and the way-forward 
The cell-wall model for lingocellulosic biomass, divided into three main zones, is well –
established to represent its morphological structure and distribution of the prominent 
chemical components (hemicellulose, cellulose and lignin) in different zones. This would 
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facilitate the direct utilization of biomass as bio-material and the improvement of the 
conversion process of biomass to fuels and chemicals. It needs to be noted that the existed 
cell-wall model is mostly applicable for woody biomass, while that for other lignocellulosic 
biomass (such as crops, straws and grass) should be further identified.  
For on-line pyrolysis of cellulose, the initial stage of the cellulose pyrolysis, mainly related to 
the intermolecular hydrogen bonding and that between the different molecular chains, 
needs to be clarified for gaining better understanding of the whole pyrolytic behavior of 
cellulose. The kinetic models for the cellulose pyrolysis are improved toward track the mass 
loss process of solid along with the formation of the typical products with help of the 
advanced analytic instruments (such as FTIR, GC, NMR and so on). For off-line pyrolysis of 
cellulose, the yield of the products is tightly allied to the reactor type, temperature, 
residence time and condensing method. The preference of the various primary reactions and 
secondary tar (especially levoglucosan) cracking reactions under widely varied 
experimental conditions with or without the catalysts needs to be further determined, in 
order to identify and promote the specific compound formation.  
The interactions among the main chemical components of lignocellulosic biomass under 
pyrolytic conditions are remarkably evidenced, regarding the differences between the 
estimated yield of products and variation of the specific compositions and the experimental 
data. This proves that the interactions among the components should be significantly 
considered for gaining better understanding of the pyrolysis of the biomass system. The 
component-mixed sample representing the original physico-chemical information between 
the components in real biomass is required for revealing the intrinsic interaction mechanism 
between them under the pyrolytic condition, favoring to predict the pyrolytic behavior of 
biomass from pyrolysis of its individual components. 
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significantly suppressed by the interaction between cellulose and lignin. The primary 
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which is different from the result from Hosoya et al. [115]. The CO2 evolution appreciably 
enhanced and the evolution of water-soluble tar delays. These results may imply that the 
volatilization of water soluble tar derived from cellulose is suppressed by lignin and then 
the decomposition of char derived from polymerized saccharides and lignin takes place, 
emitting mainly CO2.  
In order to establish a link of the pyrolysis gas yield from the biomass and its main 
compositions, experimental flash pyrolysis of several biomasses and the model compounds 
(xylan, cellulose and lignin) at a temperature of 950 oC with a gas residence time of about 2 s 
was carried out by Couhert et al. [113] using an entrained flow reactor (EFR). The 
synthesized biomass by mixing the three components is described as simple mix where the 
products are mixed in equal mass proportion with a spatula in a container, and intimate mix 
where the components were mixed and then co-ground to thin elements using a laboratory 
ball mill. During the pyrolysis of simple mixes, the three components devolatilized 
separately. Interactions are likely to occur outside the particles. During the pyrolysis of 
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component devolatilizes inside the particle, it is submitted to an atmosphere with very high 
concentrations in gas and condensable vapors; the gases formed are in close contact with the 
solids of other components. There are also probably interactions inside the particles because 
CO2 yield of intimate mix is higher than CO2 yield of simple mix. An attempt was then made 
to predict gas yields of any biomass according to its composition, but an additivity law does 
not allow the gas yields of a biomass to be correlated with its fractions of cellulose, 
hemicellulose and lignin. It is concluded that interactions occur between compounds and 
that mineral matter influences the pyrolysis process. 
It is confirmed that the interactions among the components of wood under pyrolysis 
conditions are insufficiently investigated in the literature. Some issues concerning the 
interactions among components need to be further addressed for gaining better 
understanding in this field: 1) the component-mixed sample to simulate/represent the 
original physico-chemical information among the components in the real biomass; 2) the 
effect of experimental conditions (temperature, residence time, pressure and so on) and 
reactor type on the interactions among the components during pyrolysis; 3) specificity of the 
chemical mechanisms of the interactions among the components in vapor-phase, 
solid/liquid-phase or morphological-phase. This would be beneficial for expressing 
pyrolysis of biomass through the pyrolysis of individual components in biomass.  
5. Conclusions and the way-forward 
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facilitate the direct utilization of biomass as bio-material and the improvement of the 
conversion process of biomass to fuels and chemicals. It needs to be noted that the existed 
cell-wall model is mostly applicable for woody biomass, while that for other lignocellulosic 
biomass (such as crops, straws and grass) should be further identified.  
For on-line pyrolysis of cellulose, the initial stage of the cellulose pyrolysis, mainly related to 
the intermolecular hydrogen bonding and that between the different molecular chains, 
needs to be clarified for gaining better understanding of the whole pyrolytic behavior of 
cellulose. The kinetic models for the cellulose pyrolysis are improved toward track the mass 
loss process of solid along with the formation of the typical products with help of the 
advanced analytic instruments (such as FTIR, GC, NMR and so on). For off-line pyrolysis of 
cellulose, the yield of the products is tightly allied to the reactor type, temperature, 
residence time and condensing method. The preference of the various primary reactions and 
secondary tar (especially levoglucosan) cracking reactions under widely varied 
experimental conditions with or without the catalysts needs to be further determined, in 
order to identify and promote the specific compound formation.  
The interactions among the main chemical components of lignocellulosic biomass under 
pyrolytic conditions are remarkably evidenced, regarding the differences between the 
estimated yield of products and variation of the specific compositions and the experimental 
data. This proves that the interactions among the components should be significantly 
considered for gaining better understanding of the pyrolysis of the biomass system. The 
component-mixed sample representing the original physico-chemical information between 
the components in real biomass is required for revealing the intrinsic interaction mechanism 
between them under the pyrolytic condition, favoring to predict the pyrolytic behavior of 
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